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Introduction: 

In maintaining homeostasis, multicellular organisms tightly couple the rate of cell 

proliferation and death. Disruption of this fine balance leads to several life-threatening 

diseases such as cancer and neurodegenerative disorders. Cancer, which is characterized by a 

breakdown in cellular apoptotic machinery, might occur due to alteration of structural and 

functional properties of critical proteins in the apoptotic pathway which is closely related to 

the genesis and progression of this deadly disease. 

 Tremendous progress in apoptotic research has occurred to understand the apoptotic 

pathways with an aim at targeting them for therapeutic intervention. Recently, human 

papillomavirus (HPV) early protein E2 and human serine protease HtrA2 have been reported 

to trigger novel alternate pathways of apoptosis (1,2). Therefore, characterizing the structural 

and functional properties of these proapoptotic proteins will help understand the apoptotic 

pathway better and might open new avenues in cancer research.  

Part-I) Structural and functional characterization of human papillomavirus E2 protein 

High risk HPV-18 E2 protein has been found to induce apoptosis via direct interaction with 

procaspase-8 through a unique pathway that bypasses homotypic interactions between death 

domains of proteins in death inducing signaling complex (DISC) (1,3). Our aim was to 

delineate the mechanism of interaction between HPV18 E2 and procaspase-8 as well as to 

understand how it aids in E2-induced apoptosis.   

 

Objectives:  

1. To identify minimal binding regions and critical residues involved in the E2-procaspase-

8 interaction and understanding mechanism of caspase activation. 

2. To design interface mutants and study the effect on procaspase activation and apoptosis. 
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Methodology: 

The gene of interest was cloned in bacterial or mammalian expression vectors and site- 

directed mutagenesis was performed to introduce desired mutations. Recombinant proteins 

were expressed and purified using different chromatography techniques including affinity and 

size-exclusion, and their percentage purity was determined using SDS-PAGE. Protein-protein 

interaction analysis was carried out using pull-down and co-immunoprecipitation (Co-IP) 

assays. Biophysical probes, such as circular dichroism, fluorescence spectroscopy, dynamic 

light scattering and mass spectrometry were used to characterize mutant and wild-type 

proteins. Structural analysis was also carried out using computational approach such as 

molecular modeling, docking and simulation.  

Results: 

1. Mapping the minimal binding region and critical residues involved in the interaction 

From in-vitro studies we identified that HPV18 E2 transactivation domain (TAD) strongly 

associates with death effector domain (DED)-B of procaspase-8. In order to map the minimal 

binding region we generated deletion constructs comprising different combination of six α-

helices of DED-B and performed pull-down assay. From this analysis we determined that α2 

and/ or α5 helices of DED-B are important in mediating E2-procaspase-8 interaction.  

1.1  In silico prediction of E2-procaspase-8 binding interface 

The MC159 viral FLIP (vFLIP) crystal structure (PDB entry 2BBR) provides an excellent 

template to study the structure function relationship of tandem DED containing proteins (4). 

The procaspase-8 tandem DED is 48% similar in sequence to the MC159 vFLIP. Therefore, 

by homology modeling we generated the structure of caspase-8 DED using Modeller 9v7. 

HPV18 E2 TAD structure was also modeled for the first 65 missing residues in crystal 

structure (PDB ID. 2QQH) using HPV16 E2 TAD (1DTO) as the template. From protein-

protein docking we determined that the interface between DED and E2 TAD complex 
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notably involved residues from α2 and/ or α5 of DED-B, which very well corroborated with 

our in vitro deletion mutagenesis data.  

1.2 Identification of critical residues in E2 for procaspase-8 binding 

To identify the critical residues, we introduced series of mutations in E2 TAD and performed 

pull-down assay. It was found that R41, W42 and F48 are the key residues involved in E2-

procaspase-8 interaction. Co-IP confirmed that E2 wild-type associates with procaspase-8 but 

the triple mutant does not. In addition, docking of mutant E2 with DED-B showed significant 

reduction in the docking score.  

1.3  Identification of critical residue in procaspase-8 for E2 binding 

Taking clues from deletion constructs, we targeted residues of α2 and/ or α5 helices of DED-

B. Series of mutations were carried out individually and in combination on these two helices 

to identify the key residues. Using single and combinatorial mutants we performed pull-down 

and Co-IP assay which identified that F122, L123 of α2 helix and D158, Q166 (α5 helix) are 

important in mediating E2-procaspase-8 interaction.  

 To further comprehend the interaction data, co-localization studies were carried out with 

ectopic expression of GFP-E2 and mcherry-procaspase-8 wild-type and their corresponding 

mutants. It was observed that E2 interaction with procaspase-8 results in the formation of 

cytoplasmic speckles, however, the mutants did not co-localize. Interestingly, DED-B 

interacts with E2, while DED-AB does not show any interaction. It has been reported that 

DED-AB over expression leads to formation of filamentous structure called as ‗death effector 

filaments‘ (5). We observed that DED-AB filaments did not interact with E2 suggesting that 

in process filament formation, the E2 binding site plausibly is unavailable. 

2. Delineating the mechanism of procaspase-8 activation 

In recent years, new insights into procaspase-8 activation, especially at the level of DED-

containing proteins are emerging (6). DISC assembly and caspase activation occurs mainly at 
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the level of DED-chain formation (7). Therefore, it was intriguing to understand the 

mechanism of DED filament formation and its involvement in procaspase-8 activation via E2 

mediated novel adaptor-independent pathway and classical FADD-dependent signaling. 

2.1 Understanding the mechanism of DED-chain assembly - a prerequisite for 

procaspase-8 activation 

To investigate the mechanism of DED-chain formation, structure-guided mutational analysis 

was carried out. From this study, we identified that the hydrophobic patch comprising 

residues F122, L123 termed as ‗FL motif‘ on DED-B and L42, F45 residues i.e. ‗LXXF-

motif‘ (where X represents any amino acid) from DED-A hetero-oligomerizes to form DED-

chain. Substitution of either of this motif resulted into complete abrogation of filament 

formation.  

2.2 Comparison of novel adaptor-independent pathway with the classical death 

receptor-mediated caspase activation 

To delineate the mechanism of classical death-receptor pathway, co-localization was carried 

out in HEK 293 cells, using ectopic expression of FADD and procaspase-8. Upon co-

expression, we observed that cytoplasmic diffused localization of procasapase-8 is 

transformed into co-localized short filaments. When we mutated the ‗FL-‘ or ‗LXXF-motif‘ 

of procaspase-8, it was observed that FL-motif mutant localized with FADD, whereas the 

LXXF-motif mutant did not. Thus, DED-A is involved in FADD-procaspase-8 interaction as 

opposed to DED-B observed in case of E2-mediated pathway. These observations were 

further tested with minimal binding domains and confirmed using Co-IP and in silico 

analyses. Overall, procaspase-8 preferentially engages FADD using α1/α4 surface and E2 via 

α2/α5 surface. Based upon these observations we propose that procaspase-8 is recruited to 

FADD via DED-A and E2 through its DED-B, subsequently initiating procaspase-8 chain 
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formation to allow proximity induced cleavage to release active caspase-8 and hence promote 

apoptosis. 

2.3 E2, a non- death-fold protein with death-fold characteristics 

It was intriguing as to how E2 adopts a death-fold behavior and behave as a potent binding 

partner of procaspase-8. In order to understand this, we characterized E2 TAD wild-type, 

single and double mutants corresponding to residues R41, W42. Secondary and tertiary 

structure analyses suggested that all the proteins have similar conformation. Size exclusion 

chromatography showed presence of small population of dimer in case of wild-type and 

single mutants whereas the double mutant was predominantly obtained as monomer. This 

was further confirmed using glutraldehyde cross-linking, dynamic light scattering, 

equilibrium unfolding and in silico studies.  

 From these studies we infer that E2 TAD can homo-dimerize however, has lesser 

stability and binding affinity compared to E2-procaspase-8 hetero-complex. Taken together, 

we propose that surface defined by helices α2/α3 of E2 TAD enables it to act as a pseudo 

death-fold adaptor protein having potential to homodimerize and interact with typical death-

fold domain of caspases, to induce caspase-8 oligomerization followed by its activation and 

cell death.  

2.4 Effect of interface mutations on procaspase activation and cell death 

Apoptosis assays were performed to determine percent cell death in presence of wild-type or 

the interface mutants. Measuring cell viability using flow cytometry and DNA ladder assay 

showed that there was significant reduction in cell death in mutants as compared to wild-type 

proteins. 

Summary: 

 Residues from α2 (R41, W42 and F51) of E2 and F122, L123 (α2) and D158, Q166 (α5) 

of procaspase-8 DED-B are essential for mediating E2-procaspase-8 interaction. 
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 The caspase-8 DED chain assembly involves hetero-oligomerization of DED-A and 

DED-B via LXXF and FL motif respectively.  

 In classical death-fold pathway, the binding surface defined by α2/α3 or α1/α4 helices of 

FADD-DED engages with α1/α4 helices of procaspase-8 DED-A.  

 HPV18 E2 TAD is weak dimer with the dissociation constant in the micromolar range 

and the dimerization interface comprises residues R41 and W42 from α helix-2. 

Conclusion: 

The high risk HPV18 E2 protein mediates caspase-8 dependent cell death probably by co-

operating with FADD to induce caspase-8 activation. The finding that a non-death fold 

protein E2 could induce caspase-8 activation opens new avenues in apoptosis research. 

Furthermore, identification of the critical residues involved in this interaction might help in 

designing novel E2 analogs with desired characteristics so as to modulate procaspase-8 

activation and hence cell death.  

Part-II) Structural and functional characterization of serine protease HtrA2 

HtrA2 (High temperature requirement A2) is a mitochondrial serine protease which 

antagonizes inhibitor of apoptosis proteins (IAPs) thereby activating caspases (8). It mediates 

apoptosis through classical pathways and also by a less understood caspase-independent 

mechanism (9). Looking into its complex trimeric three-dimensional structure (N-terminal 

domain, a serine protease domain and a PDZ domain) and trying to account for its low 

protease activity, researchers hypothesized a model which suggests intricate PDZ-protease 

coordination, rearrangement in their relative orientations and conformational changes at 

PDZ-protease interface as prerequisites for substrate cleavage (10). However, if this model is 

true, it might hold good only for subset of interactions since IAPs bind the N-terminal 

domain. This novel phenomenon unequivocally demonstrates existence of multiple or 

complex mechanism of HtrA2 activation involving PDZ and other regions of the protein. 
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Therefore, our aim was to address this complex behavior toward defining its global mode of 

regulation and protease activity.  

Objectives: 

1. To identify protein-protein interaction sites of HtrA2 and IAP and determine the role of 

IAPs in activation of HtrA2 protease activity  

2. To compare specificity & catalytic efficiency of HtrA2 upon IAP protein/peptide and 

PDZ peptide binding. 

3. To delineate the global conformational changes and active-site orientation following IAP 

protein/peptide binding. 

Methodology: 

Different constructs were generated using cloning and site-directed mutagenesis. 

Recombinant proteins were expressed, purified and characterized using biophysical probes 

such as circular dichroism, fluorescence spectroscopy. In vitro interaction analysis was 

carried out by pull-down assay, isothermal titration calorimetry and surface plasmon 

resonance techniques. Steady-state enzyme kinetic parameters were determined using FITC-

labelled β-casein substrate, a well established model substrate of HtrA proteases. 

Results: 

1.  Interaction analysis and elucidating the role of IAPs in activation of HtrA2  

a)  Determination of the proteolytic activity of HtrA2 in presence of IAPs  

To assess any role of IAPs on HtrA2 activity, we determined the initial velocity (v0) of HtrA2 

as a function of increasing XIAP concentration, using fixed amount of enzyme and substrate 

β-casein. It was observed that in absence of XIAP, HtrA2 displayed maximum velocity (Vmax) 

of 0.8 x10
-9

 Ms
-1 

which significantly increased in presence of XIAP. We also tested the 

protease activity in presence of BIR2 or BIR3 as well as peptides corresponding to IBM 

(IAP-binding motif) groove of these two minimal binding domains. It was observed that in 
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presence of BIR2, the cleavage rate was similar to full length XIAP; however, the former 

achieved so at the expense of four-fold more protein concentration. 

b)  Interaction analysis  

To quantify the kinetics of the complex formation, surface plasmon resonance technique was 

used. Kinetic analysis of the binding data for BIR2 and 3 demonstrated apparent equilibrium 

dissociation constants (KD) of 54 ± 8 nM and 254 ± 18 nM respectively, suggesting that BIR2 

has higher affinity compared to BIR3. 

2 Determining specificity and catalytic efficiency of HtrA2  

a)  Steady-state kinetic parameters for HtrA2 in presence of XIAP 

To determine the steady-state kinetic parameters, we measured initial rates of substrate 

cleavage in absence or presence of XIAP proteins/peptides. Upon pre-incubation of HtrA2 

with XIAP, the catalytic efficiency increased about three-fold and Hill constant was reduced, 

suggesting greater stabilization of the relaxed state of protease upon IAP binding. It was 

observed that in presence of XIAP, there is an increase in Vmax without significant alteration 

in Km which indicates that HtrA2 likely follows ‗V system‘ of allosteric modulation (11). 

b) Comparison of the catalytic efficiency upon N- or C-termini induced activation  

To understand whether XIAP-mediated activation of HtrA2 requires any direct involvement 

of PDZ domain, enzymatic parameters for PDZ lacking variant (HtrA2
∆PDZ

) and PDZ-peptide 

groove mutant were determined. The catalytic efficiency of these variants was lower 

compared to wild-type HtrA2 due to loss of C-terminal substrate binding, allosteric 

modulation and hence cleavage. However, interestingly, addition of XIAP to HtrA2
∆PDZ 

or 

PDZ-groove mutant enhanced the cleavage rate to a fold increase similar to wild-type HtrA2 

(~2.8-fold) with concomitant decrease in cooperativity. Thus, N-terminal ligand is capable of 

inducing conformational changes in protease domain to form an active conformer. 

3. Delineating the global conformational changes following IAP binding 
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a)  Monitoring conformational dynamics using in silico approach 

With an aim to understand the conformational changes that govern HtrA2 activity upon IAP 

binding, we performed molecular dynamics (MD) simulation of BIR3pep-HtrA2
∆PDZ

 bound 

and peptide-unbound forms. It was found that BIR3pep-HtrA2
∆PDZ

 demonstrated significant 

difference in conformation and dynamics compared to unbound HtrA2. The rmsf plot of the 

trajectories for the bound form showed higher fluctuations in the regulatory loops LA, LD 

and L3. Further in-depth analyses of the structural changes were performed by superposition 

of energy minimized peptide-bound HtrA2 with the unbound form. 

b)  Structural evaluation of peptide bound and unbound HtrA2 

Structural analyses showed that binding of peptide molecule led to stabilization of oxyanion 

hole and proper positioning of the catalytic triad (Asp65:His95:Ser173). The disorder-to-

order transition of loops LD, L3 and L1 coordinate to bring about the observed concerted 

rearrangements in and around the active-site, which most likely causes activation of HtrA2 

upon IAP binding. Based upon these observations we propose a simplistic model of HtrA2 

activation. The model assumes that HtrA2 exists in an equilibrium of inactive (E) and most 

active (E*) states. The complex allosteric propagation mediated upon binding of N- and C-

terminal ligands synergistically transforms the protease into the most active conformer.  

Conclusion: 

Based upon the structural and functional analyses of HtrA2, we clearly demonstrate how 

precise coordination between ligand binding and flexible loop movements at a site distal from 

catalytic pocket regulates HtrA2 proteolytic activity. Ligand binding at the N-terminal IAP-

binding motif of HtrA2 triggers an allosteric signal essential for the formation of the most 

active state of the protease in a PDZ-independent yet synergistic manner. Moreover, the 

peptide-based activation process highlights the possibility of designing suitable 

peptidomimetics for manipulating HtrA2 functions, specifically for disease intervention.  
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Introduction 

In maintaining homeostasis, multicellular organisms tightly couple the rate of cell proliferation 

and cell death. Disruption of this fine balance due to altered regulation of apoptosis (programmed 

cell death) leads to several life-threatening diseases such as neurodegenerative disorders and 

cancer. Cancer, which is characterized by a breakdown in the cellular apoptotic machinery, might 

occur due to alteration of structural and functional properties of critical proteins in the apoptotic 

pathway and hence interaction between pro- and anti-apoptotic proteins is closely related to the 

genesis and progression of this deadly disease.  

 Tremendous progress in apoptotic research has occurred toward understanding the classical 

caspase-dependent apoptotic pathways with an aim at targeting them for disease intervention. 

However, complexity of cancer biology draws interest in identifying alternative mechanisms that 

can promote cell death. Recently, there have been reports of novel extrinsic adaptor-independent 

and caspase-independent mechanisms of apoptosis. These unique mechanisms are mediated by 

proapoptotic proteins, human papillomavirus E2 and serine protease HtrA2 respectively [1-3]. 

Therefore, characterizing the structural and functional properties of these proapoptotic proteins as 

well as identifying their binding partners will not only delineate their biological functions but will 

also help understand the apoptotic pathway better and the role of these proteins in cell death and 

cancer.  

 

Part-I:  Structural and functional characterization of human papillomavirus E2 protein 

Human papillomaviruses (HPVs) are causative agents of cervical cancer which is the second 

largest cause of death in women worldwide, and is even a bigger challenge in developing 

countries such as in India due to their economic and social impediments. Out of hundred different 

human genotypes that have been identified, some such as HPV16 and 18 are associated with 

different stages of cervical cancer and are termed high risk types. On the other hand, the low risk 
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viruses, such as HPV6 and 11 cause benign warts and are rarely associated with malignant 

progression.  

 Papillomaviruses encode eight major proteins that regulate different viral functions. The 

early protein E2 acts as a central regulator of viral life-cycle regulating viral gene expression, 

replication as well as mitotic partitioning of viral genome, and thereby represents a pivotal factor 

for both the productive cycle and persistent infections by HPVs. Apart from these functions, 

several groups have demonstrated myriad of other functions that are independent of E2 binding to 

viral genome such as NFκB activation, induction of apoptosis or regulation of host cell cycle [4]. 

In particular, proapoptotic activity has been demonstrated for the high risk E2 proteins such as 

HPV16 and 18 [5, 6]. Although, the exact mechanism of apoptotic induction by E2 is not fully 

understood, recent literature on HPV18 E2 suggest its involvement in direct interaction with 

procaspase-8 of external apoptotic pathway which might eventually lead to procaspase activation 

and hence initiation of caspase cascade [7, 8].  

 The extrinsic apoptotic pathway is triggered by ligation of cell-surface ―death receptors‖ 

followed by formation of multiprotein death-inducing signaling complex (DISC). The DISC 

comprises oligomerized death receptors such as Fas, the adaptor protein FADD (Fas associated 

death domain), procaspase-8, and cellular FLICE – like inhibitory proteins (cFLIPs). In case of 

Fas mediated signaling, Fas ligand binds to Fas receptor leading to receptor trimerization 

followed by binding of FADD to the receptor through its death domain. FADD then interacts 

with procaspase-8 or -10 through homotypic interactions involving death effector domains (DED) 

of the partners which activate caspase-8 or -10 eventually leading to apoptosis. Interestingly, E2-

procaspase-8 interaction has been proposed to bypass the requirement of upstream adaptor 

proteins which are essentially required for DISC formation, thereby representing a novel adaptor-

independent caspase activation pathway. Based on these evidences we hypothesized that E2 

influences external cell death pathway by interacting with procaspase-8 which might lead to a 

change in its conformation or stability in turn enhancing its capability to oligomerize and hence 



 
 

Introduction  24  

 

promoting apoptosis. Therefore, our goal was to delineate the mechanism of this novel interaction 

between high-risk HPV18 papillomavirus E2 and procaspase-8 and how it aids in E2-induced 

apoptosis using interdisciplinary approach. This information would provide a comprehensive 

picture of the novel adaptor-independent mechanism of procaspase-8 activation and hence 

establish a model for E2-induced apoptosis in high risk HPV types. It might also be utilized in 

future studies to design E2 analogs so as to modulate procaspase-8 activation and hence 

apoptosis.  

 

Part-II: Structural and functional characterization of serine protease HtrA2 

HtrA2 (High temperature requirement A2) protein belongs to a unique family of serine proteases 

that are conserved from prokaryotes to humans. The most elaborately studied protein in this 

family is E. coli periplasmic protein DegP/HtrA that has a dual chaperone and temperature-

dependent protease activity [9]. To date four human homologs (HtrA1-HtrA4) of DegP have been 

identified of which HtrA2 has proapoptotic activity while very little information is available on 

other human HtrAs [10].  

 HtrA2 undergoes maturation by autocatalytic N-terminal processing resulting in processed 

~36 kDa protein that comprise an N-terminal domain, a serine protease and a PDZ domain 

(protein-protein interaction domain that primarily binds to the C-terminus of interacting proteins). 

Moreover, mature HtrA2, has an N-terminal IAP-binding motif (IBM) with which it interacts 

with the BIR domain of inhibitor of apoptosis proteins (IAPs) such as XIAP, cIAP1 and cIAP2 

and relieves the inhibition on active caspases thus promoting apoptosis [11, 12]. Although, HtrA2 

has primarily been identified as an IAP-binding proapoptotic protein, its other functions such as 

caspase-independent induction of apoptosis and serine protease activity are poorly characterized. 

Recent studies have identified a few antiapoptotic binding partners/substrates of HtrA2 such as 

PEA-15 suggesting its proapoptotic and proteolytic functions might converge [13]. Moreover, 

recently it has been observed that the IAPs are also substrates of HtrA2 although the binding 
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regions for these two proteins are completely different (N-terminal tetrapeptide for IAPs and C-

terminal PDZ for PEA-15).  

Looking into its complex trimeric three-dimensional structure and trying to account for its low 

protease activity and narrow substrate selectivity, researchers hypothesized a model which 

suggests intricate PDZ-protease coordination, rearrangement in their relative orientations and 

huge conformational changes at PDZ-protease interface are prerequisites for peptide binding and 

substrate cleavage by HtrA2 [14]. Although PDZ acts as a regulatory domain in all the members 

of HtrA family, uniqueness of HtrA2 is manifested by its ability to bind subset of proteins, such 

as IAPs, through its N-terminus and subsequently cleave them [3, 15]. This phenomenon 

emphasizes multiple modes of HtrA2 activation and regulation, the precise mechanism for which 

remains to be elucidated. Therefore, our aim was to delineate the structural correlates of HtrA2 

activation as well as to develop a universal model for its mechanism of action. A clear 

understanding of the structural determinants of HtrA2 mediated substrate recognition and 

cleavage will help define ways of regulating its functions. 
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Part-I 

Background: 

Transforming viruses have the potential to change a normal cell into a cancerous cell during 

their normal life cycle. Persistent infections with these viruses have been identified to cause 

various types of cancer. These viruses have been implicated in the modulation of various 

biological processes, such as proliferation, differentiation and apoptosis [16]. The study of 

infections caused by oncogenic viruses has immensely helped in our understanding of several 

mechanisms that regulate cell growth, as well as the molecular alterations leading to cancer. 

Therefore, these viruses provide models of study that have enabled the advances in cancer 

research. Viruses with transforming abilities include different members of the Human 

Papillomavirus (HPV) family, Hepatitis C virus (HCV), Human T-cell Leukemia virus 

(HTLV-1), Epstein Barr virus (EBV) and Kaposi‘s sarcoma Herpes virus (KSHV) [17]. 

 

2.1 HUMAN PAPILLOMAVIRUS 

HPVs are the small, non-enveloped, double stranded DNA viruses that infect the cutaneous 

and mucosal epithelium. Specific HPV types have been linked to the development of cervical 

carcinoma as well as benign genital warts. Over 120 different types of HPV have been 

identified to date with varied pathogenicity [18]. Based on their association with cervical 

cancer, HPVs are broadly classified into three groups: 

1. Low risk HPV: They infect genital tract and bring about the formation of benign 

hyper proliferative lesions more commonly known as warts. To date, 12 types are 

identified under this group including HPV6, 11, 40, 42, 43, 44, 54, 61, 70, 72, 81 and 

CP6108 [19].  

2. Probable high risk HPV: They are rarely involved in carcinogenicity. Three types are 

classified in this group including HPV26, 53 and 66 [19].   
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3. High Risk HPV: They infect the basal layer of cervical epithelium and account for 

more than 95% of all cases of cervical cancers. They are also found to be involved in 

genital malignancies as well as head and neck cancer. Several HPV types are included 

under high risk group including HPV16, 18, 31, 33, 35, 39, 45, 51, 52, 56, 58, 59, 68, 

73 and 82 [20]. 

HPV16 and 18 are acknowledged to be associated with 70% of all cervical cancer cases. 

HPV18 is the second highest risk factor next to HPV16 and said to be clinically involved in 

more aggressive cervical cancer [21]. Intriguingly, HPV16 is integrated into the host genome 

in 72% of all invasive cancers while HPV18 shows 100% integration [22]. 

 HPV has a circular genome approximately eight kilo bases (kb) in size and organized 

into eight open reading frames: a long local control region (LCR), six early proteins (E1, E2, 

E4, E5, E6, E7) and two late proteins (L1, L2) (Fig. 2.1). HPV early promoters transcribe the 

polycistronic transcripts which primarily encode E6, E7, and E2. The late promoter is 

activated during the productive phase of the viral life cycle which results in high level 

transcription of E1, E2, E4, E5 as well as the capsid proteins L1 and L2. Functions of E3 and 

E8 genes are not yet known [23]. 

 

 

 

 

 

Figure 2.1 Simplified linear organisation of the HPV18 genome.  Diagram representing 

HPV18 genome in its linearised state (scale bar is in kilobase pairs). The rectangles represent 

the positions of various open reading frames. The E genes encode proteins that are produced 

early in the infectious cycle (the non-structural proteins), whereas the L genes encode 

proteins that are produced late in infection (virion proteins that are necessary for virus 

assembly). LCR represent the long control region of the genome.  
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2.1.1 Functions of papillomavirus proteins 

1) E1 and E2: are the two viral proteins that are required for viral DNA replication, 

together with the host cell DNA replication machinery [24]. 

2) E4 and E5: E4, although originally classified as early protein, is the most abundant 

protein produced in the viral life cycle. It interacts with cytoskeletal proteins and 

induces collapse of cytokeratin matrix, which is particularly compact in different 

keratinocytes [25]. E5 is a dimeric membrane protein of around 80 amino acids in 

length. It seems to activate the proliferative capacity of the differentiating cells, 

probably by increasing the cell sensitivity to growth factors [26].  

3) E6 and E7: Products of E6 and E7 genes stimulate cell proliferation and promote 

immortalization and hence aptly termed as oncogenes. E6 is a zinc finger protein that 

mostly interacts with tumour suppressor protein p53 leading to its degradation via 

proteasome dependent pathway [27]. The oncogenic effect of E7 derives from its 

ability to interact with a number of cell cycle regulators, one of its common binding 

partner retinoblastoma tumour suppressor proteins and perturb their functions [28]. 

4) L1 and L2: These two proteins form the viral capsid; they are expressed late in 

infection, in the upper layers of the epithelium [29]. 

Part of the viral genome is a non coding region, called local control region (LCR), which 

contains most of the regulatory DNA sequences needed for proper replication of the viral 

genome (origin of DNA replication) and for the expression of the viral genes (enhancer and 

promoter regions) [20].  

 

2.1.2 HPV life cycle and pathogenesis 

HPVs are exclusively epitheliotropic, and their life cycle is intimately linked to the 

differentiation process of the host cells [30]. Normal squamous epithelia that grow as 
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stratified layers with those in the basal are able to actively divide. After division, one of the 

daughter cells migrates upward and begins to undergo differentiation while the other remains 

in the basal layer as a slow-cycling, self-renewing population. Productive papillomavirus 

infection begins when HPV virions infect the basal layers of the epithelia, most likely 

through micro-wounds, and enter cells via an unidentified receptor. Following migration to 

the nucleus, the viral genome is maintained in these cells as a stable episome at low copy 

number usually 20 - 100 copies per infected basal cell. The early HPV genes E1 and E2 

support viral DNA replication and its segregation such that the infected cells can be 

maintained in the lesion for a long period. Following viral genome replication and cell 

division, one of the daughter cells migrates away from the basal layer and initiates a program 

of differentiation. The normal uninfected keratinocytes exit the cell cycle after leaving the 

basal layer, and the nuclei are degraded in many of these differentiating cells. In contrast, 

HPV-infected cells undergo differentiation but remain active in the cell-cycle. This allows 

highly differentiated super-basal cells to re-enter S-phase and support high-level productive 

viral DNA replication. The ability of differentiated basal cells to undergo cell cycle 

progression is mediated largely through the action of the viral E7 protein. Differentiation 

dependent amplification of viral genomes in super-basal cells coincides with activation of the 

late viral promoter. The late viral transcripts encode the capsid proteins L1 and L2 as well as 

two additional mediators‘ of late viral functions, E4 and E5. Progeny virions are assembled in 

highly differentiated cells and then released to the extra-cellular environment to re-initiate 

infection (Fig. 2.2).  

HPV infections are found in almost all pre-invasive lesions, so called ‗cervical intra-

epithilial neoplasia‘ (CIN) and invasive cancers. Current epidemiological and fundamental 

data have confirmed infection with HPV to be the basic cause of the disease. 
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Figure 2.2 Diagram representating the differentiation programme in normal epithelium (left) 

and viral activities in HPV-infected epithelium (right). HPV virions infect the dividing cells 

of the basal layer. Unlike normal epithelium where cells exit the cell cycle upon initiation of 

differentiation, HPV-infected cells maintain cell division to allow genome amplification and 

virion production (modified from [31]). 

 

2.1.3  Current cervical cancer therapies 

The current treatment for cervical cancer includes surgery, radiotherapy or their combination. 

Pre-cancerous lesions can be treated using a variety of approaches including cryotherapy, 

laser therapy, electrosurgery, and surgical excision. Unfortunately, still this disease is 

responsible for over 1000 deaths per year and at best only around 70% of the women with 

this condition survive for 5 years after diagnosis. New approaches to the treatment and 

prevention of both cervical cancer and pre-cancerous lesions would obviously be of great 

potential benefit. Prophylactic vaccines although have shown promise will not be very 

helpful for the millions of women already suffering from this deadly disease and also for 

immunosuppressed individuals. Moreover, there are major economic and social challenges to 

widespread use of an expensive vaccine against a sexually transmitted disease in some 

populations such as in India. Hence, papillomavirus proteins that represent highly specific 

targets for therapeutic intervention have therefore been the focus of cervical cancer research. 
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 Recent research has found several interesting targets for targeted therapy. The E1 

helicase is the only HPV protein that has enzymatic activity and has therefore been the 

subject of intense investigation. Drugs that can inhibit E1 helicase based on selecting 

compounds that block ATP dependent DNA strand displacement have been identified [32]. 

However, unfortunately, these drugs bind to all ATPase active site and inhibit its activity thus 

limiting its applicability. Alternatively, the interaction of E1 and E2 provides another target 

for drug discovery. However, drugs that block a specific protein-protein interaction are 

difficult to select or design. Kasukawa et al. designed short peptides based on the amino acid 

sequence of the N-terminus of HPV16 E2 which blocked the interaction of E1 and E2 and the 

replication of HPV16 and HPV11 in vitro [33]. If drugs could be developed that mimic the 

activity of these peptides, they could be targeted in the treatment of pre-cancerous HPV-

induced lesions. Since functional E1 protein is not required by HPV-induced cervical tumour 

cells, these drugs would probably not be useful in the treatment of cervical cancer. E6 and E7 

are required for the growth of HPV transformed cells, therefore these proteins are the obvious 

targets for drug discovery.  

  At first thought, the E2 protein might seem as an improbable target for drug research 

since, like E1, it is nonessential for the growth of tumor cells. However, a drug that blocks E2 

function associated with HPV replication might prevent HPV-induced tumorigenesis. 

Compounds that block the DNA-binding activity of HPV31 E2 protein have been identified 

and these could lead to the development of specific inhibitors of HPV replication [34]. In 

addition, it is reported that Bovine papillomavirus (BPV) E2 protein can suppress the growth 

of HPV-transformed cells [35], and the HPV16 and HPV18 E2 proteins can induce 

programmed cell death [5]. The dual anti-proliferative functions of E2 make this protein a 

putative therapeutic tool in cervical carcinomas. The use of E2 would have two main 

advantages. First, E2 could kill HPV-transformed cells by apoptosis. Growth suppression is 
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not very useful since without stable transformation, E2 protein expression would eventually 

be lost and growth could continue. The second advantage of using E2 is that it might evoke 

an immune response. E2 immunity is thought to play a role in the control of HPV infection, 

and induced immunity to E2 could be protective against further infection [36]. However, to 

be an effective treatment, either the action of the E2 protein must be specific to cancer cells, 

or it must be delivered only to cancer cells in vivo. Viral delivery of BPV E2 has been tested 

in an animal model and seems to suppress tumour growth effectively [37-39]. These recent 

works have unrevealed new avenues of research in the treatment of cervical cancer, and 

highlighted the potential of viral proteins including E2 in cervical cancer therapies. 

 

2.2 HUMAN PAPILLOMAVIRUS E2 PROTEIN 

The E2 protein plays critical roles in the viral life cycle, as it regulates viral DNA replication, 

transcription as well as long-term maintenance of the viral genome in dividing cells. 

Replication of the viral DNA is initiated by the cooperative binding of E1 and E2 proteins to 

their binding sites in the origin of replication to form an efficient replication initiation 

complex. A major role of HPV E2 protein, as transcription regulator, is repression of the 

transcription of E6 and E7 viral oncogenes by binding to the same sites as those used for 

DNA replication. E2 binding to these sites interferes by steric hindrance with the binding of 

cellular transcription factors such as SP1 and TFIID, which are essential for E6 and E7 

transcription [7]. However, this function of E2 is alleviated due to disruption of the E2 gene 

by integration of the viral genome in the host genome during HPV-associated carcinogenesis. 

Integration typically occurs such that the E2 open reading frame (ORF) is disrupted, thereby 

eliminating E2-mediated transcriptional control of the early promoter resulting in increased 

production of the E6 and E7 oncoproteins. This up-regulated expression of the two viral 

oncogenes appears to play a key role in cellular transformation [40]. 
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 Apart from its role in viral life cycle, E2 proteins can also directly influence the host cell 

biology independently of their binding to the viral genome and of their transcriptional properties. 

The pro-apoptotic activity of E2 is one of the first described E2 functions independent of its 

binding to the viral genome [4]. Furthermore, E2 apoptotic activity is not cell-type specific, and is 

mediated by the amino-terminal domain independently of its associated transcriptional functions 

[41]. A striking aspect of the involvement of E2 in apoptosis is that it has been found to be 

specific for the high risk (HR) HPV E2 proteins [5]. Induction of apoptosis by HR-HPV E2 

proteins is linked to their nucleo-cytoplasmic shuttling. However, inability of low risk HPV types 

to induce apoptosis might be attributed to their exclusive nuclear localization [42]. The fact that 

only the high risk E2 proteins have evolved a proapoptotic activity suggests that this activity 

could compensate for some of the transforming functions of the E6 and E7 oncogenes. The E6 

and E7 proteins of HR-HPV interfere with cell cycle exit and block cellular differentiation, which 

are required for the viral vegetative cycle. These modifications of the host cell biology induce 

greater resistance to apoptosis [30]. It is speculated that the pro-apoptotic activity of E2 would be 

required to overcome these effects, contrary to the low risk infected cells where many of the E6 

and E7 functions are not conserved, thereby facilitating virus release. The proapoptotic activity of 

high risk E2 proteins, however, could explain why the high risk viral genomes integrate into the 

host DNA preferentially with disruption of the E2 ORF, leading to higher transcription of the E6 

and E7 oncogenes and subsequent neoplastic progression [22, 43].  

 

2.2.1  HPV18 E2-induced apoptosis 

APOPTOSIS 

Cell death by apoptosis is a normal and energy dependent process initiated by cellular damage, 

stress or number of endogenous and extracellular stimuli. It is accompanied by decrease in cell 

volume, nuclear changes with chromatin condensation followed by DNA fragmentation and 

membrane blebbing finally leading to its disintegration into smaller apoptotic bodies [44]. 
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Proteases play a key role in apoptosis through cleavage of several proteins that are critical for 

normal functioning of the cellular machinery. A major class of proteases called caspases regulates 

the apoptotic machinery. Upon receiving specific apoptotic signals, these proteases (either present 

or are released in the cytosol) get activated and lead to a cascade of events leading to proteolytic 

cleavage of key proteins that are required for normal cellular functions. There are two major 

pathways of apoptosis that are initiated upon activation of effector caspases by the formation of 

large multi-protein complexes. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2.3 Mitochondrion mediated intrinsic pathway of apoptosis. Cellular stress 

activates p53, a cell-cycle check-point protein. p53 in turn initiates the intrinsic pathway by 

up regulating Bcl-2 family proteins, Puma and Noxa, which further activates Bax, Bak.  

Oligomerization of Bax-Bak complex at the outer membrane of the mitochondria results into 

membrane permeabilization, thereby resulting in efflux of cytochrome-c and other anti-

apoptotic proteins such as HtrA2, Smac/Diablo. The released cytochrome-c binds an 

apoptotic protease-activating factor 1 (Apaf-1) monomer, leading to its oligomerization into a 

heptameric wheel-like structure called the apoptosome that later recruits and activates 

initiator procaspase 9. Active caspase-9 exposes the ATPF motif that binds to X-linked 

inhibitor of apoptosis protein (XIAP) preventing further activation. The mitochondrial protein 
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Smac/DIABLO augments apoptosis by binding XIAP and reversing their grip on active 

caspase-9. Activated caspase-9 then cleaves and activates effector caspases 3, 7 to trigger 

apoptosis.  
 

i) Intrinsic pathway: This pathway is triggered due to a variety of stress conditions such as UV 

irradiation, cytotoxic drugs or growth factor withdrawal which induce mitochondrial perturbation 

resulting in the release of cytochrome c. The released cytochrome-c binds an apoptotic protease-

activating factor 1 (APAF1) monomer, leading to its oligomerization into a heptameric wheel-like 

structure called 'apoptosome' that later recruits and activates initiator procaspase 9. Activated 

caspase-9 further cleaves and activates effector caspases 3 and 7 to trigger apoptosis [45] (Fig. 

2.3). 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2.4 Receptor mediated extrinsic cell death pathway. In the extrinsic pathway, 

death ligands, such as FasL, TNF or TRAIL engage their cognate receptors Fas, TNFR or 

DR5 respectively. Engagement of death receptors with their ligands initiates the recruitment 

of adaptor proteins such as FADD or TRADD, which in turn recruit zymogenic initiator 
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procaspase-8 to form the DISC. DISC recruitment leads to auto-processing and thus 

activation of caspase 8. Active caspase-8 then proteolytically cleaves and activates 

executioner caspases-3, -6 and -7 that further culminates in substrate proteolysis and hence 

cell death. The pathway is tightly regulated with several inhibitory molecules at various 

stages of the signaling. In TNFR-induced mechanism, the activation of preassembled receptor 

is blocked by a complex called silencer of death domain (SODD). Fas mediated pathway has 

a negative regulator molecule FLIP (FLICE-like inhibitory protein). FLIP interferes with 

DISC functions by preventing the formation of catalytically active caspase-8.  
 

ii) Extrinsic pathway: In the extrinsic pathway, death ligands, such as FasL, TNF or TRAIL 

engage their cognate receptors Fas, TNFR or DR5 respectively. Engagement of death receptors 

with their ligands initiates the recruitment of adaptor proteins such as FADD (Fas associated 

death domain), which in turn recruits zymogenic initiator procaspase-8 to form huge protein 

complex called the DISC. This increases the local concentration of these monomeric proenzymes 

through proximity induced by the adaptor molecules leading to their dimerization, removal of 

prodomain and subunit rearrangements to form active caspase 8. The active protease further 

cleaves and activates executioner caspases 3, 6 and 7 that later culminates in substrate proteolysis 

and hence cell death [46] (Fig. 2.4).  

 Several interactions between HR-HPV E2 and mediators of both the extrinsic and the 

intrinsic pathways have been identified over the years, notably involving p53 [47], caspase-8 [48]  

and cFLIP [49]. Although, the exact mechanism of apoptotic induction by E2 is yet not fully 

understood, recent literature suggests it involves direct protein-protein interaction of HR-HPV18 

E2 with procaspase-8 through a unique pathway that bypasses the requirement of homotypic 

interactions between death-fold domain adaptor proteins in DISC [1].  

 

2.2.2 Structure and function of typical death-fold domain 

The 102 members discovered in humans so far belonging to the death-fold superfamily are 

categorized in four subfamilies: 39 Death Domains (DDs), eight Death Effector Domains 

(DEDs), 33 CAspase Recruitment Domains (CARDs) and 22 PYrin Domains (PYDs). Domain 

organization of the members of each sub family is shown in Fig. 2.5. This superfamily is 
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hallmarked by its classic structure, the so-called death-fold, which consists of a globular 

architecture wherein six amphipathic α-helices are arranged in an antiparallel α-helical bundle 

with Greek key topology (Fig. 2.6).  

 

  

 

 

 

 

  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2.5 Domain organization of selective proteins containing death-fold superfamily 

domains (modified from [50]) .  
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Figure 2.6 Ribbon diagrams of each sub family of death-fold domain superfamily. A) 

FADD DD, B) FADD DED, C) Apaf1 CARD, D) NALP1 PYD. All the six amphipathic α-

helices are represented in different colors. 

 

 Structural differences between individual domains are the result of alterations in the 

length and orientation of the α-helices, and the distribution of charged and hydrophobic 

residues along the surface. Functionally, death-fold domains mediate the assembly of large, 

oligomeric signaling platform in which crucial effectors, such as caspases gain activity. The 

ability of death-fold domains to mediate the formation of intricate, higher order complexes 

resides in their ability to mediate homotypic interaction within the members of the sub families. 
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Firstly, DDs assemble into oligomeric complexes, which vary in stoichiometry depending on 

the particular DD and signaling pathway. This is crucial for the second role carried out by 

CARD and DED modules, which is recruitment of downstream effector proteins. CARDs and 

DEDs homotypically interact with other CARD or DED present on the effector proteins such as 

caspases and kinases, bringing them sufficiently close for zymogen processing and subsequent 

activation of the apoptotic pathway [51]. Since E2 is reported to influence the extrinsic death 

receptor pathway, in this section of the review, we have highlighted only the functional context 

and structural organization of the death domain and death effector domains.   

 

2.2.2.1  Death domain (DD) structures 

Currently, structures of six isolated DDs are available, which includes four NMR structures for 

Fas DD [52], FADD DD [53], TNFR1 DD [54]  and p75 DD [55], and two crystal structures of 

IRAK4 DD [56] and RAIDD DD [57]. Since these domains are involved in protein-protein 

interactions and have a tendency to aggregate, most of these structures were solved under non-

physiological conditions such as extreme pH and/or with 'de-aggregating' mutations. While all 

these DDs exhibit the characteristic six-helical bundle fold, differences exist in the length and 

direction of the helices. Although structurally quite similar, their lies low sequence homology 

among DDs thereby the surface features of these domains are also entirely different, which may 

be responsible for their specificity in protein-protein interactions. 

 

DD/DD interaction 

Most knowledge concerning interactions of death-fold domains in the context of oligomeric 

protein assemblies are obtained from crystal structures containing DDs. The structural basis of 

DD/DD interactions, such as those in the Fas DD: FADD DD complex [52], the MyD88 DD: 

Tube DD complex [58] and the PIDD DD: RAIDD DD complex [59], have recently been 
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illuminated. Regardless of the details of the interaction, the biggest surprise is perhaps the 

asymmetry of the interaction, considering what might have been expected for homotypic 

interactions. The ability of death-fold domains to mediate the formation of higher order 

complexes have been shown to reside in their ability to engage in three distinct types of 

asymmetric interactions, type I, II and II. A type I interaction is formed when residues from 

helices 1 and 4 of one death-fold domain interact with residues from helices 2 and 3 of another 

(Figure 2a). A type II interaction involves residues from helix 4 and the loop between helices 4 

and 5 of one domain interacting with residues of the loop between helices 5 and 6 of the other 

death-fold domain. A type III interaction is formed when residues from helix 3 interact with 

residues located on the loops between helices 1 and 2 and helices 3 and 4 of the other death-

fold domain. The involvement of multiple interaction surfaces in DD complexes is supported 

by mutational data, which showed wide spreads of residues important for binding and/or 

function on the surfaces of Fas [60], FADD [61], TRADD [62] and TNFR1 [63]. 

 

2.2.2.2  Death effector domain (DD) structures 

Currently only three DED structures are available, which include the NMR structures of FADD 

DED [64] and PEA-15 DED [65] and the crystal structure of the tandem DED of MC159 viral 

FLICE - like inhibitory protein (vFLIP) [66]. The NMR structure of FADD DED is also 

available in the context of its full length structure comprising both a DED and a DD [67]. 

While FADD is a component of the DISC, PEA-15 appears to participate in MAP kinase 

activation through a non-homotypic interaction with the kinase ERK [68]. MC159 v-FLIP is 

shown to inhibit caspase activation at the DISC [66]. Consistent with their assignment to the 

DED subfamily, the structures show the conserved six-helical bundle fold; however they are 

more similar to each other than to other members of the death-fold domain superfamily. 
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Surface features 

DEDs share two prominent conserved surface features, which distinguish them from the other 

members of the death-fold domain superfamily. The first feature is the presence of a conserved 

hydrogen-bonded charge triad interaction revealed by the high resolution structure of MC159 

vFLIP DED [66]. The charge triad is formed by the E/D-RxDL motif, involving an acidic 

residue in helix H2 and the Arg and Asp residues in the RxDL motif in helix H6. Extensive 

hydrogen bonding interactions are observed among the charged side chains with the Arg 

residue situated in between the two acidic residues. It is speculated that these hydrogen bonds 

likely help to maintain a precise organization of death-fold structure. The charge triad is found 

highly conserved in most single and tandem DEDs. However, except p75 DD, this motif is 

absent in all other members of the death-fold domain superfamily suggesting that it is a 

characteristic feature of DEDs alone. The second surface feature is the conserved hydrophobic 

patch formed mostly by residues on H2. This was first observed in the NMR structure of 

FADD DED and later shown to be conserved in most tandem DEDs as well. 

 

DED/DED interaction as seen in tandem DED 

The structure of MC159 vFLIP presented the first and the only available glimpse of a 

DED/DED interaction [66]. Instead of beads on a string, DED1 and DED2 interact with each 

other intimately to form a rigid, dumbbell shaped structure. The two DEDs are related 

approximately by a translation across the contact interface so that one side of DED1 is 

contacting the equivalently opposite side of DED2. The translational relationship between 

DED1 and DED2 is made possible by helix H7 of DED1. This interaction between DED1 and 

DED2 differs from the known Pelle DD: Tube DD interaction [69] and the Apaf-1 CARD: 

caspase-9 CARD interaction [70]. The interaction at the DED1/DED2 interface is mostly 

hydrophobic, mediated by helices H2 and H5 of DED1 and helices H1 and H4 of DED2. The 
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interfacial residues, especially those which contribute large surface areas and are completely 

buried, such as F30, L31, F92, L93 and R97 are mostly conserved in tandem DEDs. This 

suggests that all known tandem DEDs may form a similar rigid compact structure as MC159.  

 

2.2.3 Structure and function of HPV E2 protein 

E2 has a modular structure comprising a conserved N-terminal transactivation domain or 

TAD (~ 201 amino acids) that regulates both viral transcription and DNA replication, 

followed by an unstructured flexible hinge region and a DNA binding domain (DBD) of 

around 80 amino acids. The three-dimensional structures of the TAD and the DBD of E2 

have been reported. The DBD is composed of a compact anti-parallel β-barrel dimer that 

carries a pair of surface-exposed α helices which make specific contacts with the base pairs in 

two successive major grooves of the DNA. It recognizes inverted repeats with the consensus 

sequence 5'- AACCGN4CGGTT-3', where N represents any base pair. The TAD contains 

two structural sub-domains: an N-terminal region comprising three anti-parallel α-helices and 

a β-sheet rich C-terminal domain. These sub-domains are separated by two consecutive single 

turns of helical structure which packs tightly against the two domains. Interestingly, the 

proapoptotic E2 protein with no classical death-fold domain structure directly binds to the 

DED containing prodomain of caspase 8 promoting its activation [1].  

 Despite the fascinating progress in understanding caspase-8 activation, several issues 

have not been well understood yet. Specifically, the molecular and structural basis of DISC 

assembly has mostly remained unsolved. Moreover, the regulatory switch for procaspase-8 

activation at DISC remains yet to be identified. To add further to the complexity, the finding 

that viral E2 protein could induce caspase-8 activation through direct interaction raises 

intriguing questions pertaining to the structural determinants of E2 – procaspase-8 interaction 

and how a non-death-fold domain protein mediates this interaction. 
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Part-II 

Background: 

The HtrA (high-temperature requirement protease A) family of serine proteases was initially 

identified in E. coli as a heat shock-induced envelope-associated serine protease [71]. At low 

temperatures it generally acts as a molecular chaperone, while, with increase in temperature, 

it exhibits the proteolytic activity [72, 73]. In humans, HtrAs are involved in numerous 

cellular processes, ranging from maintenance of mitochondrial homeostasis to cell death in 

response to stress-inducing agents. In particular, emerging evidence support the role of 

human HtrAs in multiple pathways of programmed cell death and chemotherapy-induced 

cytotoxicity. This multifaceted ability associates them with different pathological conditions 

such as cancer, neurodegenerative disorders and arthritis including myocardial 

ischemia/reperfusion injury hence making them therapeutically important [2, 74-76].  

 HtrA proteins belong to a unique family of oligomeric serine proteases (S1B class) 

characterized by the presence of a trypsin-like fold domain, and have been found to be highly 

conserved from prokaryotes to humans [77]. Until now, four human homologues of E. coli 

HtrA have been identified: HtrA1 (L56 or PRSS11) [78], HtrA2/Omi [79], HtrA3 [80] and 

HtrA4 [81] (Fig. 2.7). All mammalian HtrA proteins share a highly conserved chymotrypsin-

like serine protease domain and one PDZ domain. PDZ is an acronym combining the first 

letters of three proteins — post synaptic density protein (PSD95), Drosophila disc large 

tumor suppressor (Dlg1), and zonula occludens-1 protein (zo-1) — which were first 

discovered to share the domain. Although there is an overall structural conservation, 

significant diversity at the N-terminus construes their cellular localization and functionality. 

Strikingly, the structure of N-terminal regions of mammalian HtrA1, 3 and 4 are distinct from 

that of HtrA2/Omi. The N-termini of HtrA1, 3 and 4 contain predicted signal peptides as well 

as domains that are recognized as IGF binding and protease inhibitor domains, which include 
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an N-terminal signal peptide (SP), an insulin growth factor binding domain (IGFBP) and a 

kazal-type S protease inhibitor domain (KI) [82]. Mammalian HtrA2 lacks all these N-

terminal domains but has a transmembrane segment or regulatory domain (TM). It is 

interesting to make a note that of the four human HtrA family members, HtrA2/Omi is the 

only member of the family with a clear intracellular localization and shown to be processed 

to reveal a Reaper-like amino-terminal motif [10].  

  

 

 

 

 

 

 

 

 

 

 

Figure 2.7 Schematic representation of the domain organization of HtrA protein family. 

The protease domain is in orange rectangles, PDZ1 and PDZ2 domains in grey rectangles, SS 

(signal sequence) is shown as blue rectangles, TM (transmembrane domain) as black triangle, 

IGFBP (Insulin-like growth factor binding) in green diamond, IBM (IAP-binding motif) and 

KI (Kazal protease inhibitor domain) as red and black ovals respectively. E. coli represents 

Escherichia coli, HtrA-high temperature requirement protease A. Catalytic triad residues are 

represented as H (histidine), D (aspartate), and S (serine).  

 

 HtrA1 and the closely-related HtrA3 and HtrA4 are secretory proteins [83-85]. HtrA1 

has been implicated in a number of malignancies  [74, 84, 86] while HtrA3 has been found to 

be up-regulated in the placenta [87]. Both HtrA1 and HtrA3 are primarily involved in protein 

quality control in the extracellular matrix. Among the HtrA homologues, HtrA2 is most well 

characterized member of this family. 
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Figure 2.8 HtrA2 mediated apoptotic pathway. Upon apoptotic stimuli, mature HtrA2 is 

released from the mitochondrial intermembrane space into the cytosol. HtrA2 interacts with 

anti-apoptotic protein, XIAP thus relieving its inhibitory action on caspases, thereby 

facilitating caspase-dependent apoptosis. Homotrimeric HtrA2 via its PDZ domain interacts 

with a trimeric assembly of Fas, thus initiating death-receptor pathway of apoptosis. HtrA2 

through its serine protease activity also induces caspase-independent cell death by binding 

and cleaving anti-apoptotic proteins FLIP, PEA-15 and HAX1, WARTS kinase, etc.  

 

2.3 HtrA2 - AN OVERVIEW 

HtrA2 has been described as a stress-induced serine protease in mammalian cells with 

multiple functions. It is predominantly localized in the mitochondria [88, 89]; the proform, 

possessing the transmembrane region is anchored in the inner membrane while the proteolytic 

and PDZ domains are exposed to the intermembrane space (IMS) [90]. Mature form of HtrA2 

(lacking the TM region) largely resides in the IMS as a soluble protein. Under physiological 

conditions, HtrA2 serves as a protein quality control factor in mitochondria and promotes cell 

survival. Loss of HtrA2 causes accumulation of unfolded proteins in mitochondria, 
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dysfunction of the mitochondrial respiration, and generation of reactive oxygen species thus 

resulting in loss of mitochondrial competence [91-93]. However, in response to apoptotic 

stimuli such as cellular stresses, UV exposure [13], oxidative stress [94], etc., it transforms 

from a protector into a pro-apoptotic factor. It can induce cell death in both caspase-

independent and caspase-dependent manner (Fig. 2.8). It accomplishes the former by means 

of neutralizing anti-apoptotic proteins such as Inhibitor of Apoptosis Proteins (IAPs) and the 

latter by serine protease activity. 

 

2.3.1 Caspase-dependent mechanism 

HtrA2 was first identified as an Inhibitor of Apoptosis binding protein due to its IAP 

recognizing Reaper-like motif (AVPS) similar to human Smac/DIABLO and Drosophila 

death proteins Reaper, Grim, Hid and Sickle [2, 12, 95]. It is synthesized as a 458 amino acid 

precursor protein comprising N-terminal region, serine protease and a C-terminal PDZ 

domain. Upon translocation to mitochondria, HtrA2 undergoes processing to remove first 133 

residues comprising transmembrane anchor and a mitochondrial localization signal. The 

proteolytic maturation exposes the internal tetrapeptide motif (AVPS), exclusive to this 

member of HtrA family.  IAPs are known to antagonize cell death by acting as inhibitors of 

activated caspases. Several members of human IAPs, including XIAP (X-linked Inhibitor of 

Apoptosis Protein), cellular IAP1 (cIAP1) and cIAP2, are the endogenous inhibitors of 

caspase-3 -7 or -9   [96-98]. Among these, XIAP is the most potent inhibitor of caspases and 

apoptosis. In response to various apoptotic stimuli, mature HtrA2 is released into the cytosol 

[95], where it interacts with XIAP through the N-terminal tetrapeptide and relieves the 

inhibition of IAPs on active caspases thus propagating caspase cascade and hence cell death. 

 The homotrimeric HtrA2 has been reported to interact via its PDZ domain with a 

trimeric assembly of TNFR1 or Fas [99]. The Fas ligand-induced trimerization activates the 
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‗death domain‘ present in the cytoplasmic region of each Fas monomer thereby initiating 

caspase-8-dependent apoptotic pathway [100]. This hypothesis is further supported by 

observation of increased FasL expression after myocardial ischemia/reperfusion [101]. 

 

2.3.2  Caspase-independent apoptosis 

HtrA2 via its serine protease activity induces cell death, independent of molecules such as 

caspase-9 and Apaf-1. Once HtrA2 is released into the cytosol, the enzyme cleaves one or 

more cellular substrates through its serine protease activity, thereby propagating atypical 

caspase-independent apoptosis. Following are some of the well characterized substrates of 

HtrA2: 

2.3.2.1 Inhibitor of Apoptosis Proteins  

IAPs, originally found in baculoviruses, have been found to be conserved across the species, 

from insects to humans [11]. Throughout the evolution, they play a significant role in 

regulation of apoptosis. The structures of XIAP, cIAP1 and cIAP2 are characterized by three 

tandem repeats of the Baculoviral IAP repeat (BIR) domain at its N-terminus and a RING 

finger domain towards its C-terminus. The BIR domains of IAP are majorly responsible for 

inhibiting caspase activity. Several studies indicated that HtrA2 mediated caspase-

independent apoptosis is mainly elicited due to proteolytic cleavage of IAPs [3, 12, 15, 88, 

102], thus irreversibly triggering apoptosis as this removes the endogenous anti-apoptotic 

'blocks' in place. 

2.3.2.2 PED/PEA-15 

The DED containing anti-apoptotic protein PED/PEA-15 is also reported to be a substrate of 

recombinant HtrA2 in vitro and the presence of HtrA2 inhibitor Ucf-101 prevented 

PED/PEA-15 degradation in UV-irradiated 293T and HeLa cells [13]. Furthermore, as 

PED/PEA-15 interfered with XIAP binding on HtrA2 and prevented UV-induced caspase-3 
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activity, it was proposed that the cellular PED/ PEA-15 levels modulate the ability of HtrA2 

to relieve XIAP-mediated inhibition of caspases [13]. Collectively, it suggests, in part, that 

the caspase independent cell death by HtrA2 is linked to the degradation of this anti-apoptotic 

molecule. 

2.3.2.3 FLIP 

Recently, it was found that similar to PED/PEA-15 the cellular Fas-associated death domain-

like interleukin-1β-converting enzyme-inhibitory protein (cFLIP) is HtrA2 substrate in vivo, 

and HtrA2 inhibitor Ucf-101 enhanced cFLIP expression in myocardial ischemia/reperfusion 

induced injury [103, 104]. It is hypothesized that cytosolic HtrA2 directly interact with the 

DED domain of FLIP, promote FLIP degradation, and activate apoptosis, however, the exact 

molecular mechanism ought to be further explored. 

2.3.2.4 BRUCE/Apollon 

BRUCE/Apollon, unlike other IAPs, can bind to procaspase-9 and inhibit its cleavage to the 

mature form. It also inhibits the activity of mature caspase-9 but not the effector caspase-3. A 

recent report showed that expression of catalytically active HtrA2 induced apoptosis in 

apollon-expressing cells. HtrA2 mediated two cleavage fragments of 180 and 150 kDa could 

be detected with the anti-apollon antibody [105]. It is proposed that cleavage of apollon 

causes irreversible activation of caspase cascade [106].   

2.3.2.5 WARTS Kinase 

WARTS (WTS)/large tumor-suppressor 1 mitotic kinase is a serine - threonine kinase playing 

important roles in mitotic and post-mitotic cell cycle regulation [107]. Studies have shown 

that WTS interacts with the PDZ domain of HtrA2 and promotes its protease activity to 

induce cell death. siRNA-mediated knockdown of the WTS protected HeLa cells against 

HtrA2-induced cellular toxicity and XIAP degradation [108]. Notably, the kinase activity of 
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WTS was required for its association with the PDZ domain of HtrA2 and the consequent 

increase in HtrA2 protease activity and apoptosis.  

2.3.2.6 Others 

Besides these targets, recently Pag, a potential candidate to act as an apoptotic factor through 

protein – protein interaction has been found to interact with HtrA2. The C-terminal region of 

Pag specifically interacts with the PDZ domain of HtrA2, which causes an increase of the 

protease activity [109]. Suzuki et al. suggested that HtrA2 indirectly regulates the 

translocation of Bax by cleaving Bmf, an endogenous inhibitor of Bax normally sequestered 

within the actin cytoskeleton-based myosin V motor complex [110]. Moreover, upon 

induction of apoptosis, HtrA2 is translocated to the nucleus where it cleaves p73. 

Proteolytically modified p73 thereby stimulates transcription of the BAX gene, whose protein 

product exhibits proapoptotic function [111]. Furthermore, caspase-independent proapoptotic 

property is manifested by its ability to cleave important cytoskeletal proteins such as actin, α-

, β-tubulin, and vimentin culminating into cell destruction [10]. 

 

2.3.3 Alterations in cancer 

Regulation of cell death is linked with cancer development. In cancer, activation of anti-

apoptotic survival pathways and suppression of pro-apoptotic pathways mitigate apoptosis. 

Indeed, there are many reports of HtrA2 involvement in oncogenesis. Although HtrA2 

mRNA is widely expressed in the cancer cell lines, the intensity of HtrA2 expression is quite 

cell-type specific. Lee et al. showed that reduction of HtrA2 expression can be correlated 

with advanced gastric adenocarcinomas [112]. Furthermore, a diminished expression of 

HtrA2 was observed in ovarian cancer and adult male germ cell tumor compared to normal 

ovaries or testis respectively [113]. Two independent analyses of gene expression in breast 

cancer indicate that HtrA2 expression was reduced with increasing tumor staging [114, 115]. 
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In contrast, HtrA2 was found to be highly expressed in chronic prostatitis patients [116]. In 

these cases, increased HtrA2-induced apoptosis severely affected male fertility. Collectively 

these results highlight the important role of HtrA2 in cancer progression, and provide a 

rationale of targeting this HtrA family member for therapeutic intervention. However, before 

using HtrA2 as a therapeutic target, its mechanism and mode of activation should be fully 

understood.  

 

 

Figure 2.9 Crystal structure of HtrA2 (PDB id. 1LCY). A and B) Ribbon diagram of 

HtrA2 trimer. Each monomer is represented in different colors. The HtrA2 trimer is viewed 

either along (A) or perpendicular to (B) the three-fold symmetry axis. Trimerization is 

mediated exclusively by the serine protease domain. The N-terminal IAP-binding tetrapeptide 

motif is located at the top of the pyramid, and the PDZ domain is at the base. C and D) 

Surface representation of HtrA2 structure. All the images were generated using PyMol.  
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2.3.4 Structural details 

Crystal structure of mature HtrA2 (133 - 458 residues) in a substrate unbound form was 

solved at 2.1 Å [14], which provides a broad overview of the global structural organization of 

the inactive protease. It has trimeric pyramidal architecture with the short N-terminal region 

at the top and PDZ domains residing at the base of the pyramid. Trimerization is mediated 

through extensive intermolecular hydrophobic and van der Waals interactions involving 

aromatic residues primarily from the N-terminal region. The protease domain is of the 

chymotrypsin type and is composed of two six-stranded β-barrels; the active-site consisting 

of the amino acid triad His198-Asp228-Ser306 is located at the interface of the two 

perpendicularly arranged β-barrels. Apart from the β-strands, the domain contains several 

regulatory loops that are named according to the chymotrypsin nomenclature, LA (residues 

37-41), L1 (169-173), L2 (190-196), L3 (residues 142-162), and LD (residues 126-140) 

which are important for proteolytic activity and its regulation [9]. The active-site pocket 

surrounded by the regulatory loops is buried in the hydrophobic core of the protease domain 

and is arranged 25 Å above the base of the pyramid. This arrangement along with its trimeric 

architecture restricts entry of substrate molecules to the active site thus leading to low 

protease activity.  

 PDZ domains are well characterized protein-protein interaction modules known to 

recognize specific hydrophobic residues in the C-termini of binding partners. They have a 

canonical binding site comprising highly conserved ‗G-Φ-G-Φ motif‘, where Φ denotes 

hydrophobic residues. The first Gly residue is highly variable among PDZ domains while 

second and fourth residues are hydrophobic (Val, Ile, Leu, or Phe) [117]. This recognition 

sequence is represented by YIGV in HtrA2, which is highly buried in the intimate interface 

between the PDZ and the protease domains [14]. The PDZ domain packs against the protease 

domain through van der Waals contacts, and the hydrophobic residues on strands β11 and 
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β12 of the protease domain interact with the hydrophobic residues from strand β14 and helix 

α5 of the PDZ domain. Therefore, the PDZ binding groove remains unavailable for 

interaction with other proteins in this 'closed' conformation. 

 

2.3.5 Mechanism of activation 

Based upon the substrate unbound structure which represents the resting from of HtrA2, Li et 

al. developed a model of HtrA2 activation. According to this model, in the basal state, the 

PDZ domains keep the protease activity of HtrA2 in check. Substrate or ligand binding at 

‗YIGV‘ groove induces a huge conformational change at the PDZ-protease interface which 

removes the inhibitory effect of PDZ from the active-site [14]. This structural rearrangement 

leads to significant increase in activity, emphasizing intramolecular PDZ-protease crosstalk 

to be pivotal in HtrA2 activation. Recently our group revisited the model for HtrA2 activation 

and highlighted the importance of PDZ domain in not only interface dynamics and initial 

substrate binding but also in intermolecular cross-talk for efficient substrate hydrolysis [118, 

119]. 

 To date, wide repertoire of proteins binding to the C-terminal PDZ domain have been 

found to stimulate the protease activity. Gupta et al. (2004) demonstrated that a peptide 

corresponding to the cytoplasmic C-terminal tail of presinilin-1 increased the proteolytic 

activity of HtrA2 towards generic serine protease substrate β-casein [120]. Furthermore, it 

has been shown that peptides binding to the PDZ domain bring about increase in HtrA2 

activity. Ligand specificity at PDZ domain was determined to characterize its binding 

properties using the peptide libraries fused to the C- or N- terminus of a phage coat protein. 

Series of peptides binding to the isolated PDZ domain were selected and it was found that the 

peptide GQYYFV (termed PDZopt), which binds efficiently to PDZ, was able to stimulate 
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HtrA2 activity measured with synthetic substrate peptide [121]. Thus, engagement of binding 

partners with the PDZ domains results in opening up of access to the catalytic site.  

 Although PDZ acts as a regulatory domain in all the members of HtrA family, 

uniqueness of HtrA2 is manifested by its ability to bind subset of proteins, such as IAPs, 

through its N-terminus and subsequently cleave them [15, 95, 122]. This phenomenon 

emphasizes involvement of multiple modes of HtrA2 activation and regulation, involving 

PDZ as well as other regions of the protein. In agreement with this hypothesis, previous 

studies suggested that interaction with IAPs is not the only way that HtrA2 induces apoptosis. 

The serine protease activity of exogenously expressed HtrA2 when localized in the cytosol is 

sufficient to cause caspase-independent cell death [12, 95]. This therefore highlights the 

possibility that the protease activity of HtrA2 plays a significant, conceivably even dominant, 

role in its regulation of cell death. However, the role of PDZ domain in regulating its protease 

activity although highlighted by many research groups does not hold universally true such as 

in the case of N-terminal IAP binding and cleavage suggesting either the mechanism of 

substrate binding and recognition by HtrA2 is far more complicated. Therefore, it is 

important to understand the mode and mechanism of HtrA2 activation so as to develop a 

model for its substrate-binding and cleavage. A clear understanding of the structural 

determinants of HtrA2-mediated substrate recognition and cleavage will help define ways of 

regulating its functions for implicating in therapeutic strategies. 

 

 

 

 

 

 



 
 

Aims and Objectives   55  

 

AIMS AND  

In the present study, our goal is to characterize structural and functional properties, and 

dissect the mechanism of these unique proapoptotic proteins involved in alternate pathways 

of apoptosis.  

 

AIM-I 

High risk HPV18 E2 protein has been found to induce apoptosis via direct interaction with 

procaspase-8 through a unique pathway that bypasses homotypic interactions between death 

domains of proteins in death inducing signaling complex. Our aim is to delineate the 

mechanism of interaction between HPV18 E2 and procaspase-8 as well as to understand how 

it aids in E2-induced apoptosis.  

 

Objectives: 

 To identify minimal binding regions and critical residues involved in the E2-

procaspase-8 interaction 

 To design interface mutants and study the effect on procaspase activation and 

apoptosis 

 Delineate the mechanism of procaspase-8 activation and hence cell death  

 

AIM-II 

The mechanism of HtrA2 mediated proteolysis and hence its role in caspase-independent 

apoptosis is poorly understood due to the limited number of identified substrates as well as its 

structural complexity and plasticity. Although C-terminal PDZ acts as a regulatory domain in 

all the members of this family, HtrA2 exhibits an additional level of functional modulation 
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through is unique N-terminus that is evident from IAP binding and cleavage. Therefore, our 

goal is to understand the structural determinants of protease activity of HtrA2 in presence of 

N-terminal ligand and to address this complex behavior toward defining its global mode of 

regulation and protease activity.  

 

Objectives: 

 To identify protein-protein interaction sites of HtrA2 and IAP and determine the role 

of IAPs in activation of HtrA2 protease activity  

 To compare specificity & catalytic efficiency of HtrA2 upon IAP protein/peptide and 

PDZ peptide binding 

 To delineate the global conformational changes and active-site orientation following 

IAP protein/peptide binding 
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3.1 CLONING, EXPRESSION AND PURIFICATION OF RECOMBINANT 

PROTEINS 

3.1.1 Materials 

3.1.1.1 Bacterial strains 

Cloning host used is E. coli DH5α ultra competent cells, expression host included E coli 

strain BL21 (DE3) and Rosetta (DE3) (Novagen). 

 

3.1.1.2 Bacterial cell culture medium 

 2 % Luria Broth (LB) medium 

20 g Luria Broth powder (Himedia) was dissolved in deionized water and the final volume 

made to 1000 ml. The medium was sterilized by autoclaving at 15 lbs for 20 min. 

 2 % Luria Broth agar medium 

2.0 % Luria Broth medium, 1.5 % Agar (Himedia RM 301): 15 g of agar was added to the LB 

medium and the mixture was autoclaved at 15 lbs for 20 min. 

 Antibiotics 

Ampicillin sodium salt (Sigma A-9518): 

Stock: A solution of 100 mg/ml was made in deionized water and filtered through a 0.22 μm 

filter. LB media containing 100 μg/ml ampicillin was used for growing cultures with plasmid 

harboring ampicillin resistance gene. 

Kanamycin sulfate (Sigma K4378): 

Stock: A solution of 50 mg/ml was made in deionized water and filtered through a 0.22 μm 

filter. 34 μg/ml kanamycin was used in LB media. 

Chloramphenicol (MP Biomedicals):  

A solution of 34 mg/ml was made in deionized water and filtered through a 0.22 μm filter. 

LB media containing 34 μg/ml chloramphenicol was used for growing Rosetta 2(DE3). 
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3.1.1.3 Reagents for preparation of E. coli DH5-ultra competent cells 

 SOB medium 

2 % bacto-tryptone (Himedia RM 014), 0.5 % yeast extract (Himedia RM 027), 10 mM 

NaCl, 2.5 mM KCl, 10 mM MgCl2, 10 mM MgSO4, pH 6.7 to 7.0 

To make SOB medium, 6 g bacto-tryptone, 1.5 g yeast extract, 175.32 mg NaCl, 55.91 mg 

KCl were dissolved in 297 ml deionized water and autoclaved. After autoclaving, 3 ml of 2 

M Mg solution was added prior to use. 

 2 M Mg solution 

1 M MgSO4.7H2O (6.15 g in 25 ml deionized water), 

1 M MgCl2. 6H2O (5.075 g in 25 ml deionized water) 

25 ml of 1 M MgSO4.7H2O and 25 ml MgCl2.6H2O were mixed to make 2 M Mg solution, 

and it was filtered through 0.22 μm filter. 

 TB buffer 

10 mM PIPES, 15 mM CaCl2, 250 mM KCl, 55 mM MnCl2 

393 mg PIPES, 286.65 mg CaCl2, and 2.42 g KCl were dissolved in 120 ml deionized water 

and pH was adjusted to 6.7 with 5 N NaOH. After adjusting pH, 1.42 g MnCl2 was added to 

the solution and volume was made up to 130 ml with deionized water. The solution was 

filtered through 0.22 μm filter. 

 Dimethyl Sulfoxide (DMSO) (Sigma D-8779) 

 

3.1.1.4 Plasmids 

CloneJET PCR cloning kit (Thermo Scientific), pMALc5-E (NEB), pGEX2T (GE 

Healthcare), pEGFPn1 and pEGFPc1 (Clontech), pmCherry (a kind gift from Dr. 

Bhattacharya lab, ACTREC), pcDNA3-HA (Life Technologies) 
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Polymerase Chain Reaction (PCR) 

High fidelity DNA polymerase-Pfu Turbo (Chem-agilent), 10X Pfu Turbo buffer, 25 mM 

MgCl2, dNTPs mix (2 mM) from Stratagene 

 

3.1.1.5  Primers 

PCR primers were commercially synthesized from Sigma Genosys. The primers were 

designed using DNA star software.  

For the complete list of primers please find Table 3.1. The lyophilized primers were 

reconstituted in autoclaved deionized water to obtain final concentration of 1000 ng/μl. A 

working dilution of 125ng/μl was prepared for further experiments.  

 

Table 3.1 List of oligos for site-directed mutagenesis and sub-cloning of different gene of 

interest. 

 

 

HPV18 E2 mutants 

 

Q35A, Q38A CAG CCA AAT AGC GTA TTG GGC ACT AAT ACG T  

R41A GCA ACT AAT AGC TTG GGA AAA TG  

W42A CAA CTA ATA CGT GCG GAA AAT GCA  

R41A, W42A CAACTAATAGCTGCGGAAAATGC 

F48A GCA ATA TTC GCT GCA GCA AGG  

E51A, H53A GCA GCA AGG GCA GCT GGC ATA CAG  

Procaspase-8 mutants 

L42A CAA GGA TGC CGC GAT GTT ATT CC 

F45A CCT TGA TGT TAG CCC AGA GAC TC 

L42A, L45A CAA GGA TGC CGC GAT GTT AGC CCA GAG ACT C  

F122A GTC TTT TAA GTT TGC TTT GCA AGA GG  

F122Y GAGGTCTTTTAAGTATCTTTTGCAAGAGG 

L123A GTC TTT TAA GTT TGC TTT GCA AGA GG  

L123A, Q125A CTT TTA AGT TTG CTT TGG CAG AGG AAA TCT C  

F122A, L123A GTC TTT TAA GGC TGC TTT GCA AGA GG 

Y8G CAG AAA TCT TGG TGA TAT TGG GGA AC  

R5A, Y8A GGA CTT CAG CGC AAA TCT TGC TGA TAT TGG  

S119A, E126A 
CAG AAT TGA GGG CTT TTA AGT TTC TTT TGC AAG 

CGG AAA TCT C 
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D158A GGA AAG TTG GCC ATC CTG AAA 

R162A CAT CCT GAA AGC TGT CTG TGC C  

Q166A GTCTGTGCCGCAATCAACAAGAG 

K161A, R162A TGG ACA TCC TGG CAG CAG TCT GTG CC  

Q166A, N168A GTC TGT GCC GCA ATC GCC AAG AGC CTG CTG  

C360A TTA TTC AGG CTG CTC AGG GGG ATA ACT 

FADD mutants 

V6A CGT TCC TGG CGC TGC TGC AC  

H9A GTG CTG CTG GCC TCG GTG TCG  

H9G CTG GTG CTG CTG GGC TCG GTG TCG TC  

T21A GCG AGC TGG CCG AGC TCA AG  

F25Y GAG CTC AAG TAC CTA TGC CTC GG 

L28A GCT CAA GTT CCT ATG CGC CGG GCG CGT GG  

K33R GGC GCG TGG GCG AGC GCA AGC TGG AG  

R34A GCA AGC GCA GGC TGG AGC GCG TG 

K35R GCA AGC TGG CGC GCG TGC AG  

E37A GTG GGC AAG GCC AAG CTG G  

R38A CGC AAG CTG GAG GCC GTG CAG AGC GGC C  

L43A CAG AGC GGC GAT GAC CTC TTC  

L43D CAG AGC GGC GCA GAC CTC TTC  

D44A CAG AGC GGC CTA GCC CTC TTC TCC ATG C  

E51A CCA TGC TGC TGG CGC AGA ACG ACC TGG AGC  

L62A GCA CAC CGA GGC CCT GCG TGA GCT G  

L63A CAC ACC GAG CTC GCG CGT GAG CTG CTC 

A68F CGT GAG CTG CTC TTC TCC CTG CGG CGC  

HtrA2 mutants 

G230A GTC CCA GCG GCG CTA CAT TGC GGT GAT GAT G 

AVPS GAG ATA TAC ATA TGG TCG CTA GCC CGC CG 

XIAP mutants 

E219R, H223V 
GTG CCT GGT CAC GAC ACA GGC GAG TCT TTC CTA 

ATT G 

Q319R, W323V 
CTT GGG AAC GAC ATG CTA AAG TGT ATC CAG GGT 

GC 

 
 
Procaspase-8 DED-B deletion constructs 

 

Helix-1 
GGGAGAATCTTTATTTTCAGGGCGGATTCATGGAAGTG

AGCAGATCAGAATTGAG 

Helix-2 
GAGAATCTTTATTTTCAGGGCGGATCCATGGAAATCTC

CAAATGCAAACTGGATG 

Helix-3 
GAGAATCTTTATTTTCAGGGCGGATCCATGGATGACAT

GAACCTGCTGGATATTTTCA 

Helix-4 CAAATGCAAACTGGATGATGACATGTGAGAATTCGAA
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For all these mutants, the reverse primer is the complementary sequence. 

 

 

GCTTGGCACTGGC 

Helix-5 
GTCATCCTGGGAGAAGGAAAGTTGTGAGAATTCGAAG

CTTGGCACTGG 

Helix-6 
GAGTCTGTGCCCAAATCAACAAGTGAGAATTCGAAGCT

TGGCACTGG 

Mammalian procaspase-8 constructs 

 

DED-A (F) CGGGAATTCATGGACTTCAGCAGAAATC 

DED-A (R) CGGTGGATCCCGCCTGTAGGCAGAAATTTGAGC 

DED-B (F) 
CTCAAGCTTCGAATTCATGGTCATGGTCATGCTCTAT

CAGATTC 

DED-B (R) CGGTGGATCCCGGATTGTCATTACCCCACAC 

FADD (F) GAATCCATGGACCCGTTCCTGGTGCTG 

FADD (R) GGA TCC TCA GGA CGC TTC GGA GGT AGA TGC G 

Caspase-8 full length 

(R) 
GGATCCTCAATCAGAAGGGAAGACAAGTTTT 

Bacterial procaspase-8 constructs 

DED-AB (F) CGCGGATCCATGGACTTCAGCAGAAATC 

DED-AB (R) CCGGAATTCTCATTCTTCATAGTCGTTGA 

DED-A (R) CCGGAATTCTCAGTTTAGGTAGGTAATCAGC 

DED-B (F) GGATCCATGGCCTACAGGGTCATG 

DED-B (R) CTGGATCCCGCTCTCTTTGCTGAATTC 

Bacterial HPV18 E2 constructs 

HPV18 E2 (1-201)(F) CGCGGATCCATGGAGACACCGAAGGAAAC 

HPV18 E2 (1-201)(R) CCGGAATTCTCAATTACAATCAATTACATTATTCCC 

HPV18 E2 full length 

(F) 
GGATCCATGGAGACACCGAAGG 

HPV18 E2 full length 

(R) 
GAATTCTTACATTGTCATGTATCCCACCA 

XIAP 

BIR2 (124-240) (F) GAATTCCATATGAGAGATCATTTTGCCTTA 

BIR2 (124-240) (R) GGATCCCTCGAGTTCACTTCGAATATTAAG 

BIR3 (241-356) (F) GAATTCCATATGTCTGATGCTGTGAGTTCT 

BIR3 (241-356) (R) GGATCCCTCGAGAGTTCTTACCAGACACT 

Sequencing oligos 

CMV promoter CGCAAATGGGCGGTAGGCGTG 

T7 promoter TAATACGACTCACTATAGGG 

T7 terminal GCTAGTTATTGCTCAGCGG 

MBP reverse  GGCCCAGTCTTTCGACTGAG 

MBP forward GATGAAGCCCTGAAAGACGCGCAG 
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3.1.1.6 Restriction Digestion and Ligation 

Fast Digest DpnI, BamHI, EcoRI, NcoI, NdeI, XhoI and 10X Fast digest buffer supplied 

along with the restriction enzymes (Fermentas) 

T4 DNA ligase and ligase buffer from NEB 

 

3.1.1.7 Agarose Gel Electrophoresis 

 10 X TBE buffer 

0.89 M Tris base, 0.89 M Boric acid, 0.02 M EDTA: 

108 gm Tris base, 55 g boric acid and 7.44 g EDTA were dissolved in deionized water to a 

final volume of 1 litre. 

 Ethidium bromide (Sigma E-8751) – Stock of 10 mg/ml in deionized water 

 Agarose (Sigma A-6013) – 1% Agarose in 1X TBE buffer 

 1kb DNA ladder – 0.5 μg/μl (Fermentas SM0311) 

 Loading dye (6X) – 0.25 % Bromophenol blue, 0.25 % Xylene cyanol, 30 % Glycerol 

 

3.1.1.8 Reagents for expression and purification of recombinant GST fusion proteins 

 1M Isopropyl-β-D-thiogalactopyranoside (Sigma I-5502) 

1.19 g Isopropyl-β-D-thiogalactopyranoside (IPTG) was dissolved in 5 ml deionized water, 

filter sterilized and stored at -20 
o
C. 

 Lysis buffer for bacterial cells 

 Protease inhibitor cocktail (Sigma P8340) 

Resins – Ni-IDA (BIOTEX), GST-sepharose (Novagen), Amylose (NEB), Pre-packed gel 

filtration column: Superdex 200 and 75 – 16/600 and 10/300 from GE Healthcare  
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3.1.2 Methods 

3.1.2.1 Preparation of E.coli DH5-ultra competent cells 

The procedure followed was adopted from Inoue et al with some modifications [123]. E.coli 

DH-5α cells were streaked from the glycerol stock on LB agar plate and were incubated 

overnight at 37 
o
C. A single colony of cells were picked up and grown in 250 ml of SOB 

medium at 18 
o
C until OD600 reached to 0.6. The cells were then immediately kept on ice for 

10 min and harvested by centrifugation at 6,000 rpm for 10 min at 4
 o

C using a SS-34 rotor in 

a Sorvall RC5C centrifuge. After centrifugation, cells were re-suspended in 80 ml of pre-

chilled TB buffer and kept on ice for 10 min. The cell suspension was then centrifuged at 

5000 rpm for 10 min at 4
 o

C. Post centrifugation, cells were re-suspended gently in 20 ml ice-

cold TB buffer and 1.4 ml DMSO was added to attain final concentration of 7% (v/v). Cells 

were kept on ice for 10 min and aliquots of 100 μl each were made and snap frozen in liquid 

nitrogen. The ultra competent cells were then stored at -80
 o
C. 

 

3.1.2.2 Strategy for cloning of genes 

There are different kinds of gene cloning methods such as homology based cloning, ligation-

independent cloning and restriction enzyme based cloning. In the present study, we employed 

restriction enzyme based cloning which is described in detail in the following section: 

Restriction enzyme based cloning 

Here, both expression vector and target genes are subjected to digestion with the same set of 

sticky ends generating restriction enzymes that enables insertion of target gene into a plasmid 

backbone. 

 

a) Preparation of expression vector: The target genes were cloned into different bacterial 

and mammalian expression vectors to perform various in vitro and ex vivo experiments, 
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respectively. The plasmid DNA was extracted and purified as per the manufacturer‘s protocol 

(GeneElute Plasmid Miniprep Kit from Sigma). The isolated plasmid vector was digested 

with the respective restriction endonucleases and the digestion was carried out at 37 °C for 1 

h. The digested plasmid was resolved on 1% agarose gel followed by purification using Gel 

Extraction Kit (Sigma) according to manufacturer‘s protocol. 

 

b) Preparation of target gene: The gene of interest was PCR amplified using gene specific 

forward and reverse primers. The primers were designed using Primer-X software online tool. 

The parameters taken under consideration for designing primers included GC content: 40-

60%, Tm: 50-65 °C, presence of 3'-GC clamp. Detailed list of oligos synthesized for 

amplifying specific gene of interest is given in Table 3.1. 

 

Table 3.2 A typical PCR reaction composition. 

 

 

 

 

 

 

 

 

 

 

 

 

The typical program set for PCR was as follows:  

1. Denaturation – 95 °C for 5 min  

2. Denaturation – 95 °C for 30 sec  

3. Annealing – 53 °C for 50 sec  

4. Extension – 72 °C for min (depending upon rate of amplification and no. of bases) 

5. Repeat steps from 2 to 4 for 25 cycles  

Reagents 
Volume 

(μl) 

PCR Water 15.5 

10X Pfu Turbo buffer 2 

50 mM MgCl2 0.5 

Template DNA (80ng) 0.5 

10mM dNTPs 0.5 

(125 ng/μl) Forward primer 0.5 

(125 ng/μl) Reverse primer 0.5 

Pfu Turbo 0.5 

Total volume 20 
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6. Final Extension – 72 °C for 10 min  

7. Hold at 4°C forever 

The amplified PCR product was purified using PCR clean-up kit from Sigma by following 

the manufacturer‘s protocol.  The purified PCR product was subjected to restriction digestion 

with the respective endonucleases used for preparing the vector backbone. The digested PCR 

product was further purified by gel extraction technique. 

 

c) Ligation: The digested vector and PCR product was mixed in a molar ratio of 1:3 or 1:6, 

and then ligated using T4 DNA ligase according to the manufacturer‘s protocol. The ligation 

reaction was carried out at 22 °C for 2 h. The ligation mixture was then transformed into 

ultra-competent DH5α cells.  

 The plasmid DNA can be incorporated into the competent cells in the process of 

bacterial transformation. The ultra competent E.coli DH5cells were taken out from -80 °C 

and thawed on ice. 5 μl of ligation mixture was added to the cells and the suspension was 

incubated for 30 min. Cells were given heat shock at 42 °C for 90 sec and immediately kept 

on ice for 2-5 min. After heat shock, 750 μl of sterile LB media was added and the mixture 

was incubated at 37 °C for 30 min on shaker. Post incubation, cells were pelleted down by 

centrifugation at 5,000 rpm for 3 min at RT. The supernatant was discarded and fresh 100 μl 

of LB was added in the tube. Cells were re-suspended and spreaded on LB-agar containing 

appropriate antibiotic for selection. The plate was incubated at 37 °C for 16-18 h. 

 

d) Screening of potential clones: The colonies were screened by isolating the plasmid DNA 

and subjecting it for restriction digestion using the respective enzymes. The digested product 

was resolved on 1% agarose gel to check the release of target gene from the vector backbone. 
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The positive clones are further confirmed by DNA sequencing using specific sequencing 

oligos listed in Table 3.1.  

 

3.1.2.3 Site-Directed Mutagenesis (SDM) 

The method relies on amplification of entire plasmid using mutagenic primers and DNA 

polymerase lacking primer displacement activity. SDM involves point mutation at a 

particular position in the gene of interest and comprises following three major steps. 

 

a) Overlapping PCR: It requires two site-specific primers with the incorporated mutation 

and should be self complementary. The desired mutation should preferably be at the centre of 

the primer sequence of about 25-45 bases in length. The PCR reaction can be setup according 

to the reaction conditions described in Table 3.2. 

 

b) Dpn I digestion: DpnI is an endonuclease which specifically targets the methylated DNA 

strands. Most of the plasmid DNA synthesized in E. coli is dam methylated and is therefore 

susceptible to DpnI digestion. One Unit of DpnI is added to 30 μl of reaction mixture and 

incubated for about 1 h at 37 °C. 

 

c) Transformation of SDM PCR product and sequencing: The Dpn I digested product is 

transformed into competent E.coli DH5α cells and selected on LB agar plate containing 

appropriate antibiotic for selection. Single colony is inoculated in 10 ml of LB broth 

supplemented with the respective antibiotic and grown overnight in a shaker incubator at 37 

°C. The plasmid DNA isolated from these colonies was sequenced to confirm the presence of 

mutation.  
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3.1.2.4 Bacterial Protein Expression 

a) Selection of expression host: Different bacterial strains having specific or unique 

properties can be utilized for protein expression. Primarily, the choice of bacterial host strain 

depends on level of gene expression. For routine purposes, E. coli BL21 (DE3) strain, a 

lysogen of lamba-prophage (DE3), is used because it lacks the Lon and OmpT proteases. It 

carries a chromosomal copy of the T7 RNA polymerase under the control of lacUV5 

promoter (inducible by IPTG) and therefore can conveniently express genes driven by the T7 

promoter. E.coli Rosetta 2(DE3) is a derivative of BL21 (DE3) which can be used for the 

expression of eukaryotic proteins having rare codons. The stain is equipped with additional 

tRNAs that can recognize codons such as AUA, AGG, AGA, CUA, CCC, and GGA encoded 

on a compatible chloramphenicol-resistant plasmid call pRARE. Also, a modified version of 

BL21 (DE3) called BL21 pLysS can be used for expression of toxic genes. The strain 

contains a chloramphenicol resistant pLysS plasmid which encodes for T7 lysozyme to 

prevent basal or leaky expression. 

 

b) Preparation of seed culture: A single transformed colony of the expression host is 

inoculated in 20 ml of sterile LB broth containing suitable antibiotic. The culture is allowed 

to grow overnight at 37 °C with continuous agitation at 200 rpm.  

 

c) Scale up and induction: The scaling up of protein expression is carried out by inoculating 

the starter culture in 1000 ml LB broth in a ratio of 1:100. The culture is grown at 37 °C till 

the OD600 reaches between 0.6-0.8. Depending on the expression vector, the protein is 

induced by adding IPTG (at a concentration of 0.4 mM) or arabinose (2 mg/ml). The culture 

flasks are incubated at 18 °C for 16-18 h under constant shaking of 200 rpm. Cells are then 
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harvested by centrifugation at 5,000 rpm for 10 min at 4 °C. The bacterial pellet is stored at -

80 °C until further use.  

 

3.1.2.5 Recombinant Protein Purification 

Protein purification procedure utilizes differences in physical properties of the bio-molecule 

such as protein size, charge, ligand specificity and biological activity. Commonly, 

purification steps contain one or more chromatographic separation techniques. These 

techniques that exploit different physiochemical properties are listed below: 

 Affinity chromatography – Based on ligand specificity or bio recognition 

 Ion exchange chromatography – Dependent upon charge of the protein 

 Gel filtration chromatography – Separation on the basis of molecular size/mass 

 Hydrophobic interaction chromatography – Relies on overall hydrophobicity 

In the present study, we followed two step purification using affinity chromatography 

followed by gel filtration.  

 

a) Affinity chromatography: Affinity chromatography separates proteins on the basis of a 

reversible interaction between a protein and a specific ligand coupled to a chromatography 

matrix. It provides highest specificity and selectivity for purification of bio-molecules. The 

interactions between ligand and target protein can be a result of electrostatic or hydrophobic 

interactions, van der Waals‘ forces and/or hydrogen bonding. To elute the target molecule 

from the affinity medium the interaction is reversed, either specifically using a competitive 

ligand, or non-specifically, by changing the pH, ionic strength or polarity. In a single step, 

affinity purification offers immense time-saving over the less selective multi-step procedures. 

The affinity matrix, used in our experiments is listed below: 

 Glutathione Sepharose – glutathione-S-transferase for GST fusion proteins 
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 Metal ions (Ni-IDA) – Poly (His) fusion proteins, native proteins with histidine 

 Amylose resin – Proteins fused to maltose-binding protein (MBP) 

 

b) Gel filtration chromatography: Gel filtration also called size-exclusion chromatography 

is the separation technique based on the molecular size and volume of the components. The 

molecule with larger molecular hydrodynamic volume migrates faster compared to the 

smaller one. Separation is achieved by the differential exclusion of the sample molecules 

from the pores of the packing material. The principle feature of this technique is its gentle 

non-adsorptive interaction with the sample, enabling high retention of bimolecular activity 

and achieving homogeneous purified proteins. It can be used for varied applications including 

protein purification, buffer exchange and desalting. 

 

3.1.2.6 General protocol for protein purification 

The cell pellet is re-suspended with pre-chilled lysis buffer (10 ml for 1 litre of pellet). The 

cells are lysed by ultra-sonication under ice-cold condition at 50 pulse rate and 50 power for 

10 cycles of 1 min each. The lysed homogenous suspension is centrifuged at 18,000 rpm for 

20 min. For soluble proteins, collect the supernatant and discard the cell debris. All the 

proteins analyzed or characterized in the present study was purified using two stages of 

purification. The pre-cleared lysate is carefully added on the equilibrated affinity resins and 

incubated at room temperature (RT) for an hour. After binding, the resin is extensively 

washed with the lysis buffer to remove non-specific or bacterial proteins. Depending upon the 

tag, the protein is eluted using a gradient of imidazole (25-500 mM) for His-tag fusion 

protein or maltose (2-20 mM) for MBP-fused proteins. The purity of proteins is checked on 

12-15% SDS-PAGE based on the molecular weight of the proteins being analyzed. Further, 

the desired fractions are concentrated by ultra-filtration method using Amicon Ultra 
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centrifugal filter devices of 3-30 kDa molecular weight cut-off. The second step of 

purification involves gel filtration chromatography using Superdex 200 or 75 matrixes. 1 ml 

of concentrated protein is injected in the pre-equilibrated column (instrument-AKTA 

purification system). Elution of the protein is monitored by recording the absorbance at 

wavelength 280 nm. The purity of the eluted fractions is checked on 12-15% SDS-PAGE 

depending on the molecular weight of the proteins being analyzed. The detailed purification 

protocols for different proteins have been mentioned in the respective chapters. 

 

3.2 ANIMAL CELL CULTURE 

3.2.1 Routine maintenance of cell lines 

3.2.1.1 Materials 

 Medium 

 Powdered Dulbecco‘s modified Eagle‘s medium (DMEM) from GIBCO was dissolved in 1 

litre of deionized water (3.7 g of sodium bicarbonate per litre was added and the pH of was 

adjusted to 7.4). The medium was filtered using millipore assembly – 0.22 μm membrane 

filter (Whatman). One ml of the filtered medium was added to the sterility test medium and 

incubated at room temperature for 6 days under observation. Sterility test medium (14.9 g of 

Fluid-thioglycolate was dissolved in ~250 ml of water. The volume was made up to 500 ml in 

measuring flask and boiled. After aliquoting 6 ml of the medium in glass tubes a pinch of 

CaCO3 was added to each tube and autoclaved.) 

 Phosphate Buffered Saline (PBS) - 150 mM NaCl, 2 mM KCl, 8 mM Na2HPO4, 1 mM 

KH2PO4) 

 0.4% Trypan Blue solution - Prepared in 0.81% NaCl and 0.06% KHPO4, dibasic 

 Trypsin-EDTA (0.025% Trypsin, 0.2 mM EDTA) 

 Complete medium  
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DMEM with 10% Fetal bovine serum and 1% antibiotic solution (Amphotericin B 20 μg/ml, 

Penicillin 2500 Units/ml, Streptomycin 800 μg/ml)  

 Freezing mixture (90% Fetal bovine serum, 10% DMSO) 

 Cell lines – Human Embryonic Kidney (HEK) 293, HeLa 

 

3.2.1.2 Protocols 

a) Revival of cells: Revival of frozen cell cultures was carried out by thawing the freezing 

vials with the cells into a glass beaker containing water at 37 ºC. Immediately the thawed cell 

suspension was added drop wise into a sterile centrifuge containing 5 ml of complete 

medium. The cell suspension was centrifuged for 10 min at 1,000 rpm. The supernatant was 

discarded and the cell pellet was washed with 1X PBS twice for complete removal of 

freezing mixture. Finally, the cell pellet was re-suspended in 3 ml of complete medium. The 

cell suspension was mixed gently with a Pasteur pipette to remove any clumps and finally 

transferred in a culture plate or flask. The cells were incubated in a humidified CO2 (5%) 

incubator at 37 ºC and their growth was observed each day under inverted microscope. 

 

b) Subculture/trypsinization and transfer of cells: Cells with 70-80% confluency were 

washed with 1X PBS twice and 1 ml of trypsin-EDTA was added to the culture plate. Excess 

trypsin-EDTA was discarded and the plate was incubated till the cells partially detached. 

Complete medium was added into the plate and the resulting cell suspension was mixed with 

pipette to make a single cell suspension. Total cell count and the percent viability were 

calculated by dye exclusion method using Trypan Blue dye on a haemocytometer using an 

inverted microscope. Appropriate amount of cells depending upon cell type were seeded in 

culture plates. The plates were further incubated in humidified CO2 incubator at 37 ºC. 
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c) Freezing and cryopreservation of cells: For freezing the cells, 70-80% confluent culture 

flask or dish was subjected to trypsinization. After noting the total cell count, the cell 

suspension was spun at 1,000 rpm for 10 min. The supernatant was discarded and the pellet 

was dislodged by tapping the tube gently. One ml of freezing mixture was added drop wise 

and mixed gently with pipette. The cells suspension was then transferred to freezing vials. 

The freezing vials were labelled and suspended in a cylinder with liquid nitrogen vapour and 

cooled gradually before plunging it into liquid nitrogen for long term storage.  

 

3.2.2 Transient transfection 

Reagents: Plasmid DNA, 0.5 M CaCl2, 2X BBS (50 mM BES, 1.5 mM Na2HPO4 and 250 

mM NaCl), autoclaved water, Lipofectamine 2000 (Invitrogen) 

Note: Working aliquot of calcium chloride and water were stored at 4 ºC for not more than a 

month. BBS was stored at -20 ºC. About half an hour prior to use, calcium chloride and 

sterile water were warmed to 37 ºC and BBS was thawed at RT. 

Protocol: Cells at a confluency of 40-60% were transfected by calcium phosphate 

precipitation protocol as described [124] or with Lipofectamine 2000 as per the 

manufacturer‘s protocol. Following is the composition of calcium phosphate transfection 

mixture in different culture dishes- 

Diameter of culture dish  DNA Water  CaCl2 2X BBS  Total volume 

35 mm 5 μg 45 μl 50 μl 100 μl 200 μl 

60 mm 10 μg 90 μl 100 μl 200 μl 400 μl 

100 mm 25 μg 225 μl 250 μl 500 μl 1000 μl 
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3.2.3 Live cell confocal imaging 

Material: Optimum Minimum Essential Media (Opti-MEM), buffered with HEPES and 

sodium bicarbonate, 35 mm glass-bottomed dishes (Cell E&G, USA)  

Protocol: Cells were grown in the glass-bottomed dishes and were transfected at the 

confluency of 40-50 % with the desired plasmids. Post 24-30 h of transfection, the complete 

medium was replaced with minimally fluorescent Opti-MEM. To monitor colocalization, 

confocal imaging was performed with Zeiss LSM 510 META equipped with 100× or 63× 1.4 

NA (numerical aperture) objectives. Single- or dual-colour images were obtained using 

separate excitation in 12-bit format and with line averaging of two. GFP fluorescence was 

excited with a 488 nm argon laser and collected between 495 and 550 nm. Similarly, 

mCherry was excited with a 543 nm helium-neon laser and emission was captured between 

650 and 760 nm. Transmitted light images were captured in the blue channel. Z-stacks were 

collected at intervals of 2–4 seconds and laser illumination was minimized to limit 

photodamage. Images acquired were further processed using LSM 510 image examiner 

software. 

 

3.2.4 Preparation of whole cell lysate post transfection 

Reagents: SDS lysis buffer (5 mM EGTA, 5 mM EDTA, 0.4% SDS and protease inhibitor 

cocktail in 25 mM Tris-HCl pH 7.2) and non-denaturing lysis buffer (20 mM Tris-HCl pH 

8.0, 137 mM NaCl, 0.5% Nonidet P-40, 1 mM EDTA) 

Protocol: Post 30 h of transfection, the cells were spun at 1,000 rpm for 10 min at 4 ºC. Cells 

were suspended in SDS or denaturing lysis buffer and incubated on ice for 40 min. The cell 

suspension was then subjected to ultra-sonication for 1 min, followed by centrifugation at 

13,000 rpm for 15 min to separate cell debris. The supernatant and pellet were loaded on 

SDS-PAGE followed by Western blot analysis using respective antibodies. 
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3.2.5 Protein estimation using Peterson method 

Reagents: Working stock of BSA (1mg/ml) prepared in sterile distilled water, Copper 

Tartarate Carbonate (CTC) reagent: CTC reagent was prepared by adding 20% Na2CO3, 0.2% 

CuSO4, and 0.4% Sodium potassium tartarate in the ratio of 1:1:2. 

Solution A: Prepared by mixing CTC, 10% SDS, 0.8 N NaOH, and deionised water in the 

ratio of 1:1:1:1 and Solution B was prepared by diluting Folin Ciocalteau‘s Phenol Reagent 

with distilled water in the ratio of 1:6. 

Protocol: One ml of 5 – 25 μg /ml of BSA standard tubes were prepared in duplicates along 

with the blank. For estimating the concentration of unknown proteins, 5 μl of the lysate was 

added to 995 μl of distilled water. 1 ml of solution A was added and the tubes were vortexed 

followed by incubation at 37 ºC for 10 min in dark. To each tube add 500 μl Solution B 

followed by incubation at room temperature (RT) for 30 min in dark. The absorbance was 

read at 750 nm, and the concentration of the unknown lysate was calculated by extrapolating 

the standard curve.  

 

3.2.6  SDS-PAGE 

Reagents: 30% Acrylamide (29.2% acrylamide (w/v) and 0.8% bis acrylamide(w/v)), 1.5 M 

Tris-HCl pH 8.8, 1 M Tris-HCl pH 6.8, 10% SDS, 10% APS, TEMED and 6X SDS sample 

buffer (62.5 mM Tris-HCl pH 6.8, 25% Glycerol, 2% SDS, 0.5% bromophenol blue), 

Electrode buffer (5X): 15.1 g Tris  base, 94 g glycine and 5 g of SDS were dissolved in 

deionized water to a final volume of 1 litre. 

 Molecular weight markers – Fermentas page ruler prestained protein ladder-SM 0671 

 Coomassie staining solution – 0.25% coomassie brilliant blue R 250, 45% methanol 

and 10% acetic acid in distilled water   

 Destainer – 45% methanol (v/v) and 10% acetic acid (v/v) in distilled water 
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Protocol: The samples were separated on 6-15% SDS-PAGE depending on the molecular 

weight of the proteins being analyzed with 5% stacking gel. 

 

3.2.7 Western Blotting 

Reagents: 1X Transfer Buffer (190 mM glycine, 20% methanol, 0.05% SDS, 25 mM Tris 

base), Tris-buffered saline (TBS) – 150 mM NaCl, 10 mM Tris-HCl pH 8.0, Tris-buffered 

saline with 0.1% TWEEN-20 (TBST), Ponceau staining solution (0.2% ponceau stain in 5% 

acetic acid), Blocking buffer (3% BSA or 5% Milk in TBS), Antibodies dilutions were made 

in 1% BSA in TBS, ECLprime Kit (GE Healthcare), X-ray film (Kodak), Antibodies- anti-

His antibody (Abcam, USA), anti-HPV18 E2 (sc-26939), anti-caspase-8 (1C12, Cell 

signaling), anti-FADD (sc-56093), APO 1–3 anti-Fas (clone CH11, 05-201, Millipore), anti-

GFP (sc-9996), anti-β actin (AC-74, Sigma), secondary anti-HRPO mouse, rabbit, goat from 

Millipore and Sigma 

Protocol: Proteins resolved on SDS-PAGE were transferred to the activated polyvinyl 

difloride (PVDF) membrane placed in form of the sandwich and wet electro-blotting was 

performed at constant voltage of 100V for 2 h. The transfer of proteins was visualized using 

reversible Ponceau-S staining. The membrane was incubated in blocking solution for 1 h at 

RT on a rocker. The blots were rinsed in TBST to remove residual BSA. After blocking, the 

membrane was incubated with diluted primary antibody for 1 h at RT on the rocker. The blot 

was then washed at least thrice with TBST for 5 mins each. It was then incubated with 

horseradish peroxidase (HRPO) conjugated secondary antibody (anti mouse/ anti rabbit/ anti 

goat) for 1 h at RT. The unbound secondary antibody was removed and the blot was washed 

thrice with TBST for 10 mins each. The blots were developed using ECL prime 

chemiluminescence reagent according to the manufacturer‘s protocol and the signal captured 

onto X-ray films. 
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3.2.8  Cell death assays 

a) Cell viability analyses by flow cytometry: The estimation of the viability of a cell 

population by flow cytometry is based on a simple yet powerful principle, that the dead cells 

are leaky. All the different methods for evaluating viability are based on either direct leak 

detection or measurement of a direct consequence of this leakage. Dyes are used that either 

do not leak into or out of viable cells. These methods can clearly identify whether the cells 

are damaged or dying but not completely dead. 

 Propidium iodide (PI) is a membrane impermeant dye that is generally excluded from 

viable cells. It binds to double stranded DNA by intercalating between base pairs. PI is 

excited at 488 nm and, with a relatively large Stokes shift, emits at a maximum wavelength of 

617 nm. Because of these spectral characteristics, PI can be used in combination with other 

fluorochromes with same excitation wavelength such as green flurophores including 

fluorescein isothiocyanate (FITC) and phycoerythrin (PE). 

 

Reagents: 1X PBS, PI staining solution - 1mg/ml PI (Sigma) in PBS.  

Protocol: Post transfection, cells were trypsinized, and washed twice with PBS. Approx. one 

million cells were re-suspended in 500 μl PBS containing 4 μg/ml PI, and analyzed by FACS 

Calibr (BD Bioscience) for GFP fluorescence and PI content. Percent of dead cells are the % 

of GFP and PI-positive cells /GFP-positive cells. 

 

b) Caspase 8 activity assay: Caspase-8 is activated early in apoptosis and is involved in the 

proteolysis and activation of downstream executioner procaspase-3. To identify and quantify 

caspase-8 activity in apoptotic cell lysates, an upstream sequence of the site recognized by 

active caspase-8, IETD (Ile-Glu-Thr-Asp), is utilized as a basis for the highly specific 

caspase-8 substrate. The caspase-8 fluorimetric assay is based on the hydrolysis of the 
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peptide substrate N-Acetyl-Ile-Glu-Thr-Asp-7-amino-4-(trifluoromethyl) coumarin (Ac-

IETD-AFC) by caspase-8 resulting in the release of a 7-amino-4-(trifluoromethyl) coumarin 

(AFC) moiety. AFC release can be monitored in a spectrofluorometer at an excitation 

wavelength of 400 nm and an emission wavelength range of 480-520 nm.  

 

Reagents: Caspase assay buffer (20 mM HEPES pH 7.7, 100 mM NaCl, 1 mM DTT, 1 mM 

EDTA, 0.1% CHAPS, 10% sucrose, 0.5 % NP-40),  Ac-IETD-AFC (Enzo Life Sciences) 

Protocol: Cells were extracted in caspase assay buffer containing 0.5% NP-40. Caspase 

activity was measured in cell lysate containing 20 - 30 μg proteins with 0.002 μM of Ac-

IETD-AFC in 100 μl of caspase assay buffer for 2 h at 37 
o
C. Ac-IETD hydrolysis was 

measured by monitoring emission at 510 nm on excitation at 405 nm.  

 

c) DNA ladder assay: Apoptosis is characterized by the activation of endonucleases with 

subsequent cleavage of chromatin DNA into inter-nucleosomal fragments of roughly 

180 base pairs (bp) and multiples thereof (360, 540 etc.). Separation of DNA fragments by 

agarose gel electrophoresis and subsequent visualisation by ethidium bromide staining results 

in a characteristic "ladder" pattern. While most of the morphological features of apoptotic 

cells are short-lived, DNA laddering can be used as final state read-out method and has 

therefore become a reliable method to distinguish apoptosis from necrosis. 

 

General Protocol 

1. Collect culture media; add 1 ml of trypsin to cell mono1ayer on 100-mm dishes, scrape the 

cells, harvest cells (culture media and cell monolayer) by centrifugation (2,500 rpm, 5 

min), and wash cell pellets with 1X  PBS 

2. Add 100 l of lysis buffer (1% NP-40 in 20 mM EDTA, 50 mM Tris-HCl pH 7.5) 
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3. Centrifuge at 3,000 rpm for 5 min and obtain the supernatant 

4. Add 10 l of 10% SDS solution to pooled supernatant (final: 1% SDS), treat with 10 l of 

50 mg/ml RNase A (final 5 g/l) and incubate for 2 h at 56 C 

5.  Add 10 l of 25 mg/ml Proteinase K (final 2.5 g/l) and incubate for 2 h at 37 C 

6.  Add 1/2 vol. (65 l) of 10 M ammonium acetate and 2.5 vol. (500 l) of ice-cold ethanol 

and mix thoroughly. Stand for 1 h in -80 C (―ethanol precipitation‖) 

7. Centrifuge for 20 min at 12,000 rpm, wash the white pellet with 200 l of 80% ice cold 

ethanol followed by air-drying for 10 min at room temperature 

10. Dissolve the pellet in 50 l of TE buffer 

11. Determine the DNA concentration (Abs 260 nm), and resolve about 4 g of DNA on 2% 

agarose gel.  

 

3.3 Protein-protein interaction analyses 

There are several techniques by which protein-protein interaction can be studied; however, 

the requirements of each of these methods are unique and dependent on many properties of 

the ligand and analyte. Usually a combination of techniques is necessary to validate, 

characterize and confirm protein interactions. Following were the techniques used for 

measurement of protein-protein interaction in our study: 

 

3.3.1  Pull-down assay 

Pull-down assays are commonly used for qualitative measurement of interactions between 

two or more proteins. A ″bait″ protein is tagged and captured on an immobilized ligand 

(support beads) through an affinity tag such as GST, MBP or 6X His. This forms a complex, 

a ″secondary affinity support″, which is then incubated with cell lysate or [
35

S] methionine 
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labeled or unlabeled proteins. Protein complexes are either eluted or directly loaded onto 

SDS-PAGE and are analyzed by staining, western blotting or autoradiography. 

 

3.3.2 Co-Immunoprecipitation 

Co-immunoprecipitation (co-IP) is similar in methodology to pull-down assays because of 

the use of beaded support to purify interacting proteins. The difference between these two 

approaches, though, is that while pull-down assays use a bait protein to purify any proteins, 

co-IP uses antibodies to capture protein complexes in a lysate. In a typical experiment, cells 

are lysed and a whole cell extract is prepared under non-denaturing conditions. It is essential 

to use non-denaturing conditions in order to maintain any interactions that occur. An antibody 

specific to the bait is then added to the extract, forming a primary complex. This complex is 

then immobilized on protein A or protein G sepharose beads. Proteins that do not bind are 

removed by a series of washes. The protein complex is then eluted from the beads and 

dissociated by SDS sample buffer. Samples are then evaluated by SDS-PAGE followed by 

western blotting with specific antibodies against the binding partners. 

 

3.3.3 Isothermal Titration Calorimetry 

Isothermal Titration Calorimetry (ITC) is the most quantitative probe available for measuring 

the thermodynamic properties of a protein-protein interaction. It measures the binding 

equilibrium directly by determining the heat evolved (exothermic) or absorbed (endothermic) 

on association of a ligand with its binding partner. In a single experiment, the values of the 

binding constant (Ka), stoichiometry (n), and the enthalpy of binding (∆H) are determined. 

The free energy (ΔG) and entropy (ΔS) of binding is then calculated using the equation: 

                                                 ΔG = -RTlnKa = ΔH-TΔS                          (Eq.1) 

(where R is the gas constant and T is the absolute temperature in Kelvin) 
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 An isothermal titration calorimeter consists of two identical cells (reference cell and 

sample cell) composed of highly thermal conducting and chemically inert substance 

(Hastelloy alloy or gold), surrounded by an adiabatic jacket. The temperature difference 

between the two cells containing the macromolecule is detected and maintained using 

sensitive thermocouple circuits. A known concentration of ligand (loaded in the syringe) is 

titrated into the sample cell, in precisely known aliquots, which upon interaction results into 

heat dissipation or generation. Heat change during the reaction is quantified in terms of time-

dependent input of power required to maintain equal temperatures between the sample and 

reference cells. In an exothermic reaction, feedback power of the sample cell is decreased 

because of increase in the temperature of sample cell while opposite occurs in case of an 

endothermic reaction. 

 We used an iTC200 system from Microcal (GE Healthcare), one of the most sensitive 

isothermal titration calorimeters available. The sample cell is only 200 µl. It can directly 

measure sub-millimolar to nanomolar binding constants (10
-7

 to 10
-9 

M
-1

).  

 

3.3.4 Surface Plasmon Resonance 

Surface Plasmon Resonance (SPR) is one of the fastest methods that allow real-time, label 

free detection of bimolecular interactions. SPR phenomenon occurs when a polarized light, 

under conditions of total internal reflection, strikes an electrically conducting surface at the 

interface between two media. This generates electron charge density waves called plasmons, 

reducing the intensity of reflected light at a specific angle known as the resonance angle; in 

proportion to the mass on a sensor surface. The basic principle involves the changes in the 

reflective index as a result of absorption of molecules onto prefixed ligand.  

 The molecular interaction studies were performed using Biacore 3000 (GE Healthcare). 

In Biacore instruments, the sensor surface comprises a micro-fluidic flow cell (~ 20 - 60 nl). 
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Through this flow cell an aqueous solution (running buffer) is passed under a continuous flow 

rate (1 - 100 µl/min). To allow the detection of an interaction, desired molecule (termed as 

the ligand) is immobilized onto the sensor surface. Its binding partner (analyte) is then 

injected in aqueous solution (ideally with the same components and composition as the 

running buffer) through the flow cell, under continuous flow. As the analyte interacts with the 

ligand the accumulation of mass on the sensor surface causes a change in refractive index. 

This is measured in real time, and the result is plotted as response units (RU) versus time 

(termed a sensorgram). Importantly, a signal (background response) will also be generated if 

there is a difference in the refractive indices of the running and sample buffers. This 

background response must be subtracted from the sensorgram to obtain the actual binding 

response. The background response is recorded by injecting the analyte through a control or 

reference flow cell, which has no ligand or an irrelevant ligand immobilized to the sensor 

surface. The real time measurement of association and dissociation of a binding interaction 

allows for the calculation of association (ka) and dissociation rate constants (kd) and the 

corresponding equilibrium dissociation constants (KD) can be determined from the ratio of the 

dissociation and association rate constants (kd/ka).  

Detailed experimental procedures for each of these techniques are given in the respective 

chapters. 

 

3.4 Biophysical characterization  

Various biophysical techniques are used to structurally characterize a given protein in 

solution. The techniques used in the present work are described below: 

3.4.1 Circular Dichroism Spectroscopy 

Circular Dichroism (CD) spectroscopy measures differences in the absorption of left-handed 

versus right-handed polarized light which arise due to structural asymmetry. Once the protein 
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molecule differentially absorbs the left and right handed light, the emerging light is 

elliptically polarised. CD spectra in the far UV range (260-180 nm) can be analyzed for the 

different secondary structural components of the protein such as alpha helix, parallel and 

antiparallel beta sheet, turn, and others. Absorption minima at λ 208 nm and 222 nm indicate 

α-helical structure, whereas a minimum at λ 218 nm is a characteristic of β-sheets. The 

disordered secondary structural elements or random coil protein are characterised by a low 

elipticity at 210 nm and negative band near λ 195 nm. Based on the high agreement between 

secondary structures derived from CD and X-ray crystallography, several algorithms have 

been developed to provide an estimation of the secondary structure composition of proteins 

from CD data. Widely used algorithms include SELCON (self-consistent), VARSLC 

(variable selection), CDSSTR, K2D and CONTIN. An online server DICHROWEB that 

provide flexibility of analyzing data by various algorithms and databases as well as using 

several reference sets is used for the data analysis. CD spectra therefore can rapidly 

determine the overall folding and secondary structural elements of the protein. The method is 

also very reliable for monitoring changes in the conformation of proteins under different 

conditions such as denaturation studies, unfolding experiments, mutational analysis, etc. 

 

3.4.2 Fluorescence spectroscopy 

Fluorescence spectroscopy, also known as fluorometry, exploits the phenomenon of 

fluorescence in which a molecule absorbs a lower wavelength photon, undergoes electronic 

excitation, and then emits longer wavelength. The fluorescence of a folded protein is a 

combination of the signal from individual aromatic residues with the major contribution from 

tryptophan residue. It can be an indirect probe of the proteins environment, describing the 

solvent-solute as well as inter- and intra-molecular interactions. After exciting a sample, a 
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‗Fluorometer‘ allow us to obtain and measure various attributes including intensity, spectral 

wavelengths and lifetime.  

 Protein emission scans are acquired from λ 310 to 400 nm, following excitation at λ 

280 or 295 nm. The λ280 monitors the environmental changes associated with tryptophan and 

tyrosine side chains due their absorption wavelengths at 280 and 275 nm, respectively. 

However, emission spectrum corresponding to λ295 selectively follows tryptophan emission 

because of least contribution from tyrosine. The fluorescence intensity and λmax are monitored 

to study the protein-folding, ligand-binding and so on.  

Using these techniques structural alterations, protein unfolding was monitored and the 

melting temperature was determined for different proteins. 

 

a) Secondary structural analysis  

Material: Phosphate buffer (20 mM Na2HPO4/NaH2PO4 buffer pH 7.8 with 20 μM β-

mercaptoethanol), Quartz cuvette (1 mm), CD Polarimeter (Jasco, J815)  

Protocol: Far-UV CD data of 10 μM protein in phosphate buffer were collected between λ 

250 and 190 nm (Settings: Scan speed 20 nm/s, accumulation-3, data pitch 0.1, and 

temperature 25 º C).  

 

Data analysis 

CD data from at least three independent experiments were used for data analysis. The spectra 

were plotted as ellipticity (θ) on Y-axis and wavelength (nm) on X-axis. Data is represented 

in the form of the Mean Residual Ellipticity (MRE or [θ]) given as deg.cm
2
.mol

-1
, since the 

value is concentration independent and constant for a protein. Ellipticity was converted to 

mean residue ellipticity using the formula, [θ]MRE = (θ * MRW)/ (10 * c * d) 

where, MRW (Mean residue weight) = Molecular weight / (number of amino acids -1) 



 
 

Materials and Methods  85  

 

'c' is concentration of protein (mg/ml), d is the pathlength in cm 

The data is then saved in Dichroweb format and subsequently analyzed by Dichroweb server 

(http://dichroweb.cryst.bbk.ac.uk). 

 

b) Thermal Denaturation 

Thermal stability of protein is an index of its overall stability. It can be assessed by 

monitoring the CD spectrum with increasing temperature. Far-UV CD region can be used to 

evaluate the secondary structural changes in proteins. The co-operative nature of melting 

curve shows that the protein is well folded.  

Reagents: Phosphate buffer (20 mM Na2HPO4/NaH2PO4 buffer pH 7.8 with 20 μM β-

mercaptoethanol) 

Protocol: Thermal denaturation of wild-type and mutant proteins was done simultaneously 

using multi-cell cuvette holder. A Far-UV CD spectrum (λ 250 to 190 nm) was collected in a 

temperature range of 10 ºC to 90 ºC with an increment of 1 ºC/min. At each data point, the 

sample was equilibrated for 5 mins. 

 

Data analysis 

Ellipticity corresponding to 222 nm at different temperatures was obtained for calculation of 

melting temperature (Tm). Firstly, ellipticity of fully folded (θf) and unfolded forms (θu) were 

estimated using nonlinear regression (GraphPad Prism). This was then used to calculate 

fraction folded at any temperature (α) with the following formula, 

α = [F]/ ([F] + [U]) = (θt-θu) / (θf-θu) 

where [F] and [U] are concentration of folded and unfolded forms respectively, and θt is the 

observed ellipticity at a given temperature. To calculate the Tm, the fraction folded at given 

temperature was further analyzed using nonlinear regression (Igor Pro). 
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c) Equilibrium unfolding studies  

Reagents: Phosphate buffer (20 mM Na2HPO4/NaH2PO4 pH 7.8, 20 mM β-

mercaptoethanol), 10 M urea stock solution prepared in phosphate buffer. The solutions were 

made freshly for each experiment and were filtered (0.22 μm pore size) prior to use. 

Protocol: The experiments were performed as described previously [125]. Briefly, a protein 

stock solution (ten times the final concentration to be used in the experiment) was prepared in 

phosphate buffer. Phosphate buffer, urea from 10 M stock solution, and protein solutions 

were mixed in 2 ml siliconized microcentrifuge tubes to obtain final urea concentration 

ranging between 0 M and 8 M. For renaturation experiments, the protein was incubated in 8 

M urea-containing buffer. After incubation for 1 h at 25 °C, the protein was diluted in 

phosphate buffer such that the final urea concentration was as indicated in the figure legends. 

The samples were incubated for 20 h at 25 °C prior to data collection. The incubation time 

was such that it was sufficient to allow all samples to equilibrate.  

 Fluorescence emission at each urea concentration was measured using JOBIN YVON 

Horiba Fluorolog 3 spectrofluorometer. The measurements were acquired at excitation 

wavelengths of 280 nm and 295 nm with fluorescence emission in the range of λ 310 and 400 

nm. Raw data corrected for buffer background was normalized between zero (unfolded) and 

one (native), as shown in Eq. 2, in order to visualize different spectroscopic signals on a 

single scale. 

                                       YNormalized = (Yx-YU) ÷ (YN-YU)                       . (Eq. 2) 

(where Yx is the signal being normalized, YU is the signal of the unfolded protein, and YN is 

the signal of the native protein). 

 Circular dichroism at 228 nm was measured with a Jasco J-815 spectropolarimeter 

using a cuvette of 1 mm pathlength. Both instruments were equipped with thermostated cell 

holders, and the temperature was held constant at 25 °C using a circulating water bath. 
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Data analysis 

For equilibrium studies using fluorescence spectroscopy, average emission wavelength was 

determined for emission scans using the following equation, 

                                               < λ > =   (Ii
𝑁
𝑖=1  λi)/  (Ii

𝑁
𝑖=1 )                         (Eq. 3) 

where < λ > is the average emission wavelength and Ii is the fluorescence emission at 

wavelength λi. 

Fluorescence and circular dichroism data set were fitted using the three state (dimeric 

intermediate) or two state equilibrium model using Igor Pro (6.03A). 

 

i) Three state dimeric intermediate model 

                                                         N2

K1

 I2

K2

 2U                                    (Eq. 4) 

In this model, the protein is assumed to be either in the native homodimeric state ( N2), a non-

native dimeric state (I2), an unfolded monomeric state (U) and K1, K2 are the equilibrium 

constants for the two steps, respectively. If we consider the total molar concentration of the 

polypeptide chain as PT, as shown in equation 5, 

                                                  PT = 2[N2] + 2[I2] + [U]                           (Eq. 5) 

the mole fraction of each species can be defined as shown in equations 6-8. 

                                                        fN2 =
2N2

PT

                                        (Eq. 6) 

                                                        fI2 =
2I2

PT

                                                                 (Eq. 7) 

                                                        fU =
U

PT

                                        (Eq. 8) 

The sum of all fractions is equal to unity as shown in equation 9. 

                                              fN2 + fI2 + fU = 1                                (Eq. 9) 

The equilibrium constants K1 and K2 are related to the mole fraction of each species and to 

PT, as shown in equations 10 and 11. 
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                                                        K1 =
fI2

fN2

                                       (Eq. 10) 

                                                        K2 =
fu

fI2

                                         (Eq. 11) 

Equating equations 9, 10, substituting in terms of fU, and rearranging yields the following 

equation, 

                                                               
2fU

2
PT 

K1K2

+
2fU

2
PT 

K2

+ fU  -1 =0                  (Eq. 12)                                

By solving the quadratic equation 11, the fraction of each species is obtained, as shown in 

equation 13-15 

                                       fU =
-K1K2+ (K1K2)

2
+8PT(K1K2+K1

2
K2)

4PT(1+K1)
                           (Eq. 13) 

                                                        fI2 =
2fU

2PT

K2
                                     (Eq. 14) 

                                                        fN2 =
fI2

K1
                                         (Eq. 15) 

From equations 12-14 and eq. 1, one can calculate the equilibrium constant and the values of 

∆G at each urea concentration. We assume the free energy change for each step in the 

reaction to be linearly dependent on denaturant concentration as described earlier (Equations 

16 and 17). 

                                    ∆G1= ∆G1
H2O

 – m1 [denaturant]                                              (Eq. 16) 

                                    ∆G2= ∆G2
H2O

 – m2 [denaturant]                                              (Eq. 17) 

 

where ∆G1
H2O  

and ∆G2
H2O

 are the free energy changes in the absence of denaturant 

corresponding to K1 and K2 respectively, and m1 and m2 are the cooperativity indices 

associated with each step. The amplitude of the spectroscopic signal determined at each urea 

concentration is assumed to be a linear combination of the fractional contribution from each 

species (equation 18), 

                                        Y = YN2fN2 + YI2fI + YUfU                                                                (Eq. 18) 
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where YN2, YI2 and YU are the amplitudes of the signals for the respective species.  

In order to determine the unknown parameters ∆G1
H2O

,
 
∆G2

H2O
, m1 and m2, the data sets 

shown in figures 4.3.4 and 4.3.5 were fit simultaneously using Igor Pro.    

 

ii) Two state monomer model 

In this model, the protein is assumed to be either in the native monomeric state (N) or in an 

unfolded monomeric state (U), and K is the equilibrium constant for the unfolding process.  

                                                         N
K
 U                                           (Eq. 19) 

Therefore the total protein concentration is,  

                                                    PT = [N] + [U]                                 (Eq. 20) 

The equilibrium constant K is related to the mole fraction of both the species and is given as, 

                                                     K1 =
[U]

[N]
                                        (Eq. 21) 

The mole fraction of each species can be defined as shown in equations 22 and 23, 

                                                      fN =
1

1+K
                                        (Eq. 22) 

                                                      fU =
K

1+K
                                       (Eq. 23) 

Therefore, the fractional contribution from each species is given by the equation,  

                                                     Y = YNfN+ YUfU                                                                (Eq. 24) 

(where YN and  YU are the amplitudes of the signals for the respective species) 

To determine the unknown parameters ∆G
H2O 

and m1, the data set was fitted simultaneously 

using Igor Pro.    

 

3.5 Protein oligomerization and size characterization 

An oligomer is a macromolecular complex formed mostly due to non-covalent bonding of the 

molecules, and may or may not have biological significance. Homo-oligomerization involves 
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assembly of identical molecules together, whereas, hetero-oligomer involves two or more 

different macromolecules. Protein oligomerization can be detected and characterized using 

different methodologies. However each technique has its own pros and cons, therefore 

several approaches should be combined to draw a conclusion. The methodologies used in the 

present work are described below: 

 

3.5.1  Size-exclusion chromatography 

 Size-exclusion chromatography (SEC) is an analytical technique that separates dissolved 

macromolecules based on their size and shape (hydrodynamic radius). There are two basic 

types of size exclusion chromatography. One is gel permeation chromatography, which uses a 

hydrophobic column packing material and a non-aqueous mobile phase (organic solvent) to 

measure the molecular weight distribution of synthetic polymers. The other is gel filtration 

chromatography, which uses a hydrophilic packing material and an aqueous mobile phase to 

separate, fractionate, or measure the molecular weight distribution of molecules soluble in 

water, such as polysaccharides and proteins. Separation is carried out by means of a porous 

separation matrix with different sized cavities. Completely solvated polymer chains diffuse 

according to their hydrodynamic volume into the cavities of the separation matrix and are 

sorted in terms of their size.  

 The molecular weight of an unknown protein is calculated based on the time taken to 

move through the gel column (Superdex 75 or 200) as compared to the time by the mixture of 

standard known proteins such as alcohol dehydrogenase, bovine serum albumen, lysozyme, 

and MBP. The proteins with the higher molecular weights travel faster as they are excluded 

from the gel compared to low molecular weight proteins. Elution volume (Ve)/void volume 

(V0) vs. log of molecular masses of standards was plotted to generate the calibration curve. 

The molecular weight of the unknown protein is determined from plot of the log molecular 
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weight of the standard proteins versus kav ( kav=Ve-V0/Vc-V0), where Ve is elution volume of 

the protein, Vc is the volume of the column, and V0 or void volume calculated by determining 

the elution volume of blue dextran (1 mg/ml).  

 

3.5.2 Glutraldehyde cross-linking 

Crosslinking is the process of chemically joining two or more molecules by a covalent bond. 

Crosslinking reagents such as glutaraldehyde contain two or more reactive ends capable of 

chemically attaching to specific functional groups (primary amines, sulfhydryls, etc.) on 

proteins. Two physically interacting proteins can be covalently cross-linked and the 

formation of bridge between two proteins suggests their existence in a close proximity. 

 

Reagents: Freshly prepared 0.23% glutraldehyde stock, phosphate buffer (pH 7.5), 2 M Tris- 

HCl (pH 8.0). 

Protocol: Reaction mixtures with 20 μg of purified protein in 10 mM Na2HPO4/NaH2PO4 

buffer (pH 7.5) was treated with freshly prepared solution of glutraldehyde (final 

concentration 0.1%)  for 2 min at 37 
o
C. This reaction was terminated by adding 5 μl of 2 M 

Tris-HCl, pH 8.0. Cross-linked product was mixed with equal amount of Laemmli SDS 

sample buffer and analyzed on 12% SDS-PAGE.   

 

3.5.3 Dynamic light scattering 

Dynamic Light Scattering (Photon Correlation Spectroscopy) is one of the most popular 

technique for measuring the size and distribution of molecules and particles typically in the 

submicron region. The Brownian motion of particles or molecules in suspension causes laser 

light to be scattered at different intensities. Analysis of these intensity fluctuations yields the 

velocity of the Brownian motion and hence the particle size using the Stokes-Einstein 
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relationship. Most of the "particle size analyzed" operate at 90° and use red light of 

wavelength 675 nm. DLS is also capable in measurements of several parameters such as 

molecular weight, radius of gyration, translational diffusion constant etc. 

The molecular size estimation in the present work was done using Wyatt technology DynaPro 

particle size analyzer.  

 

Reagents: Protein solution (1 mg/ml) in phosphate buffer 

Protocol: Protein and buffer solution was filtered (0.44 µm pore size) and degassed prior to 

measurement. 1mg/ml protein in 10 mM Na2HPO4/NaH2PO4 buffer (pH 7.5), 100 mM NaCl 

was loaded into a 45 μl quartz cuvette. Measurements were performed at temperature 25 °C 

and at least 30 – 40 measurements each of 12 s duration were collected. The refractive index 

and viscosity values were taken for the water as provided by the software. The translational 

diffusion coefficient of the protein was calculated from the autocorrelation of scattered light 

intensity. Histogram analyses of DLS results were carried out using the software 

DYNAMICS v.6.0 

 

3.6 Serine protease enzymatic assay 

The protease activity of wild-type HtrA2 and its variants were determined using a generic 

substrate for serine proteases, FITC (fluorescein isothiocyanate) labelled β-casein (Sigma). 

FITC-fluorescence was monitored in a multi-well plate reader (Berthold Technologies) using 

excitation and emission wavelengths of 485 and 545 nm respectively. Reaction rates (v0) 

were calculated using linear regression analysis. The steady-state kinetic parameters were 

calculated from the reaction rates by fitting the data to Hill form of Michaelis-Menten 

equation, velocity = Vmax/(1+(K0.5/ [substrate])
n
), where ‗Vmax‘ is the maximum velocity and 
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K0.5 is substrate concentration at half maximal velocity using KaleidaGraph (Synergy 

software). All the experiments were done independently in triplicate. 

 

3.7 Molecular Modeling, Docking and Simulation 

Molecular modeling involves representation of three-dimensional structures of bio-molecules 

and their physico-chemical properties. It can be obtained using in-silico tools which produce, 

estimate and predict reasonable atomic level structures and related characteristics of 

molecules. It is based on the principle of molecular mechanics which is combined with 

various computational tools to obtain energetic and structural information of target bio-

molecules using theoretical and experimental data. The entire essence of molecular modeling 

resides in the relationship between the microscopic and the macroscopic observations that 

belong to statistical mechanics. Macroscopic observations defined by solvation energy, 

hydrogen-hydrogen bond distance, affinity between two bio-molecules and molecular 

conformation show a great harmonization with average of observable over selected 

microscopic states. Thermodynamically determined macroscopic behavior of a system is 

equivalent to a quantity called the partition function (Z). The partition function is a rather 

very complex to compute therefore, generally a numerical approximations is considered. 

Z=Ʃi
(e-β)Ei

 

Numerical approximations involve the following contents: 

1) Calculation of the system energy for microstate i - performed using semi-empirical force 

fields by GROMOS /Amber/ CHARMM.  

2) Sampling of the microstates accessible in a given macroscopic state, i.e. micro-canonical 

sampling, canonical sampling and isothermic-isobaric sampling for fixed N, V, E ; N, V, T 

and N, P, T systems respectively. 
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3.7.1 Types of Interactions: Different kinds of non-bonded interactions that are present in 

interacting molecules are described below:  

1) Electrostatic interactions 

Coulomb law: The attraction and repulsion between charged bodied is directly proportional to 

product of their charges and inversely to distance between them which is given as, 

 

where, ε represents dielectric constant (value 1 for vacuum, 4 - 20 for protein core and 80 for 

water), qi and qj are the charge on interacting bodies and r is the distance between them.  

2) van der Waals interactions 

It involves attractive part which exist due to induced-dipole/dipole and repulsive part due to 

Pauli‘s Exclusion Principle. It is usually represented by the Lennard-Jones potential which is 

obtained from the single atom parameter ε and ζ. 

3) Hydrogen bonds  

Interaction of the type is D-H ∙∙∙ A. The origin of this interaction is a dipole-dipole attraction. 

Typical ranges for distance and angle: 2.4 - 4.0 Å (D-A) and 90º-180º (D-H∙∙∙A). 

4) Hydrophobic interactions 

This interaction exists due to combined effect of contact between water, polar medium and 

hydrophobic groups, and is usually present with in a distance of 4.7 Å. 

 

Docking: The interaction between bio-molecules such as carbohydrates, lipids, nucleic acids 

and proteins play an essential role in cellular processes. Furthermore, the binding orientation 

of the two molecules may affect the type of signal produced such as agonism and antagonism. 

Docking is a computational simulation method of predicting the preferred orientation of one 

molecule to a second in a stable complex. The relative preferred orientation may be used to 
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determine the strength of association between two molecules. It aims to reach an optimized 

conformation and relative orientation for both the protein and ligand such that the system 

attains a lowest energy state.  

 Docking efficiency can be evaluated from a particular pose by counting the number of 

favorable intermolecular interactions such as hydrophobic contacts and hydrogen bonds. This 

method is most widely used for classifying a ligand which interacts favourably to a particular 

receptor, based on the predicted free-energy of binding. Docking is also very frequently used 

to predict the association of drug and receptor targets in order to determine the binding 

affinity and molecular kinetics. 

 

Docking model: Earlier assumption about docking was a lock-and-key mechanism between 

receptor and ligand in which only the favorable conformation of both interacts and form a 

stable complex. However, soon the concept adapted to a more feasible aspect of induced fit 

model in which the ligand and the protein adjust their conformation to achieve an overall 

"best-fit". Due to the flexible nature of both the ligand and protein, the later model is widely 

accepted but not necessarily applicable to all proteins and ligand.  

 

Molecular dynamics (MD): It is a computer simulation that allows interaction of atoms and 

molecules for a period of time, providing a view of their physical movements. The 

trajectories of atomic and molecular motion are determined by considering forces between 

the particles and potential energy as defined by molecular mechanics force fields. MD 

simulation use numerical methods to find the properties of molecular systems. In simulation 

of docking process, the protein and the ligand are physically separated, and then ligand is 

allowed to find its position into the protein‘s active conformation. The moves incorporate 

internal changes to the ligand‘s structure, translations and rotations. The advantage of 
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docking simulation is that it more accurately models reality, and ligand flexibility is easily 

incorporated.  

 

3.7 2 General steps for molecular modeling, simulation and docking: 

1. Crystal structures retrieval from Protein Data Bank (PDB) (http://www.rcsb.org/pdb/) 

which can be used as a model template.  

2. Modeling: Homology modeling or ab-initio modeling 

3. Model energy minimization: Energy level is the most basic property of molecules that can 

be calculated using three major theoretical methods, (i) molecular mechanics, (ii) semi-

empirical (quantum mechanics), (iii) ab-initio (quantum mechanics) approach. Energy 

minimization is the first step carried out for geometry optimization of the molecular 

structure. 

4. Dynamics simulation and conformation search: Integration of molecular dynamics 

(solving Newton‘s law of motion for the nuclei) for all atoms in the system generates 

molecular trajectories. Conformation search of bio-molecules is carried out by repeating 

the procedure of rotating dihedral angles to achieve lowest energy conformations of 

molecular systems. 

5. Calculation of molecular properties: Some physicochemical properties such as 

thermodynamic quantities, solubility, molar volume, heat capacity, molar refractivity 

density, dipole moment, magnetic susceptibility, partial atomic charge, ionization 

potential, electrostatic potential, solvent accessible surface area and van der Waals 

surface area are computed. 

6. Structure superposition and alignment: It involves comparison of series of homologous 

molecules to get the best energy minimized model, which requires superposition or 

alignment of structures.  
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7. Molecular interactions, docking: In intermolecular interaction studies, usually the 

receptor (e.g., protein) is kept rigid or partially rigid while the conformation of 

ligand/protein is dynamic. Various docking software available includes AUTODOCK, 

HAADOCK, PATCHDOCK, ClusPro, etc. 
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Introduction: 

Viruses have evolved complex strategies to manipulate cellular apoptotic machinery of 

infected cells for their own benefit. They selectively inhibit or induce apoptosis for efficient 

viral replication and evasion of host defence mechanisms or for virus propagation. Oncogenic 

high risk HPV displays anti-apoptotic activities mainly mediated by oncoprotein E6, which 

interferes with both intrinsic and extrinsic pathways by targeting p53 [126] and FADD [127] 

for degradation and the pro-apoptotic role has been attributed to a transcription factor E2 

protein [7, 128]. However, this activity of E2 is only associated with high risk viruses, such 

as HPV16 and 18, while the low risk HPV types 6 and 11, which only cause benign lesions, 

do not induce cell death [129]. Furthermore, several studies have shown that E2-mediated 

apoptosis is not specific to transformed cells and occurs in primary epithelial as well and is 

independent of its virus associated functions including transcription and replication [48]. 

Different mechanisms have been proposed for different types of high risk HPVs. It has been 

reported that HPV18 E2 activates extrinsic death receptor pathway, via physical interaction 

with caspase-8, a component of 'Death Inducing Signaling Complex'. This interaction 

bypasses the requirement of upstream death-fold adaptor proteins such as FADD thereby 

representing a novel adaptor-independent caspase activation pathway [1]. On the other hand, 

HPV16 E2 involves p53-mediated apoptosis or abrogation of apoptosis-inhibitory function of 

cFLIP thereby sensitization to the extrinsic apoptotic pathway [49, 130]. Nevertheless, 

induction of apoptosis by high risk HPVs has been linked to their cytoplasmic accumulation 

due to an active nucleo-cytoplasmic shuttling and activation of apical caspase-8 [131]. 

 Formation of the death-inducing signaling complex (DISC) is a critical step in extrinsic 

cell death pathway [132]. The current model for DISC formation proposes that the ligation of 

Fas or TRAIL-R1/TRAIL-R2 receptors trigger the recruitment of death-fold domain adaptor 

proteins such as FADD via homotypic interaction between death domain (DDs) within the 
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receptor and FADD. The death effector domain (DED) of FADD then recruits DED-only 

proteins including procaspase-8 or c-FLIP, forming an active DISC. This enables activation 

of the initiator zymogenic procaspase-8, a process that requires both proximity induced 

dimerization of the catalytic domain and autoproteolytic cleavage [133]. Once activated, 

activate caspase-8/caspase-10 initiate the caspase cascade, directly through cleavage of 

downstream executioner caspases, ultimately resulting in apoptosis [134]. This suggests 

caspase-8 strictly depends on homotypic binding to death-fold domain adaptor proteins such 

as FADD to oligomerize and to self-activate [67, 135, 136]. Only few adaptors for caspase-8 

activation have been described so far, and they all contain DED or pseudo-DEDs [137, 138]. 

Therefore, it is intriguing to understand how E2 a non-death-fold domain protein physically 

interacts with caspase-8 to promote apoptosis and how is it different form the classical FADD 

– procaspase-8 interaction. 

 Here, we have characterized the molecular basis of E2 – procaspase-8 interaction and 

defined the surface for the physical interaction between them. Furthermore, we present a 

fascinating insight into the mechanism of classical FADD – procaspase-8 interaction and 

attempted to establish a relationship between these two mechanisms of apoptosis. 

 

The present chapter is divided into three sub-chapters: 

4.1 Understanding protein-protein interactions involved in non-death-fold E2-induced 

apoptosis 

4.2 Molecular details of DED assembly and its role in death-fold mediated caspase-8 

activation 

4.3  Biochemical and biophysical characterization of E2 transactivation domain 
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4.1  Understanding protein-protein interactions involved in non-death-fold E2-induced 

apoptosis 

4.1.1  Experimental Procedures 

4.1.1.1  Plasmids – c-DNA encoding the wild-type caspase-8 cloned in pET29b caspase-8 

and pET29b FADD constructs were provided kindly by Prof. Guy Salvesen (Burnham 

Medical Research Institute, USA) and pEGFPc1 HPV18 E2 full length construct was 

obtained as a kind gift from Dr. F. Thierry (Institut Pasteur, France). For co-expression of E2 

and procaspase-8 in E. coli, we sub-cloned the c-DNA encoding HPV18 E2 transactivation 

domain (residues 1-201) in chloramphenicol resistant pACYC-vector (Clontech) using 

restriction enzymes NcoI and HindIII. A C-terminal His-tag was introduced in this vector by 

site-directed mutagenesis, to facilitate protein purification. The full length procaspase-8 and 

its prodomain DED-A (1-80), DED-B (100-181) and DED-AB (1-181) were subcloned in 

ampicillin resistant pMALc5-E-TEV vector digested with restriction enzymes BamHI and 

EcoRI. For expression in mammalian cells, procaspase-8 full length cDNA were sub-cloned 

in pEGFPn1, pmCherry-n1 and pcDNA3.0 vectors. The mutants for all the proteins were 

generated using QuickChange site-directed mutagenesis kit (Stratagene). Sequences of all 

constructs were verified by automated DNA sequencing (ACTREC sequencing facility).  

 

4.1.1.2  Protein co-expression, purification and in vitro complex formation assay – For 

protein co-expression, the plasmids were transformed in E.coli BL21 (DE3) cells. The cells 

were grown in the medium supplemented with 2 μg/ml of arabinose (to induce expression of 

pACYC-E2 TAD) at 37 
o
C till the optical density (A600 nm) reaches 0.5. Cells were further 

induced with 0.4 mM IPTG to induce expression of MBP-tagged constructs and cultured at 

18 °C for 20 h. After co-expression of the proteins, the cell lysate (in 20 mM 

Na2HPO4/NaH2PO4, pH 7.8 containing 200 mM NaCl, 0.1 mM DTT, and 1% glycerol) was 
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passed through pre-equilibrated Ni-IDA or amylose resin for 1 h at 4 °C. Beads were washed 

three times with binding buffer (20 mM Na2HPO4/NaH2PO4, pH 7.8 containing 200 mM 

NaCl, 1 mM DTT, 0.1% TritonX-100) and the bound proteins were later eluted using 

imidazole or maltose respectively. The complexes were separated on 12% SDS-PAGE and 

were immunoblotted with 1:1000 dilution of anti-E2 antibody (sc-26939, Santa Cruz 

Biotechnology, Inc.). 

 

4.1.1.3 Analysis of the stability of E2-DED complex – The protocol was adapted as 

described earlier for Fas-FADD complex [52]. To evaluate the stability of the complex, 

isolated His6 tagged E2 TAD – MBP fused DED-B complex was diluted to different final 

concentrations in the range (500 nM - 20 μM). The diluted complexes were then mixed with 

50 μl of amylose resin and incubated for 1 h at 4 
o
C. The beads were given a rapid wash and 

the bead-bound proteins were eluted with Laemmli SDS sample buffer. Protein was 

visualized on 12 % SDS-PAGE and the E2 TAD to MBP DED-B ratio was determined by 

densitometric analysis of background corrected band intensity using the ImageJ software.  

 

4.1.1.4 Co-immunoprecipitation assays – HEK 293 cells were maintained in DMEM 

media supplemented with 10% foetal bovine serum. Cells were seeded in 6-well plates and 

transfected with 1.5 μg of pEGFPc1 HPV18 E2 and 500 ng of pCDNA3.0 caspase-8 

expressing plasmids using Lipofectamine 2000 (Life Technologies). After incubation for 24 

h, the transfected cells were lysed in 1% CHAPS buffer (10 mM HEPES pH 7.4, 150 mM 

NaCl, 1% CHAPS, 0.1% Triton-X 100, 5% sucrose, 1X protease cocktail inhibitor). The cell 

lysate was centrifuged at 10,000 rpm for 15 min at 4 ºC and the resulting soluble cell lysate 

was pre-cleared using Protein G sepharose beads (GE Healthcare). The pre-cleared cell lysate 

was incubated with 1 μg of anti-E2 antibody (clone vW-20, Santa Cruz Biotechnology, Inc.) 
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at 4 °C overnight. 100 μl of Protein G sepharose beads were added to each sample, incubated 

for 2 h at 4 °C and then washed three times with 1% CHAPS buffer. Bead-bound proteins 

were eluted with Laemmli sample buffer. Eluted proteins and cell lysates were separated by 

SDS-PAGE and immunoblotted using antibodies to HA-tag (Sigma-Aldrich) and developed 

using enhanced chemiluminesence ECLprime Kit (GE Healthcare). 

 

4.1.1.5 Confocal imaging – Post 24-30 h of transfection, GFP-tagged E2 and mCherry 

fused procaspase-8 were imaged using a confocal system with an Argon 488-nm and 

helium/neon 543-nm lasers. All the images were captured using Plan-Apochromat 63×1.4 

NA objective in 12-bit format using Zeiss LSM 510 Meta confocal laser scanning 

microscope.  

 

4.1.1.6  Molecular modeling and docking – Procaspase-8 DED (1-190) was modeled using 

homology modeling by Modeller 9 v7 [139]. For this, the 1.4 Å resolution structure of viral 

FLIP (MC159) from Molluscum contagiosum virus (PDB id. 2BBR) was taken as template. 

Sequence for the DED was taken from the UniProt Knowledgebase (UniProt ID. Q14790). 

Using Modeller, 20 models of the protein were generated and then evaluated using the 

Discrete Optimized Protein Energy (DOPE) scores. The best model was chosen as the one 

with the lowest DOPE score. In order to assess the quality of the model, PROCHECK tool 

was used [140]. The homology modeled structure was then subjected to energy minimization 

for 2000 steps and equilibration using CHARMM27 force field in NAMD2.9 Molecular 

Dynamics Package (http://www.ks.uiuc.edu/Research/namd/). Particle Mesh Ewald was used 

to treat long range electrostatics and SHAKE algorithm was used to constrain hydrogen 

containing bonds. The system was equilibrated in water at 300 K and 1 atm pressure for 20 

ns. The protein was then further simulated in water for 22 ns and the final structure at the end 
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of the simulation was then used for docking studies. The structure and simulations were 

visualized and analyzed using Visual Molecular Dynamics (VMD) software. Similarly, the 

protein sequence of HPV18 E2 TAD was retrieved (UniProt ID. P06790). Although the 

crystal structure of E2 protein TAD domain (PDB id. 1QQH) was available in the literature at 

resolution of 2.1 Å,  the first 65 residues were missing [141]. Therefore, protein blast search 

was carried out against PDB database (http://www.rcsb.org/pdb) to get most suitable template 

for homology modeling of the complete TAD structure. The first 65 residues of HPV18 E2 

TAD was modeled using HPV16 E2 TAD (PDB id. 1DTO) as a template [142]. It was 

followed by a brief equilibration (as done earlier) of the protein in water for 16 ns after 

addition of hydrogens. The final energy minimized structure was used for docking studies. 

 The HPV18 E2 TAD structure was docked on to procaspase-8 DED using HADDOCK 

[143]. To predict the best binding mode between the two proteins, the active residues were 

assumed to be the set of accessible residues from the two proteins which were evaluated 

using WHATIF [144]. The tool was allowed to define the passive residues automatically. A 

total of 1000 complexes were sampled for rigid body docking, followed by 200 for semi-

flexible refinement and 200 for explicit solvent refinement. The final structures after explicit 

solvent refinement were clustered using a RMSD cut-off of 7.5 Å. The HADDOCK predicted 

complex of DED and HPV18 E2 TAD with the best score was then energy minimized for 

2000 steps and equilibrated in water for 70 ns at 300 K and 1atm pressure in order to achieve 

further refinement of the docked complex. The complex was then simulated for 40 ns and the 

final structure of the complex at the end of the simulation was then used for further analyses. 

The binding interface residues were evaluated using the PDBsum generate server [145, 146] 

and Protein Interactions Calculator [147] with the default cut-offs. 
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4.1.1.7  CD and fluorescence spectroscopy – Far-UV CD scans were acquired using a 

JASCO J 815 spectropolarimeter (Jasco, Easton, MD, USA) using a quartz cell with 1-mm 

path length. The spectra were recorded for 10 μM proteins at 25 
о
C between 190 and 260 nm 

using a scan speed of 20 nm/min for total 5 accumulations. The mean residue ellipticity was 

calculated as described in chapter-3. Fluorescence emission was measured for protein 

solutions (2 μM) using a Fluorolog-3 spectrofluorometer (Horiba Scientific, Edison, NJ, 

USA) with 280 nm excitation followed by emission between 310 and 400 nm.  

 

4.1.1.8  Cell death assays – IETD hydrolysis: E2 wild-type and mutant transfected cells 

were lysed in caspase assay buffer (20 mM HEPES pH 7.7, 100 mM NaCl, 1 mM DTT, 1 

mM EDTA, 0.1% CHAPS, 0.5% NP-40, 10% sucrose). Caspase activity was measured in 

crude extracts containing 30 μg proteins with 200 nM of Ac-IETD-AFC in 100 μl of caspase 

assay buffer for 2 h at 37 
o
C. Ac-IETD-AFC hydrolysis was measured by monitoring 

emission at 510 nm with 405 nm excitation. For each experiment, cells expressing wild-type 

GFP-E2 incubated with pan caspase inhibitor (z-VAD-fmk) was kept as a control. Cell 

viability analyses by flow cytometry and DNA ladder assay were performed as described in 

chapter-3. 

 

4.1.2  Results 

4.1.2.1  Mapping the minimal binding region involved in HPV18 E2 – procaspase-8 

interaction  

It has been previously demonstrated that the amino-terminal transactivation domain (TAD) of 

HPV18 E2 binds directly to the prodomain of caspase-8 to induce apoptosis [8]. In order to 

identify the minimal binding domain for E2 – procaspase-8 interaction, we developed a co-

expression system, owing to the difficult nature of DED proteins in solution, to perform 
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binding analysis. For this, we cloned the individual genes in two compatible plasmid sets 

with different origin of replication, antibiotic selection, inducer and affinity tag. HPV18 E2 

TAD was cloned in an ara-operon plasmid (pACYC-vector) facilitating expression of His6 

tagged E2 TAD. Similarly, lac-operon constructs encoding MBP fusion procaspase-8 full 

length or DEDs were cloned in pMALc5-TEV empty vector. The constructs were co-

expressed in E.coli BL21 (DE3) cells and pull-down assay with appropriate controls was 

performed as described in the experimental section. The pull-down of tandem DED or 

individual DEDs with E2 TAD showed that E2 binds very weakly to DED-AB or DED-A, 

while it strongly associates with DED-B  (Fig. 4.1.1). This result suggests that HPV18 E2 is 

probably involved in heterotypic interaction with DED-B of procasapase-8.  

  

 

 

 

 

Figure 4.1.1 Pull-down assay of E2 TAD with procasapse-8 DED domains. MBP tagged DED-

AB, DED-A or DED-B were tested for their binding with E2 TAD-His6. Lanes 1-4 represent MBP 

pull-down using amylose resin while lanes 6-9 is for reverse His pull-down with Ni2+-IDA resin. In 

lane-1, MBP tag was checked for its binding to E2 TAD-His6; and in lanes 2-4, MBP fused DED-B, 

DED-A and DED-AB acted as baits to test their complex formation with E2 TAD. In lanes 6-9, E2 

TAD-His6 acted as a bait to monitor the binding of MBP, MBP-tagged DED-AB, DED-A or DED-B 

respectively. The image is of 12% SDS-PAGE coomassie stained gel. It is interesting to note that 

DED-B interacts with E2 while DED-AB, which although contains domain-B, does not show 

interaction. 

 

  In order to map the minimal binding region in DED-B, we generated 12 deletion 

constructs comprising different combination of six α-helices of DED-B represented in Fig. 

4.1.2, and performed the pull-down assay. We observed that deletion of helices α2 and α5 
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disrupted the interaction with E2 TAD (Fig. 4.1.3), indicating that plausibly these helices are 

important for mediating E2 – procaspase-8 interaction.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
Figure 4.1.2 Schematic representation of the deletion constructs for procaspase-8 DED-B. The 

individual helices are shown in different colors.  

 

  

 

 

 

 

 

 

 

 

 

Figure 4.1.3 Pull-down assay of E2 TAD with procasapse-8 DED-B deletion constructs. MBP 

pull-down was performed for 12 deletion constructs of MBP DED-B as the bait to test their 

interaction with E2 TAD-His6. 20 μg of the total cell lysate was immunoblotted with anti-E2 antibody 

to confirm the presence of E2 protein in all the samples.  

 



 
 

Chapter – 4.1   109  

 

4.1.2.2  In silico prediction of E2 – procaspase-8 binding interface 

 The crystal structure of viral FLICE-like inhibitory protein (vFLIP) from Molluscum 

contagiosum 159 (MC159) provides an excellent template to study the structure function 

relationship of tandem DED containing proteins [66]. The procaspase-8 tandem DED is 23% 

identical in sequence to the MC159 vFLIP. Therefore, a homology model of caspase-8 DED 

was constructed using MC159 vFLIP structure (PDB entry 2BBR) as a template (Fig. 

4.1.4A). The final energy minimized modeled structure of caspase 8 DED had 0.6% residues 

in the disallowed region of the Ramachandran plot as evaluated using PROCHECK tool. 

Each of the two DED domains showed the presence of classic death-fold architecture with six 

α helices and both the domains connected by a linker containing a single helix (Fig. 4.1.4B).  

 The HPV18 E2 TAD structure was modeled for the first 65 missing residues in crystal 

structure (Fig. 4.1.5A) using HPV16 E2 TAD as the template. It has an overall sequence 

identity of 47% with HPV16 and superposition of (66-201) residues demonstrates a root 

mean square difference of less than 1.0 Å. The simulated structure of HPV18 E2 TAD 

contains three helices and a β-strand containing domain connected by two consecutive helical 

turns (Fig. 4.1.5B). Both these two modeled structures were then subjected to docking for 

identification of the binding interface.  

 The inter-molecular interface between DED and E2 TAD docked complex  had 1667Å
2
 

of extensively buried surface area and notably involved residues F122, L123, D158, K161, 

R162, Q166 in  DED-B and Q35, Q38, R41, W42, F48, D52, I77, Q80, M81, Q84 in HPV18 

E2 TAD (Fig. 4.1.6). Table 4.1.1 provides a detailed list of the interactions. Strikingly, 80% 

of the interactions in DED involved residues from helices α2 and α5 of DED-B, which very 

well corroborates with our deletion mutagenesis studies. For E2 TAD, 60% of the 

interactions majorly involved residues from helix α2 highlighting the importance of this helix 
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in E2-mediated apoptosis. This observation is in support of a previous finding where deletion 

of helix α2 from E2 showed diminished apoptosis [1]. 

  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
Figure 4.1.4 Molecular modeling of procaspase-8 tandem DED. A) Cartoon representation of 

MC159 vFLIP X-ray structure (PDB id. 2BBR). The domains DED-A and DED-B are shown in blue 

and green colours respectively. B) Homology model of human procaspase-8 DED-AB (residues 1-

185). 

 

  

 

Figure 4.1.5 Molecular modeling of HPV18 E2 TAD. A) Crystal structure of HPV18 E2 TAD 

(residues 66-208), PDB id. 1QQH. B) Model of HPV18 E2 TAD built on the template 1QQH. The 

missing residues 1-65 were homology modeled using HPV16 E2 TAD (PDB id. 1DTO).  
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Figure 4.1.6 Interaction across HPV18 E2 TAD – procaspase-8 DED interface.  Dimplot of the 

docked E2 – procaspase-8 complex. Residues from E2 TAD and procaspase-8 DED-B are shown in 

pink and orange colors respectively.  

 

4.1.2.3  Identification of procaspase specific binding site on E2 

To identify the key residues involved in the interaction, we introduced series of mutations in 

E2 TAD followed by co-expression and pull-down assay of mutant E2 with wild-type DED-

B. This analysis identified R41, W42 and F48 as potential participants in the interaction with 

procaspase 8. They reside on α2 helix of E2 and mutations of these residues together were 

found to significantly affect binding with procaspase-8 DED-B (Fig. 4.1.7A). We also tested 

the single mutants of these residues and observed that neither of these point mutations alone 

inhibited the complex formation (Fig. 4.1.7B). Since the biochemical analysis of DED 

complex is limited by its poor solubility, we carried out a dilution experiment with the 
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isolated E2 – procaspase-8 DED-B complex as previously demonstrated for characterization 

of Fas – FADD death domain complex [52]. It was observed that E2 – DED-B wild-type 

complex showed cooperative dissociation of the complex below concentration as low as 500 

nM, based upon plot derived from quantitative SDS–PAGE analysis from various E2 – DED 

complex dilutions (Fig. 4.1.8), suggesting high affinity between the two proteins. Also the 

complex was found to remain stable in low to high ionic strength buffers. In contrast, the E2 

TAD triple mutant showed remarkably reduced binding and could not form a stable complex. 

The mutations disrupt the function of any protein by two distinct possibilities: either by 

destabilizing the structure or affect a functional surface that is essential for binding to other 

protein(s). Notably, these potential residues in E2 TAD are solvent exposed (Table 4.1.2), 

and are thus unlikely to affect the structure. To confirm this, secondary and tertiary structural 

analyses was performed using Far-UV CD and fluorescence spectroscopic studies 

respectively (Fig. 4.1.9A and B), which showed that all the TAD mutants have overall 

structural conformation similar to the wild-type protein.  

  To further analyze the relationship between E2 and caspase-8, and the effect of 

substituting the interface residues in E2, we carried out co-transfection in HEK 293 cells. It 

has been previously established that ectopic expression of tagged/untagged HPV18 E2 or 

caspase-8 separately show nucleo-cytoplasmic distribution and diffused cytoplasmic 

localization respectively [42]. To study the relationship, we ectopically co-expressed GFP-E2 

and catalytically inactive mCherry fused caspase-8 C360A mutant which would prevent 

induction of cell death upon interaction. Post 24 h of transfection, live cell images were 

captured by laser confocal microscope to visualize their localization. Co-expression of 

caspase-8 with E2 resulted in redistribution of the two proteins into co-localized cytoplasmic 

punctate structures (Fig. 4.1.10B). However, upon co-expression of E2 triple mutant and 

caspase-8, we did not observe any co-localization, and that caspase-8 reverted to diffuse 
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distribution while E2 showed a nucleo-cytoplasmic localization (Fig. 4.1.10C). The 

interaction was further confirmed by co-immunoprecipitation experiments. Immunoblot 

analysis of the co-immunoprecipitated proteins showed that E2 wild-type associates with 

procaspase-8 while the triple mutant fails to do so (Fig. 4.1.11). We, therefore, conclude that 

interaction of E2 with caspase-8 involves residues R41, W42 and F48 of HPV18 E2 TAD.  

 

 

 

 

Figure 4.1.7 MBP pull-down assay for E2 wild-type and mutants with procaspase-8 DED-B. A) 

E2 TAD wild-type and mutants as indicated were tested for their binding to MBP-tagged DED-B 

(bait). B) Western blotting analysis of E2 TAD single mutants (R41A, W42A or F48A) and triple 

mutants (prey) with MBP DED-B as bait.  20 μg of the total cell lysate was immunoblotted with anti-

E2 to confirm the presence of E2 TAD in all the samples. 
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Figure 4.1.8 Dilution experiment with the isolated E2 TAD – DED-B complex. Top panel-The 

complex diluted to different final concentrations as indicated were analyzed on 12% SDS-PAGE 

(representative gel). The lower panel shows a plot derived from quantitative SDS-PAGE analysis of 

background corrected band intensity measured as E2 TAD to DED-B ratio for various dilutions of the 

complex. The measured intensity is represented as normalized intensity for the data obtained from 

three independent complex preparations and their dilutions. The error bars show the standard error. 

 

 

 

 

Figure 4.1.9 Secondary and tertiary structural analyses of E2 TAD wild-type and mutant 

proteins. A) Far ultraviolet circular dichroism spectra of E2 wild-type and mutant proteins. The 

measurements were made of at 25 oC for 10 μM of protein solution in buffer 10 mM 

NaH2PO4/Na2HPO4 pH 8.0, 100 mM NaCl. Contributions to the spectra by the buffer were subtracted 

using control scans. All the curves are represented as mean residual ellipticity in unit deg cm2 mol-1. 
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The CD spectra reveal that the mutants have similar secondary structure characteristics as the wild-

type protein. B) Fluorescence emission scans recorded for 2 μM of wild-type and mutant E2 TAD 

using an excitation of 295 nm and emission in the range of 310-400 nm.  Note that the emission 

maximum blue shifted by 3 nm in case of the single and double mutants W42A and R41A, W42A 

respectively compared to wild-type and R41A mutant is most likely due to the substitution of the 

surface exposed W42. 

 

 

 

 

 

 

 

Figure 4.1.10 Expression and localization of procaspase-8 and HPV18 E2 in transfected cells. A) 

HEK 293 cells transfected with GFP tagged E2 (upper panel) and mCherry fused catalytically inactive 

mutant of procaspase-8 (lower panel). GFP-E2 and mCherry-procaspase-8 show a nucleo-cytoplasmic 

and diffused cytoplasmic distribution respectively. In panel B and C, cells were co-transfected with 

catalytically inactive wild-type procaspase-8 and wild-type (B) and R41A, W42A, F48A (RWF) triple 

mutant (C) GFP-E2 constructs. D) Cells co-transfected with wild-type E2 and the quadruple mutant 

DQFL (D158A, Q166A, F122A, L123A). Live cell images were acquired post 24 h of transfection 

using Zeiss LSM 510 confocal microscope, and representative images for each transfection is shown 

along with the scale bar (Original magnification x630 with 2X optical zoom). Note that cells 

expressing both wild-type proteins show redistribution of the two proteins into co-localized 

cytoplasmic punctate structures. However, in case of cells co-expressing wild-type and mutant 

proteins, caspase-8 reverts to a diffuse distribution while E2 shows nucleo-cytoplasmic localization.  
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Figure 4.1.11 Immunoprecipitation of E2/procaspase-8 complex. Extracts from HEK 293 cells 

transfected as described were immunoprecipitated using an anti-HA antibody followed by 

immunoblotting using anti-E2 antibody. 20 μg of the lysate were immunoblotted with anti-HA and 

anti-E2 antibodies.  

 

 

 

 

 

 

 

 

 

 

 
 

Figure 4.1.12 MBP pull-down assay for wild-type E2 TAD and procaspase-8 DED-B mutants. 

A) MBP-tagged procaspase-8 DED mutants (bait) as indicated were tested for their binding to E2 

TAD-His6 (bait) by probing with anti-E2. 20 μg of the total lysate was immunoblotted with anti-E2 to 

confirm the presence of the E2 TAD in all the samples. 

 



 
 

Chapter – 4.1   117  

 

4.1.2.4  Identification of E2 specific binding site on procaspase-8 

A closer look into the available DED family complex interface reveals large interaction 

surface [50], which often lacks the presence of defined and centred interaction sites as 

observed in case of regulatory complexes [148-150]. From our docking studies, we observed 

a wide surface area of the interface involving different helices of DED-B. Based on the 

docking and deletion mutagenesis studies, we identified that helices α2 and α5 of procaspase-

8 DED-B might be important in mediating E2-procaspase 8 interaction.  

To pin-point the key residues involved in the interaction, series of alanine 

substitutions were carried out individually and in combination on these two helices of DED-

B. Using these mutants, we performed the pull-down assay as described earlier. We observed 

that substitution of residues F122, L123 (helix α2b) and D158, Q166 (helix α5b) in 

combination significantly affected the binding of procaspase-8 with E2 (Fig. 4.1.12). To 

further substantiate these findings, we performed a co-immunoprecipitation assay. The HA-

tagged caspase-8 wild-type or mutant and GFP-E2 were co-transfected into HEK 293 and the 

cell lysate was immunoprecipitated using anti-HA. The immunoprecipitates were then 

examined by western blotting using anti-E2 antibody (Fig. 4.1.11). Our results of co-

immunoprecipitation confirmed the role of these residues as potential participants in 

mediating E2 – procaspase-8 interaction. Furthermore, co-localization studies were carried 

out with ectopic expression of GFP-E2 and mCherry tagged procaspase-8 quadruple mutant 

(Fig. 4.1.10D). It was observed that caspase-8 did not redistribute into the typical 

cytoplasmic punctate structure in presence of E2, as seen in case of wild-type complex. 

Therefore, collectively these results indicate that binding of E2 – procaspase-8 involves 

interaction between helix α2 of E2 TAD with α2/α5 helices of procaspase-8 DED-B.   
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Figure 4.1.13 E2-induced cell death analysis. A) Viability of HEK 293 cells transfected with the 

expression plasmids as indicated, determined post 22 h of transfection by propidium iodide uptake. B) 

Caspase-8 activity was measured for the crude extracts isolated from the cells transfected with the 

plasmids as indicated, using fluorogenic Ac-IETD-AFC substrate. The bars represent the mean and 

the error bars the standard deviation. Statistical analysis using student‘s t-test, * p<0.05 (A) and 

p<0.01 (B). C) Agarose gel electrophoresis of apoptotic DNA fragments. Total DNA extracted from 

cells was loaded on a 2% agarose gel. 180 bp DNA ladder was observed as a typical feature for 

apoptosis in case of wild-type E2 expressing cells while it was significantly reduced in mutant cells 

(M stands for 1 kb DNA marker). For each experiment, cells expressing wild-type E2 incubated with 

pan-caspase inhibitor (z-VAD-fmk) was kept as control to monitor the effect on caspase activation.  

 

 



 
 

Chapter – 4.1   119  

 

 

 

 

 

 
 

Figure 4.1.14 E2-FADD interaction analysis. A) Upper panel, western blot analysis of GST pull-

down assay using HPV18 E2 full length and TAD proteins as bait and wild-type FADD-His6 as prey. 

Lower panel shows the coomassie stained gel for the recombinant GST and fusion proteins. B) 

Immunoprecipitation of FADD. Extracts from HEK 293 cells co-transfected as described were 

immunoprecipitated using an anti-FADD antibody followed by immunoblotting using anti-E2. 20 μg 

of the lysate were immunoblotted with anti-FADD and anti-E2 antibodies.  

 

 

4.1.2.5  Monitoring the effect of interface E2 mutant on cell death  

 It has previously been documented that E2 proteins of high risk HPVs induce apoptosis 

in all human cell types, including transformed as well as in primary epithelial cells [7, 48, 

151]. To determine whether loss of interaction between E2 and procaspase-8 affected the pro-
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apoptotic activity of E2, cell death assays were performed in presence of wild-type or mutant 

E2 protein in HEK 293 cells. When ectopically expressed, GFP-E2 wild-type induced cell 

death as measured by propidium iodide uptake (Fig. 4.1.13A). However, expression of GFP-

E2 α-2 helix triple mutant showed a significant reduction in percent cell death. 

Overexpression of gfp per se did not show any considerable cell death.  In addition, the 

presence of pan-caspase inhibitor Z-VAD-fmk reduced the level of E2-induced cell death as 

reported previously [7]. These results highlight the requirement of interaction between E2 

and procaspase-8 to bring about activation of caspase-8 and hence cell death. To measure 

caspase-8 activation, we determined the rate of hydrolysis of caspase-8 specific fluorogenic 

substrate IETD-AFC as described in the experimental section. We found that the IETDase 

activity was readily detectable in extracts from GFP-E2 wild-type expressing cells but not in 

the mutant expressing cells (Fig. 4.1.13B). We further confirmed these results by performing 

DNA fragmentation assay (Fig. 4.1.13C), a marker for apoptosis. DNA ladder was observed 

as a typical feature for apoptosis in case of wild-type E2 expressing cells while it was 

significantly reduced in cells expressing mutant protein. 

 

4.1.2.6  E2 – FADD interaction analysis  

 To confirm whether the interaction between HPV18 E2 and procaspase-8 is 

independent of adaptor protein FADD, in vitro GST pull-down assay was performed with 

recombinant FADD and wild-type full length and TAD of E2 (Fig. 4.1.14A). The pull-down 

assay showed that FADD does not interact with either the full length E2 or TAD in 

agreement with the earlier reports [1, 41]. We also validated this by co-immunoprecipitation 

of ectopically expressed GFP-E2 and mCherry fused FADD or with endogenous FADD (Fig. 

4.1.14B). These results confirm that E2 – procaspase-8 interaction is indeed independent of 

the adaptor protein FADD. 
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Table 4.1.1 List of interactions across E2 TAD – procaspase-8 DED-B interface evaluated 

using the Protein Interactions Calculator with the default cut-offs [147]. 

 

Type of interaction E2 TAD DED-B 
Distance 

(Å) 

Hydrogen bonds 

Main chain- side 

chain  

O      Asp31  (α2) O
ε1    

Glu126 (α2b) 3.04 

O      Ala45   (α2) NH1 Arg162 (α5b) 3.07 

O      Arg41   (α2) N
ε2     

Gln166 (α5b) 3.01 

O
ε1    

Gln38    (α2) N      Glu126 (α2b) 3.06 

NH1 Arg41   (α2) O      Ser119  (α2b) 3.36 

O
ε1

   Gln80   (α3) O      Phe122 (α2b) 3.00 

Side chain-side chain 

N
ε2     

Gln35   (α2) O
ε2    

Gln127  (α2b) 3.56 

O
ε2     

Glu52    (α2) N
δ 
   Lys161  (α5b) 2.67 

NH2 Arg41   (α2) O
ε1    

Gln166  (α5b) 2.92 

N
ε1     

Trp42    (α2) O
δ1    

Glu158  (α5b) 3.13 

O
ε1   

 Gln84    (α3) O
γ
     Ser129  (α2b) 2.96 

Salt bridges (within 4 Å) 

 

Asp31  (α2) Lys130   (α2b)  

Arg11  (α1) Asp158  (α5b)  

Glu52  (α2) Lys161  (α5b)  

Hydrophobic interactions (within 5Å) 

 

Met81 (α3) Phe122 (α2b)  

Trp42  (α2) Leu124 (α2b)  

Trp42  (α2) Ile151   (α5b)  

Trp42  (α2) Ile159   (α5b)  

Phe48  (α2) Ala165  (α5b)  

Ile77    (α3) Phe122  (α2b)  

 

Table 4.1.2 List of binding interface residue areas [Å
2
] (hydrophilic, hydrophobic, and total) 

calculated with the POPS server [152]. 

Residue  
Hydrophobicity 

(Å
2
) 

Hydrophilicity 

(Å
2
) 

Total (Å
2
) % SASA

a
 

Gln35 25.25 70.98 96.22 0.46 

Gln38 8.47 41.66 50.13 0.24 

Arg41 9.92 61.59 71.51 0.26 

Trp42 76.07 11.22 87.29 0.45 

Phe48 43.79 1.80 45.59 0.27 

Glu52 20.55 63.82 84.37 0.42 

His53 70.45 57.73 128.1 0.70 
a
Solvent Accessibility Surface Area 
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Figure 4.1.15 Sequence alignment of E2 proteins from different papillomavirus types and 

structure-based sequence alignment with HPV18 generated using ESPript [153]. The asterisk in 

red highlights the residue critical for E2 – procaspase-8 interaction.  BPV – Bovine papillomavirus, 

HPV – Human papillomavirus. HPV16, 18, 31 are high risk while HPV2a, 6a, 11 belong to low risk 

types. 

 

 

4.1.3 Discussion 

Despite numerous reports on high risk HPV E2 induced apoptosis, little is known about the 

structural basis and protein-protein interactions involved in mediating this function. Earlier 

studies have reported that apoptosis induced by HPV18 E2 is initiated by extrinsic cell death 

pathway by direct interaction of its amino-terminal domain with procaspase-8 [1]. Here, we 

dissected the binding interface of E2 – procaspase-8 complex with an aim at understanding 

the driving force for this interaction and the underlying mechanism by which HPV E2 

induces cell death.  
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 Interaction analysis using series of mutants showed that the residues from α2 helix of 

E2 TAD mediate direct non-homotypic interaction with α2/α5 helices of procaspase-8 DED-

B. The interface is largely formed by several non-bonded contacts with no single type of 

chemical interaction being predominant. The interaction surface involves residues that spread 

out over an extended range of primary amino acid sequence. This may probably explain why 

we found it difficult to get abrogation of interaction by simple deletion or point mutagenesis. 

The dilution experiment highlighted that the complex is highly stable even at lower protein 

concentrations, and to a variety of buffer conditions including low to high ionic strength.  

 Alignment of E2 protein sequences from different papillomavirus types shows that 

residue R41 is absolutely conserved in all the variants while W42 and F48 are conserved in 

terms of their hydrophobicity (Fig. 4.1.15). A recent study on HPV16 induced apoptosis 

demonstrated that E2 directly interacts with cFLIP, a DED-containing decoy protein which is 

a protease-deficient caspase-8 homolog [49, 130]. Furthermore, the ability of E2 to induce 

apoptosis is linked to their different sub-cellular localization rather than to inherent properties 

of the protein [42]. Low risk HPV E2 remains strictly nuclear whereas high risk HPV E2 

shows a nucleo-cytoplasmic distribution. These differences arise due to the presence of 

dominant functional nuclear localization signal (NLS) in the hinge domain of the low risk E2 

proteins while it is absent in the high risk E2. In addition, HPV18 E2 contains a nuclear 

export signal (NES) in its amino-terminal domain that is responsible for active export of the 

protein from the nucleus to the cytoplasm. A cytoplasmic NLS mutant of low risk HPV11 E2 

is reported to induce apoptosis similar to that of the high risk E2 proteins [42]. Moreover, the 

pro-apoptotic activity of E2 is shown to be independent of all its other virus associated 

functions [41, 151]. Altogether, these informations raise an interesting possibility of the 

intrinsic potential of E2 proteins from different virus types to bind DED-containing proteins 

via the identified conserved binding surface, provided its localization is in cytoplasm, and 
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thereby promote apoptosis. However, further studies with E2 proteins from low and high risk 

viruses need to be carried out to test this hypothesis.  

 Co-expression of E2 with caspase-8 resulted in colocalization of the proteins in 

cytoplasmic punctate structures. These structures share some features similar to the 

proapoptotic 'death effector filaments' formed due to the high level expression of certain 

DED-containing proteins such as caspase-8 DEDs or FADD [154]. Importantly, caspase-8 

activation has been proposed to depend on its oligomerization induced by death 

receptor/FADD ligation or increase in their local concentration upon ectopic expression 

[155]. Oligomerization is believed to initiate proximity induced auto-cleavage and release of 

active caspase-8 [133, 156, 157]. Consistent with the previous reports [8], we found that E2 

binds caspase-8 without any involvement of the adaptor protein FADD. Thus, these punctate 

structures may represent oligomerization of caspase-8 induced upon interaction with E2, 

resulting into caspase activation and hence apoptosis.  

 Based on these evidences, we speculate that E2 influences the external cell death 

pathway by acting as an adaptor protein which recruits procaspase-8 and enhances its 

capability to oligomerize thus promoting apoptosis in a novel adaptor independent manner. In 

order to gain further insight into this novel mechanism of caspase activation, it would be 

important to understand the basis of activation for the classical FADD-mediated pathway and 

establish a relationship between these two mechanisms. It could be possible that FADD-

mediated apoptosis can also occur simultaneously provided E2 does not compete for the same 

binding sites on procaspase-8 or it may be mutually exclusive. Also, the molecular basis of 

oligomerization, a pre-requisite for caspase-8 activation, needed investigation. In addition to 

this, it would be intriguing to identify how E2 adopts a death-fold behavior and act as a 

potent binding partner of procaspase-8. These issues have been addressed in details in the 

next two sub-sections of this chapter. 
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4.2  Molecular details of DED assembly and its role in death-fold mediated caspase-8 

activation 

4.2.1  Introduction 

Caspases, a family of cysteinyl proteases, which initiate and execute apoptosis, rely on the 

events that lead to its activation, albeit in different ways depending on the signaling pathway. 

Activation of the apical caspases is achieved through their oligomerization driven by the 

death-fold domain proteins to form the death-signalling complexes [133, 156, 157]. 

Assembly of the death complex provides the upstream caspases with a sufficient degree of 

oligomerization to allow proximity induced self-activation and initiation of caspase cascade. 

From a cell signaling perspective, these strings of events need to be tightly regulated, and the 

binding partners do not (and should not) associate in the absence of stimuli. 

 Classical apoptotic cascades follow two distinct pathways, the intrinsic pathway which 

originates in the mitochondria, while the extrinsic pathway triggered by ligation of cell-

surface ―death receptors‖ followed by formation of multiprotein death-inducing signaling 

complex (DISC). The DISC comprises oligomerized death receptors such as Fas, the adaptor 

protein FADD, procaspase-8, and cFLIPs. In case of Fas-mediated signaling, extracellular 

Fas ligand binds to its receptor leading to intracellular recruitment of FADD via homotypic 

interactions between the death domain (DD) of receptor and FADD. Engagement with the 

receptor exposes the N-terminal death effector domain (DED) of FADD, which subsequently 

interacts with the tandem DEDs of procaspase-8 leading to its oligomerization, proteolytic 

cleavage and activation [50]. Similar to the other oligomeric signaling platforms, the DISC 

acts as a control switch, which remains in the ‗off‘ position in the absence of stimulus 

followed by clustering of its members to form active (‗on‘ position) oligomeric platform. 
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 In recent years, new insights into the DISC assembly and caspase activation, 

especially at the level of DED-containing proteins are emerging [155, 158, 159]. The 

caspase-8 activation has been proposed to depend on the ability to form DED-chain assembly 

induced by death receptor/FADD ligation and/or increase in their local concentration [155]. 

The ectopically expressed FADD spontaneously self-oligomerizes via its DED to form 

structures called ‗death effector filaments‘ which are able to recruit and activate caspase-8 

inducing apoptosis independent of death receptors [154]. Although full length procaspase-8 

contains DED it does not self-associate, but strictly depends on the homotypic interaction 

with FADD to oligomerize and self-activate [67, 136]. Thus, interaction between FADD and 

caspase-8 through the conserved ‗DED‘ and the ability to form a chain seems to be a crucial 

step in caspase activation and hence cell death.  

 Despite remarkable structural details on death-fold domain subfamily members and 

their complexes, no multivalent complexes involving DEDs have been identified so far. This 

is in part due to the fact that DEDs have a strong tendency to aggregate and exhibit poor 

solution behavior, making biochemical and biophysical characterization an arduous task [64, 

160]. Although few biochemical studies have provided information on the binding interface 

of FADD – caspase-8 complex [67], there is considerable lack of understanding on the 

mechanism of DED assembly and procaspase-8 activation. Structural studies of the death-

fold domain complexes, such as Fas/FADD DD [52, 161], RAIDD/PIDD DD [59], have shed 

some light on the mechanistic basis of the formation of these multimeric assemblies, which 

reside in their ability to form three distinct types of asymmetric interactions. Considering the 

similar role of other death-fold domain proteins in formation of intricate higher-order 

complexes, does FADD – caspase-8 DED complex employ an analogous binding mechanism 

remains elusive. 
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Here, we present an intriguing insight into the molecular basis of DED-chain formation and 

define the surface for the physical interaction between FADD and procaspase-8.  

 

4.2.2  Experimental Procedures 

4.2.2.1   Expression plasmids and antibodies – GFP-E2, mCherry procaspase-8 C360A, 

mCherry FADD (aa 1-208) and pMALc5-TEVcaspase-8 DED-AB expression plasmids are 

described previously in chapter-4.1. The caspase-8 prodomain (residues 1-181), DED-A (1-

80), DED-B (100-181) were cloned by the conventional PCR-based technique in frame with a 

C-terminal mCherry or GFP tag. The specific amino acid mutations were generated with the 

QuikChange site-directed mutagenesis kit (Stratagene). The resulting mutations were 

confirmed by DNA sequencing. Antibodies used were as follows: anti-caspase-8 (clone 

1C12, mouse mAb 9746, Cell Signaling Technology), anti-FADD (sc-56093, Santa Cruz 

Biotechnology, Inc.), APO 1–3 anti-Fas (clone CH11, 05-201, Millipore), anti-GFP (sc-

9996), anti-HA (Sigma H9658). 

 

4.2.2.2   Expression of human FADD and procaspase-8 fusion proteins – His-tagged 

human FADD was expressed as inclusion bodies in E. coli BL21 (DE3) cells, while the 

FADD mutants and MBP fused caspase-8 DED-AB were majorly soluble. A single colony 

transformed with pET29b FADD-His6 plasmid or pMALc5-caspase-8 DED-AB was grown 

overnight at 37 
o
C in 20 ml of LB medium containing 50 μg/ml kanamycin or 100 μg/ml 

ampicillin, respectively.  The culture was then inoculated into 1 L of fresh liquid LB medium 

containing the respective antibiotics and once the cells reached an A600 of 0.6 – 0.8, 

expression of the protein was induced at 18 
о
C for an additional 16 h by adding IPTG to a 

final concentration of 0.5 mM. The cells were pelleted by centrifugation at 6,000 rpm at 4 
о
C 

for 10 min.  
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4.2.2.3   Purification of human FADD and procaspase-8 fusion proteins – The FADD 

wild-type purification was followed as described previously [162]. Briefly, the bacterial 

pellet was re-suspended in a volume of 20 ml buffer-A (20 mM sodium phosphate buffer, pH 

8.0, 150 mM NaCl, 0.1% Triton-X 100, 1X protease cocktail inhibitor) and ultra sonicated 

for 10 min on ice. The insoluble fraction was washed with buffer-B (20 mM sodium 

phosphate buffer, pH 8.0, 150 mM NaCl, 1% Triton X-100) by stirring with the magnetic 

agitator for 30 min. After centrifugation for 20 min at 12,000 rpm and 4 
o
C, the pellet of 

inclusion bodies was re-suspended in 10 ml buffer-C (20 mM sodium phosphate buffer, pH 

8.0, 150 mM NaCl, and 8 M urea) and dissolved by stirring with the magnetic agitator for 2 h 

at room temperature followed by centrifugation at 12,000 rpm, 20 min, 4 
o
C. The supernatant 

was added to the Ni
2+

 affinity column equilibrated with buffer-C and incubated for 1 h. The 

column was washed with buffer-D (20 mM sodium phosphate pH 8.0, 20 mM imidazole, 150 

mM NaCl) to remove nonspecific binding proteins. The His6-tagged human FADD was 

eluted with buffer-E (20 mM sodium phosphate, pH 8.0, 250 mM imidazole, 150 mM NaCl). 

Refolded human FADD was obtained by dialyzing the denatured human FADD in 2 L of 

refolding buffer (20 mM Tris-HCl, pH 8.0, 200 mM NaCl, 10% sucrose, 1 mM EDTA) over 

the period of 30 h at 4 
o
C.  

 The purification of FADD mutants and MBP fused procaspase-8 DED-AB was 

performed in non-denaturing condition. Briefly, the cell pellet was re-suspended in buffer-A 

and sonicated for 10 min in ice-cold condition. After centrifugation for 30 min at 4 
o
C, the 

cell lysate was passed through pre-equilibrated Ni
2+

 (for FADD) or amylose (DED-AB) 

affinity resin for 1 h at 4 °C. Beads were washed three times with buffer-B and the bound 

proteins were later eluted using imidazole or maltose gradient, respectively.  The proteins 

were further monitored and purified by gel filtration chromatography using Superdex 75 or 
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200 prep grades. The purified proteins were analyzed by 12% SDS-PAGE, and the final 

product was stored in multiple aliquots and frozen at -80 
o
C until further use.  

 

4.2.2.4  Western blotting and co-immunoprecipitation assays – HEK 293 cells were 

maintained in DMEM media supplemented with 10% foetal bovine serum. Sub-confluent six-

well dishes were transfected with 1 μg of the indicated constructs by Lipofectamine reagent 

(Life Technologies) as per the manufacturer‘s protocol. 20 μM of z-VAD-fmk was added 

when active caspase-containing constructs were used. 24 h after transfection, cells were lysed 

for 30 min on ice in lysis buffer containing 50 mM Tris-HCl pH 7.4, 137 mM NaCl, 1 mM 

EDTA, 0.5% NP-40, 1X protease cocktail inhibitor. The detergent-insoluble fraction was 

pelleted by centrifugation at 18,000 rpm for 10 min. The cell pellet was washed three times 

with lysis buffer before boiling in SDS sample buffer. Samples containing lysates and pellets 

from equal cell numbers were electrophoresed on 12% Tris/glycine/SDS gels and blotted 

onto nitrocellulose membrane using wet transfer apparatus. Blots were blocked with 3% 

bovine serum albumin (BSA) for 30 min, and were probed with 1:1,000 dilution of anti-GFP 

(sc-9996, Santa Cruz Biotechnology, Inc.) followed by 1:6,000 dilution of goat anti–mouse 

IgG HRPO (12-349, Millipore) with three washes after each incubation. Incubations and 

washes were performed with Tris buffered saline containing 0.1% Tween-20. Bands were 

imaged using enhanced chemiluminesence ECLprime kit (GE Healthcare). For 

immunoprecipitation, cells were extracted in 1% CHAPS buffer (10 mM HEPES pH 7.4, 150 

mM NaCl, 1% CHAPS, 0.1% Triton-X, 5% sucrose) supplemented with protease inhibitors 

for 30 min at 4 
o
C, followed by centrifugation for 30 min at 13,000 rpm. Lysate (1 mg) was 

pre-cleared overnight with Protein G Sepharose beads (GE Healthcare) followed by 

incubation with 2 μg of anti-HA antibody for 4 h. The immunoprecipitate was then mixed 

with 100 μl of Protein G Sepharose beads and incubated for 2 h at 4 
o
C. After several washes, 
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beads were re-suspended in Laemmli SDS sample buffer and heated at 95 
o
C for 5 min and 

processed for immunoblotting using antibody against FADD.  

 

4.2.2.5  Live cell confocal imaging – Confocal imaging was performed with Zeiss LSM 510 

Meta confocal laser scanning microscope equipped with 63× 1.4 NA (numerical aperture) 

objective. Cells were grown to 60% confluency in DMEM media supplemented with 10% 

foetal bovine serum on glass-bottomed dishes (Cell E&G, USA). Prior to transfection, the 

cells were placed in Opti-MEM media, and transfected with 1 μg of the indicated constructs 

using Lipofectamine reagent. Post 20 h of transfection, the cells were imaged at room 

temperature. GFP fluorescence was excited with a 488-nm argon laser and collected between 

505 and 550 nm. Similarly, mCherry was excited with a 543-nm helium/neon laser and 

emission was captured between 560 and 760 nm. Z-stacks were collected at intervals of 2–4 

seconds. Images acquired were further processed using LSM 510 image examiner software.  

 

4.2.2.6  Molecular docking and simulation – The docked homodimeric structure of 

caspase-8 DED-AB and FADD, procaspase-8 – FADD complex was generated using the 

HADDOCK (High Ambiguity Driven protein-protein DOCKing) [143] and ClusPro 2.0 [163, 

164] web servers. The caspase-8 DED modeled structure and FADD (structure 2GF5) were 

used as the starting structure for docking calculations. Active site residues were defined based 

on the mutagenesis data from this study and surface accessibility (>30% exposed to solvent), 

and passive residues were allowed to be defined automatically. A total of 1000 complex 

structures were calculated using rigid body docking, with the best 200 structures subjected to 

further refinement and cluster analysis. The lowest energy structure was chosen for further 

examination. In addition, molecular docking was performed with a different and advanced 

blind docking program, ClusPro 2.0. The ClusPro server is based on a Fast Fourier Transform 
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correlation approach, which makes it feasible to generate and evaluate billions of docked 

conformations by simple scoring functions. It is an implementation of a multistage protocol: 

rigid body docking, an energy based filtering, ranking the retained structures based on 

clustering properties, and the refinement of a limited number of structures by energy 

minimization. The server returns the top models based on energy and cluster size. We 

selected the returned models after considering the energy and the size of the cluster – 

preferring lower energies and larger cluster sizes. After finalizing the docked complex, it was 

subjected to PRCG (Polak Ribierre conjugate gradient) energy minimization with PRIME 

Minimization module of Schrödinger 2014 suite (Schrödinger LLC, NewYork, LLC) using 

water as implicit solvent, OPLS ( Optimized Potential for liquid simulations) force field up to 

5000 minimization steps. Subsequently, it was optimized with protein preparation wizard of 

Schrödinger 2014 suite (Schrödinger LLC, New york, LLC) and further subjected to 

molecular dynamic simulation. The binding interface residues involved in hydrophobic, 

hydrogen bonding, ionic and cation-pi interactions were evaluated using the PDBsum 

generate server [145] and Protein Interactions Calculator [147] with the default cut-offs. The 

homodimeric caspase-8 DED-AB or FADD structure was then serially docked using ClusPro 

to generate the DED-chain assembly.   

 

4.2.2.7  CD spectroscopy – Far-UV CD spectra for wild-type and mutant FADD proteins 

were recorded using a JASCO J 815 spectropolarimeter with 1mm path length cell. 5 μM of 

protein in buffer (10 mM NaH2PO4/Na2HPO4 pH 8.0, 100 mM NaCl) was scanned in a 

wavelength range of 200 – 250 nm at 20 
o
C. Average blank corrected data of three 

independent scans were considered. Molar ellipticity was calculated, and data analysis was 

done using DichroWeb server (http://dichroweb.cryst.bbk.ac.uk) [165]. For thermal 

denaturation, wild type and mutant proteins were unfolded in a temperature range of 10 – 90 
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o
C and wavelength 200 – 230 nm. Fraction unfolded was calculated at the different 

temperatures. The experiment was performed three times independently, and an average data 

was considered. To calculate the melting temperature, data fitting was done according to two-

state transition model described earlier in chapter-3. 

 

4.2.2.8  Caspase-8 cleavage assay – HEK 293 cells were transfected with the plasmids as 

indicated in the figure. Post 12 h, the agonist anti-Fas antibody (1 μg/ml) was added for 10 h. 

For each experiment, cells expressing wild-type caspase-8 incubated with pan caspase 

inhibitor (z-VAD-fmk) was kept as a control. Cells were lysed on ice with caspase assay 

buffer (20 mM HEPES pH 7.7, 100 mM NaCl, 10 mM DTT, 1 mM EDTA, 0.1% CHAPS, 

10% sucrose 0.5% NP40) in the absence of protease inhibitors followed by centrifugation at 

13,000 rpm for 15 min at 4 
o
C. 20 μg of cell extracts were used for SDS-PAGE and 

subsequent western blotting. Caspase-8 activity was determined using synthetic tetrapeptide 

fluorogenic substrate Ac-IETD-AFC. Caspase activity was measured with 30 μg proteins 

with 200 nM of Ac-IETD-AFC in 100 μl of caspase assay buffer at 37 
o
C for 2 h. The 

reaction was performed using a fluorescence microplate reader with excitation and emission 

wavelengths of 405 and 510 nm respectively. The rate of IETD hydrolysis was calculated 

using linear regression analysis using KaleidaGraph (Synergy software).  

 

4.2.2.8 Cell viability - HEK 293 cells were transfected with the plasmids as indicated in the 

figure. Post 12 h, anti-Fas antibody (1 μg/ml) was added and the cells were incubated for 10 

h. The cells were then trypsinized and washed twice with ice-cold PBS. One million cells 

were re-suspended in 400 μl PBS containing 2 μg/ml propidium iodide (PI), and analyzed by 

FACS Calibr (BD Bioscience) for GFP fluorescence and PI content. Percent dead cell was 

quantitated by % of GFP and PI-positive cells /GFP-positive cells. 



 
 

Chapter – 4.2   134  

 

4.2.3  Results 

4.2.3.1  Structural basis of inter-molecular DED/DED interaction 

To determine the basis of DED assembly, we performed comprehensive mutational and 

computational analyses of DED-containing proteins, procaspase-8 and FADD. Till the date, 

there are only two reports on DED-DED interaction [166, 167], based on the crystal structure 

of MC159 vFLIP which contains tandem DED similar to procaspase-8, however, incapable of 

self-association. Structural overlay of vFLIP DED and modeled caspase-8 DED showed a 

root mean square deviation of 1.6 Å over 178 aligned Cα atoms (Fig. 4.2.1A). Structural 

analysis highlighted that similar to vFLIP, the intra-molecular interface of caspase-8 DEDAB 

exhibited a characteristic (helix-helix)/(helix-helix) interaction pattern, wherein helices 2 and 

5 of DED-A line up against the helices 1 and 4 of DED-B (Fig. 4.2.1A). In this typical 

arrangement, the highly conserved hydrophobic patch phenylalanine/leucine (FL) of DED-A 

which lies on the helix α2, is integral to the interface between the two domains [168]. The 

corresponding residues on DED-B and DED of caspase-8 and FADD are F122/L123 and 

F25/L26 respectively. Although the hydrophobic patch on DED-A of caspase-8 is involved in 

tandem DED interaction, the same hydrophobic patch on DED-B is solvent exposed (Fig. 

4.2.1B). Based upon the conserved nature of DEDs, we hypothesized that the inter-molecular 

DED/DED interaction might follow similar pattern as that of intra-molecular interaction. To 

test our hypothesis, protein-protein docking was performed between two molecules of 

caspase-8 DED-AB using a blind-docking software ClusPro and directed-docking software 

HADDOCK. Interestingly, both the docking analysis pointed a specific orientation for DED-

AB inter-molecular interaction, where α1/α4 of DED-A showed reciprocal interaction with 

α2/α5 of DED-B (Fig. 4.2.2A). The inter-molecular interface had 1520 Å
2
 of extensively 

buried surface area and notably involved residues R5, Y8, L42, F45 in DED-A and S119, 

F122, L123, Q125, E126, R162, Q166 in DED-B as shown in Fig. 4.2.2B (for a detailed list 
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of interactions please find Table 4.2.1). Thus, based on these observations it seems that 

DED-chain assembly involves the characteristic (helix-helix) / (helix-helix) association.   

 

Figure 4.2.1 Molecular modeling and superposition of tandem DEDs. A) Homology model of 

human procaspase-8 DED-AB (residues 1-185) superimposed on MC159 vFLIP X-ray structure (PDB 

id. 2BBR) shown in green and cyan colours respectively. The intramolecular interface of the tandem 

DED involves typical (helix-helix) / (helix-helix) association, where α2a/α5a of DED-A line up 

against α1b/α4b of DED-B. The procaspase-8 DED-AB and MC159 share 23% identity; the rmsd 

calculated on Cα atoms is 1.6 Å. B) Cartoon representation of procaspase-8 tandem DED showing the 

two surface exposed hydrophobic patches, LXXF motif (L42A/F45A) from DED-A and FL motif 

(F122/L123) in stick model.    
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Figure 4.2.2 Inter-molecular interface of the procaspase-8 DED/DED complex. A) Docked 

homodimeric structure of procaspase-8 tandem DED. The inter-molecular homotypic interaction 

between tandem DEDs involves two surfaces, α2/α5 of DED-B from one tandem DED molecule 

(bright orange) interacting with α1/α4 of DED-A from the second molecule (cyan). B) Binding 

interface of the tandem DED intermolecular complex. A close-up view of the interface is shown in 

cartoon representation with selected side chains from each molecule shown in stick model. The 

residues from α2b/α5b surface are shown in orange and α1a/α4a in cyan colour.  

 

Table 4.2.1 List of interactions across DED-A – DED-B inter-molecular interface evaluated 

using the Protein Interactions Calculator with the default cut-offs. 

 

Type of interaction DED-B DED-A 
Distance 

(Å) 

Hydrogen bonds 

Main chain- side chain  
O   Phe122 OH   Tyr8 2.71 

N   Gln125 OH   Tyr8 3.18 

Side chain- side chain  

O
ε1 

Glu127 NH2 Arg5 3.21 

O
γ
  Ser119 N

ε2
   Gln49 2.91 

N
ε2 

Gln166 O
ε1

   Gln46 2.79 

O
γ  

Ser122 N
ε2 

  Gln49 2.91 

Main chain-main chain O   Gln166 N      Leu42 3.18 

Salt bridge 

 O
ε1

 Glu127 N
ε
    Arg5 2.70 

Hydrophobic interactions (within 5Å) 

 

Phe122 Leu48  

Phe122 Phe3  

Phe122 Met53  

Leu123 Phe45  

Leu123 Leu48  

Leu123 Tyr8  

Ile159 Phe45  

Val163 Phe45  

Ala165 Leu42  

Ala165 Met43  

Ile167 Leu42  

Cation-pi interaction 

 Phe3 Lys130 4.67 

 

 

4.2.3.2  Molecular evidence of procaspase-8 DED assembly  

It has been established that cells with overexpressed tandem DED of procaspase-8 form 

distinct cytoplasmic filamentous DED-chain network called 'death effector filaments' or DEF 
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[154, 169-171]. Therefore, to test the modeling predictions and identify the molecular basis 

of DED-chain formation, DED-AB of caspase-8 was fused with GFP and series of mutations 

were introduced on helices α1/α4 and α2/α5 of caspase-8 DED-A and DED-B respectively 

(Table 4.2.2), which were then tested for their ability to form DEF. As previously observed 

[154, 155], upon overexpression in HEK 293 cells, wildtype DED-AB formed fine long 

cytoplasmic filaments. When we examined cells expressing mutant DED-AB, strikingly, 

alanine substitution of residues L42/F45 (helix α-4) and F122/L123 (helix α-2) on DED-A 

and DED-B surface respectively abolished DED-chain filament formation and showed 

diffused cytoplasmic localization (Fig. 4.2.3A). Interestingly, we observed that neither one of 

these point mutation alone inhibited filament formation, although both mutations together 

did. Thus, it is unlikely that these mutations disrupted the structure of caspase-8 DED-AB. In 

general, modification of the surface residue to a less bulky side chain such as alanine is 

improbable to alter the overall protein conformation. To further investigate the importance of 

these residues in homotypic DED interaction, we performed multiple sequence alignment of 

the DEDs of FADD, caspase-8, cFLIP, MC159 vFLIP and PEA-15 to ascertain whether the 

residues are conserved (Fig. 4.2.4). Strikingly, in the DEDs of FADD and cFLIP, the residues 

corresponding to L42, F122, and L123 are preserved while the F45 is conserved in terms of 

its hydrophobicity. However, it is interesting to note that the DED-containing proteins vFLIP 

and PEA-15 which do not oligomerize showed no conservation. This suggests that the inter-

molecular DED-DED association involves typical interaction between conserved binding 

surfaces. Hence, plausibly DED-DED recognition is mediated through the two surface 

exposed hydrophobic patches ‗LXXF- and FL-motifs’ on DED-A and DED-B respectively 

(where X represents any amino acid).  
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Table 4.2.2 List of mutants characterized to identify the critical residues involved in  

DED/DED interaction. 

 

a (+) indicates no effect on DEF formation, (-)  Loss or decrease in filament formation 

Protein Mutant Mutation sites 
Domain DEF 

formation
a
 

DED-A DED-B 

GFP  

DED-AB 

Hydrophobic 

patch  

D1 L42A α4  + 

D2 F45A α4  + 

D3 L42A, F45A α4  - 

D4 F122Y  α2 + 

D5 L123A  α2 + 

D6 L123A, Q125A  α2 + 

D7 F122A, L123A  α2 - 

Polar / 

charged 

residue  

D8 Y8G α1  + 

D9 R5A, Y8A α1  + 

D10 S119A, E126A  α2 + 

D12 
(R5A, Y8A), 

(S119A, E126A) 
α1 α2 - 

D13 K161A, R162A  α5 + 

D14 
R162A, Q166A, 

N168A 
 α5 + 

D15 

(S119A, E126A), 

(R162A, Q166A, 

N168A) 

 α2/α5 - 

D16 

(R5A, Y8A), 

(R162A, Q166A, 

N168A) 

α1 α5 - 

mCherry-FADD 

    

F1 V6A α1 + 

F2 H9A α1 - 

F3 H9G α1 - 

F4 T21A α2 + 

F5 F25Y α2 - 

F6 L28A α2- α3 loop + 

F7 K33R α3 - 

F8 R34A α3 + 

F9 K35R α3 + 

F10 E37A α3 - 

F11 R38A α3 + 

F12 L43A α4 + 

F13 L43D α4 - 

F14 D44A α4 + 

F15 E51A α4 - 

F16 L62A α5 + 

F17 L63A α5 + 

F18 A68F α5 + 
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Figure 4.2.3 Mutational analysis of caspase-8 Death Effector Filament formation. A) Sub-cellular 

localization of procasapse-8 DED-AB wild-type or mutant proteins. HEK 293 cells were transiently 

transfected with 0.5 μg of wild-type or mutant L42A/F45A, F122A/L123A caspase-8 DED-AB fused 

to GFP. Cells were imaged after 20 h using a Zeiss LSM 510 confocal microscope, and a 

representative field for each transfection is shown with the scale bar. B) Solubility of DED proteins in 

detergent correlates with their morphological appearance. In top panel, equal number of transfected 

cells lysed in denaturing SDS lysis buffer and in the lower panel, 0.5% NP40 lysate supernatants 

(Sup.) and pellets (Pell.) were separated on 12% SDS polyacrylamide gels and blotted with anti-GFP 

mAbs. The asterisk (*) represents a non-specific band. 
  

 Since the DEF display morphology similar to cytoskeletal proteins which are known to 

be completely insoluble in non-ionic detergents, we examined the solubility properties of 

DED-AB wildtype and mutant proteins. It was observed that DEF formed by wildtype DED-

AB was detergent-insoluble, whereas the F122A/L123A and L42A/F45A mutant proteins 

were predominantly in the soluble fraction corresponding to their diffused distribution (Fig. 

4.2.3B). To test the structural feasibility for the formation of chain assembly, we performed 

serial docking of DED-AB as described in experiment section. The resulting model suggested 

that assembly of the DED-chain exhibit a typical helical characteristic with a propensity to 

form continuous chain like structure (Fig. 4.2.5). 
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Figure 4.2.4 Sequence alignment of DED-containing proteins and structure-based sequence 

alignment with FADD generated using ESPript [153]. Residues corresponding FL and LXXF motif 

(marked by asterisk (*) and hash (#) respectively) are preserved or conserved in terms of their 

hydrophobicity, except the non-oligomerizing DED proteins MC159 vFLIP or Pea-15 DED. DED1 

and DED2 indicate DED-A and DED-B domains respectively. Secondary structure of FADD is 

shown above the sequences. 

 

 

 

Figure 4.2.5 Structural modeling of the interactions that may occur between the tandem DEDs 

to form DED chain. The DED assembly was generated by ClusPro server using the intermolecular 

interface between the tandem DED complexes, resulting in a helical chain. The structure of each 

DED-AB molecule in the model is shown in surface representation with different colours.  
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 In order to test the specificity of DED-DED inter-molecular interaction, we checked the 

properties of DED-A and DED-B individually. Interestingly, upon overexpression both the 

domains alone did not form any filament. This led us to examine whether individual DEDs 

would affect the filament forming ability of tandem DED-AB. Indeed, co-transfection of 

DED-A or DED-B with tandem DED resulted in disruption of the filaments and appeared as 

colocalized cytoplasmic aggregates (Fig. 4.2.6). This possibly resulted due to the association 

of DED-A (α1/α4) or DED-B (α2/α5) with the reciprocal interaction sites on DED-AB (i.e 

(α2/α5) for DED-A and (α1/α4) for DED-B), thereby blocking or inhibiting chain elongation 

process. Consistent with this observation, when we co-transfected mutated L42A/F45A DED-

A or F122A/L123A DED-B, the tandem DED formed an elaborate filamentous network 

without any colocalization with individual DEDs (Fig. 4.2.6). These results indicate that the 

assembly of DED-chain specifically involves hetero-oligomerization via the surfaces defined 

by helices α1a/α4a and α2b/α5b. 

 Having identified that the DEDs associate tightly through a hydrophobic surface, the 

involvement of charged or any other residues in the assembly was needed to be investigated. 

To thoroughly map the interface of DED/DED complex, alanine-scanning mutagenesis was 

performed. Alanine-scanning mutagenesis, a method of systematic alanine substitution, has 

been widely used for the identification of important residues for complex formation. 

Computational alanine-scanning using ‗interface alanine scanning‘ program of Robetta server 

predicted several interface residues essential for interaction (Table 4.2.3). In order to identify 

the critical residues, we generated several combinatorial mutants listed in Table 4.2.2 and 

tested their ability to form DED-chain filaments. To our surprise, a significant number of 

polar and charged residues located on α1a/α4a and α2b/α5b were found to be involved in 

homotypic DED interaction. However, in contrast to the hydrophobic patch mutants 

(L42/F45 and F122/L123); only constructs with residues substituted from different helices in 
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combination were found defective in forming filaments. The mutants D12, D15 and D16 

showed complete cytoplasmic distribution whereas all the other constructs retained their 

ability to form filaments. Therefore, it implies that although hydrophobic interaction provides 

the driving force for DED/DED interaction, additional inter-domain hydrogen bonding and 

van der Waals interactions further stabilize the DED complex.  

 

 

 

  

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.5.6 Subcellular localization of GFP DED-AB and individual DED domains in co-

transfected cells. HEK 293 cells were transfected with GFP DED-AB and wild-type or mutant 

mCherry fused DED-A (A) or DED-B (B).  Live cell images were acquired using Zeiss LSM 510 

confocal microscope, and a representative field for each experiment is shown. Scale bar represents 20 

μm. Wild-type DED-A or DED-B disrupted the DED-AB filaments and appeared as colocalized 

cytoplasmic speckles or aggregates (top panel for A and B), while the mutants did not (lower panel). 

In case of mutants, GFP DED-AB formed filamentous network and mutant DED-A or DED-B shows 

diffused distribution.  
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Table 4.2.3 Predicted changes in the binding free energy (∆∆Gbind) for all the alanine 

mutations across the inter-molecular DED/DED binding interface calculated using Robetta 

server [172, 173]. 

 
 

 

 

 

 

 

 

 

 

∆∆Gbind, predicted change in binding free energy upon alanine mutation computed using the equation: 

Δ∆Gbind, = (ΔGwt complex - ΔGwt partnerA - ΔGwt partnerB) - (ΔGmut
complex - Gmut

patnerA - Gmut
partnerB). Neutral 

residues and hot spots are defined as residues showing a change in the binding free energy by less or 

more than 1 kcal/mol respectively when replaced by alanine. 

 

 As the next step, we decided to test the effect of substitution of these residues on the 

aggregation behavior of the recombinant caspase-8 DED-AB using size exclusion 

chromatography. We observed that over the concentration range of 75-100 μM, the mutation 

of the hydrophobic motif (L42A/F45A, F122A/L123A mutant) showed mixture of 

aggregated and monomeric proteins in contrast to completely aggregated wild-type protein 

(Fig. 4.2.7). Furthermore, upon substitution of additional polar residues there was increase in 

monomeric population; however, we could not achieve 100 percent monomers. Since the 

hydrophobic interaction primarily drives DED-DED interaction, the substitution of 

hydrophobic motif to a non-polar aliphatic amino acid ‗alanine‘ probably does not impart 

severe effect on its association in an in vitro condition, where the concentration extends over 

micromolar to millimolar range. It would be worth trying to test the effect of polar 

DED-A 

Residue no. 
∆∆Gbind 

(kcal.mol
-1

) 

Phe3 0.95 

Arg5 1.65 

Tyr8 3.04 

Gln35 0.31 

Lys39 0.18 

Leu42 1.18 

Met43 0.8 

Phe45 2.54 

Gln46 1.86 

Leu48 0.19 

Glu49 3.67 

Arg52 0.03 

Met53 0.43 

DED-B 

Residue no. 
∆∆Gbind 

(kcal.mol
-1

) 

Arg118 0.17 

Ser119 2.65 

Lys121 0.02 

Phe122 2.33 

Leu123 1.81 

Gln125 0.49 

Glu126 0.73 

Ser129 0.1 

Lys130 0.47 

Arg162 -0.05 

Gln166 2.11 

Ile167 0.89 

Asn168 -0.05 
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substitution of these residues on the aggregation behavior of the recombinant protein. These 

informations might thus facilitate and increase the scope of structure determination for 

caspase-8 DED, one of the least characterized members of the death-fold domain 

superfamily.  

 

 

 

 

 

 

 

 

 

 

 

Figure 4.2.7 Oligomeric property of caspase-8 DED-AB wild-type and mutant proteins. 

Chromatographic profiles of MBP tagged DED-AB wild-type and mutant proteins eluting from the 

Superdex 200 16/600 gel filtration column. The protein eluted in two main peaks. The first peak at 44 

ml corresponds to void volume of the column indicating a molecular mass of >440 kDa, whereas the 

second peak corresponds to a calculated molecular weight of 68 kDa, suggesting a monomer.  

 

4.2.3.3   Molecular basis of FADD-DED self-association  

Based on the high degree of homology within the DED family, we speculated that other 

DEDs probably also associate via a similar mechanism. To test our speculation, we 

characterized another DED-containing protein FADD, which self-associates though the DED, 

however, the exact binding interface is yet unclear. Similar to the prodomain of caspase-8, 

upon transient overexpression, FADD forms cytoplasmic DEFs [154]. However, unlike 

caspase-8 which comprises two DEDs, FADD contains only a single DED with an ability to 
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mediate DED/DED interaction. The self-association of FADD is required for stable 

interaction with activated death receptor followed by caspase activation [174], thereby further 

emphasizing the need for its characterization.  

Figure 4.2.8 Mutations disrupting the FADD DED filament formation. HEK 293 cells were 

transiently transfected with 0.5 μg of wild-type or single mutant FADD constructs fused to mCherry. 

Cells were imaged after 20 h using a Zeiss LSM 510 confocal microscope, and a representative image 

for each transfection is shown with the scale bar.  

  

 Although a previous report highlighted the importance of residue F25 (helix α2) in 

FADD DED self-association [64], we used an unbiased approach and designed 18 point 

mutants to explore all potential modes of interaction (Table 4.2.2). Based upon the available 

monomeric FADD (F25Y) structure (PDB id. 2GF5), we targeted the surface-exposed 

residues with solvent accessibility greater than 35%, to minimise any structural perturbations, 

and at least two residues per helix were mutated to cover the entire surface. These mutants 

were then tested for their ability to self-associate and form filaments. As anticipated, 

mCherry fused FADD wild-type showed filament formation upon overexpression in HEK 

293 cells. When we tested the mutants, it was observed that point mutation of residues H9 

(helix α1), F25 (helix α2) and L43, E51 (helix α4) showed complete cytoplasmic distribution 

(Fig. 4.2.8). However, instead of residues from α5, mutants of helix α3, K33E and E37A 

demonstrated remarkable decrease in their ability to form filaments. It is interesting to note 

that of the residues corresponding to LXXF and FL motif in FADD DED, i.e. F25/L26 and 
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L43A/F46A, single substitution of F25Y or L43D is sufficient to prevent FADD DED self 

association, while the residues L26 and F46 were solvent inaccessible and therefore did not 

form part of the binding interface.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.2.9 Characterization of FADD mutants. A) Gel filtration chromatography elution profile 

of FADD-His6 wild-type and mutant proteins injected in Superdex 75 16/600 column. The wild-type 

FADD eluted as an aggregate, while the mutants eluted predominantly in the elution volume 

corresponding to a monomer. B) Far ultraviolet circular dichroism spectra of all the monomeric 

FADD mutants. The measurements were made at 20 oC in 10 mM NaH2PO4/Na2HPO4 pH 8.0, 100 

mM NaCl. Contributions to the spectra by the buffer were subtracted using control scans. All the 

curves are represented as mean residual ellipticity in unit deg cm2 mol-1. The CD spectra reveal that 

all the mutants have similar helical content. C) Thermal denaturation of monomeric FADD proteins 

monitored by secondary structural changes with increasing temperature. Ellipticity at 222 nm was 

used to calculate the fraction folded plotted against the incubation temperature in oC.  
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Table 4.2.4 Secondary structural composition and melting temperature of FADD mutants. 

FADD 

mutants 

% Helix 

Tm (
o
C) 

c
 

By 222 nm 
a
 

K2D 

analysis 
b
 

H9G 61.7 71 55.8 ± 0.9 

F25Y 63.3 73 56.4 ± 0.4 

K33E 62.4 72 55.6 ± 0.4 

E37A 62.8 72 55.1 ± 0.3 

L43D 61.9 72 55.1 ± 1.6 

E51A 62.6 72 56.2 ± 0.5 

 

a Fractional helical content = ([Θ]222 – 3000)/(-36000 – 3000) [175] 
b K2D analysis performed using Dichroweb server [165] 
c Tm represents mean value for three independent experiments ± S.D. 

 

To determine whether these mutations also impact the solubility and aggregation 

behaviour in solution, we purified these recombinant FADD proteins. Contrary to wild-type 

FADD, which formed insoluble aggregates upon overexpression in bacterial system, all the 

above mentioned mutants showed increased solubility. In gel filtration column, over the 

concentration range of 50-100 μM, these mutations caused the proteins to shift to monomeric 

fraction (Fig. 4.2.9A). FADD mutants F25Y, E51A and K33E predominantly eluted as 

monomer, and H9G, E37A and L43D showed mixture of aggregated and monomeric species. 

To test any adverse effect of mutation, we assessed the structural integrity using 

spectroscopic probes. Structural analysis using Far-UV CD did not show any pronounced loss 

of secondary structure and all the mutants retained their helical characteristics (Fig. 4.2.9B). 

Analysis of the CD spectra using Dichroweb K2D analysis predicted 70 - 72% α-helix (Table 

4.2.4), consistent with the helical content (76%) estimated for FADD F25Y (PDB id. 2GF5) 

structure.  We also determined the relative stability of these proteins by monitoring unfolding 

in response to thermal denaturation. The thermal denaturation data indicate that all the FADD 
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mutants undergo a two-state unfolding transition (Fig. 4.2.9C). The melting temperature (the 

temperature at which half the protein molecules are unfolded) was found to be similar for all 

the proteins (Table 4.2.4).  

 Collectively, these studies show that the interaction surface for FADD-DED self-

association is defined by helices α1/α4 and α2/α3 as against α1a/α4a and α2b/α5b for 

caspase-8. Furthermore, merely single substitution of the binding interface residues was 

sufficient to block FADD-DED association as opposed to caspase-8 DED that required 

multiple substitutions. In agreement to this, structural information for FADD was achieved 

with a single F25Y mutation; however, till date except for non-oligomerizing MC159 vFLIP, 

there is no structural data available on tandem DEDs. This suggests that possibly DED-DED 

interaction involving FADD is very transient or weak compared to caspase-8 DED-A/DED-B 

association.  

 

 To further substantiate the findings for FADD DED self-association, we generated a 

molecular model for FADD DED complex using HADDOCK as described in the 

experimental section. Structural analysis of the FADD DED homodimer showed that the 

interface involves 1062 Å
2
 buried surface area which is significantly less as compared to 

caspase-8 DED complex. The interaction appears to involve contribution from hydrophobic 

side chains, hydrogen bonding and salt bridges. Notably, residues S1, V6, H9, L43, D44 and 

E51 from α1/α4 of one molecule make contact with T21, F25, K33, R34, E37, and E51 from 

α2/α3 surface of the second molecule (Table 4.2.5). Overall, the observed interactions are in 

good agreement with the mutagenesis data. Furthermore, the docked model shows that the 

FADD DED homodimer (Fig. 4.2.10A) is oriented such that it enables the two interaction 

sites of each subunit to engage in further independent interactions either to build a higher 

order FADD oligomer (Fig. 4.2.10B) or bind with other interacting partners. 
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Figure 4.2.10 Structural modeling of FADD self-association. A) Cartoon representation of docked 

homodimeric modeled structure of FADD. The self-association of FADD involves interaction 

between α2/α3 of FADD DED with α1/α4 of the second FADD molecule. Note that the FADD DED 

homodimer are oriented in a manner, so as to enable the other interaction sites of each subunit (α1/α4 

and α2/α3 in the first and second FADD molecule respectively) to engage in further independent 

interactions, either to build a higher order FADD oligomer or interact with other binding partners. B) 

Molecular assembly of FADD forming DED-chain like structure. The FADD DED assembly was 

generated using ClusPro by serial docking of the FADD units represented as spheres (left panel) or 

cylindrical helices (right panel). Each FADD molecule is shown by a different colour. 
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Table 4.2.5 Detailed list of interactions at FADD DED-DED interface evaluated using the 

Protein Interactions Calculator with the default cut-offs. 
 

Type of 

interaction 
DED (chain-A) DED (chain-B) 

Distance 

(Å) 

Hydrogen bonds 

Side chain-main 

chain  

O      Gly29    (α2) O
γ
    Ser1       (α1) 2.82 

O      Leu28    (α2) N
δ1   

 His9        (α1) 3.43 

Side chain-side 

chain 

N
δ
     Lys33    (α3) O

δ2
   Asp44    (α4)   2.60 

NH1 Arg34    (α3) O
ε1

   Glu51     (α4) 3.25 

Salt bridges  

 

Lys33       (α3) Asp44       (α4)  

Glu37       (α3) Asp44       (α4)  

Lys33       (α3) Glu51        (α4)  

Arg34       (α3) Glu51        (α4)  

Hydrophobic interactions (within 5Å) 

 

Leu28       (α2) Val6          (α1)  

Phe25       (α2) Leu43        (α4)  

Leu36       (α2) Leu43        (α4)  

 

4.2.3.4  Mechanism of FADD – procaspase-8 assembly  

The results described above indicate that DED association involves a typical interaction 

between conserved binding surfaces, suggesting FADD and procaspase-8 must also engage 

through these patches. Protein-protein docking predicted that the interaction is feasible with 

either α1/α4 of caspase-8 DED-A binding to FADD DED α2/α3 or α1/α4 of FADD DED 

mediating reciprocal interaction with α2/α5 hydrophobic patch of caspase-8 DED-B (Fig. 

4.2.11). Therefore, structurally there are three possibilities which could explain the initial 

recruitment of caspase-8 to FADD. Either procaspase-8 DED-B interacts with FADD while 

DED-A mediates caspase-8 chain formation or it could be vice a versa. Alternatively, 

procaspase-8 is recruited to FADD simultaneously by DED-A and DED-B with chain 

formation initiated by both DED-B and DED-A respectively. When ectopically expressed, 

FADD spontaneously self-oligomerizes and provides an oligomeric platform that is able to 

recruit and activate caspase-8 inducing apoptosis independent of death receptors [154, 176]. 

Therefore, this provided us an excellent way to examine the recruitment of procaspase-8 to 

FADD and initiation of DED-chain assembly.  
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Figure 4.2.11 Two possible orientations of the FADD/procaspase-8 interaction. A docked model 

of FADD/procaspase-8 DED complex constructed with the program HADDOCK. The resultant 

models reveal that possibly α2/α5 helices of procaspase-8 DED-B make contact with α1/α4 of FADD 

DED (A) or the surface defined by helices α1/α4 of DED-A interact with  α2/α3 of FADD DED (B). 

 

To assess recruitment of procaspase-8 to FADD, we co-expressed wild-type FADD 

and catalytically inactive procaspase-8 C360A full length wild-type, LXXF or FL motif 

mutants. Notably, full length procaspase-8, which although contains DED, shows diffused 

cytoplasmic localization [177]. When cells co expressing mCherry-tagged FADD and GFP-

tagged caspase-8 full length was examined using confocal microscope, we observed both the 

proteins colocalized in the form of short cytoplasmic filaments (Fig. 4.2.12A). In the 

presence of FADD, the normally diffuse distribution pattern of wild-type caspase-8 C360A-

GFP re-localizes to the DEF. However, with respect to the mutants, the co-expression of FL-

motif mutated caspase-8 C360A-GFP and FADD resulted in formation of colocalized 

cytoplasmic speckles or aggregates (Fig. 4.2.12B), instead of short filaments seen in case of 

wild-type proteins. Remarkably, the LXXF-motif mutant did not show any co-localization 

with FADD and we observed caspase-8 redistribution into cytoplasmic diffused state with 

FADD forming long filaments (Fig. 4.2.12C). To verify caspase-8 is essentially recruited to 

the oligomerized FADD platform, we coexpressed monomeric FADD mutants F25Y or E51A 
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and wild-type caspase-8 C360A-GFP. As anticipated, we did not see any relocalization of 

procaspase-8 and both the proteins showed a diffused distribution (Fig. 4.2.12D and E).  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.2.12 Localization of procaspase-8 and FADD in co-transfected cells. A-C) HEK 293 

cells were transfected with mCherry fused FADD wild-type and GFP-tagged catalytic inactive 

procaspase-8 wild-type (A), L42A/F45A mutant (B) and F122A/L123A mutant (C). In panel D and E, 

cells were transfected with catalytically inactive wild-type procaspase-8 and F25Y (D) and E51A (E) 

FADD constructs. Live cell images were acquired using Zeiss LSM 510 confocal microscope, and a 

representative image for each transfection is shown along with the scale bar (Original magnification 

x630 with 2X optical zoom). Note that cells expressing both wild-type proteins show the presence of 

short cytoplasmic filaments and the two proteins show 100% colocalization as seen in the merged 

image. However, the L42A/F45A mutant do not show any colocalization with wild-type FADD, while 

F122A/L123A expressing cells show the presence of discrete colocalized cytoplasmic speckles or 

aggregates. The non-oligomerizing FADD mutants did not show any association with procasapse-8. 
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Figure 4.2.13 Localization of procaspase-8 DED-AB and FADD in co-transfected cells. A-C) 

HEK 293 cells were transfected with mCherry fused FADD wild-type and GFP tagged procaspase-8 

DED-AB wild-type(A), L42A/F45A mutant (B) and F122A/L123A mutant (C). Live cell images were 

acquired using Zeiss LSM 510 confocal microscope, and a representative image for each transfection 

is shown along with the scale bar (Original magnification x630 with 2X optical zoom).  

 

 

 

 

 

 

 

 

 

Figure 4.2.14 Immunoprecipitation of FADD/procaspase-8 complex. Extracts from HEK 293 cells 

co-transfected as described were immunoprecipitated using an anti-HA antibody followed by 

immunoblotting using an anti-FADD antibody. In lane-1 cells were transfected with vectors 

pcDNA3.0 and pmCherry-FADD; in lane 2-4 with pmCherry-FADD and HA-tagged procaspase-8 

wild-type (lane-2), F122A/L123A mutant (lane-3), and L42A/F45A mutant (lane-4). 20 μg of the 

lysate were immunoblotted with anti-HA and anti-FADD antibodies. 
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 Figure 4.2.15 Fas-induced cell death analysis in presence of mutant procaspase-8. A) Caspase-8 

activity was measured for the crude extracts isolated from the cells transfected with the plasmids as 

indicated, using fluorogenic Ac-IETD-AFC substrate. B) 20 μg of cell extract immunoblotted with 

anti-HA and anti-β-actin antibodies. β-actin serves as a loading control. C) Viability of HEK 293 cells 

transfected with the expression plasmids as indicated, determined post 22 h of transfection by 

propidium iodide uptake. The bars represent the mean and the error bars the standard deviation. 

 

 

 The interaction of caspase-8 with FADD involves the prodomain and is reported to 

be independent of its catalytic domain [154, 178, 179]. Therefore, to gain further insight into 

DED assembly, we overexpressed mCherry-FADD in presence of GFP tagged-DED-AB 

wild-type, L42/F45 or F122A/L123A mutant proteins. When we examined the cells over-

expressing the wild-type proteins, we observed 100% colocalization of DED-AB and FADD 

with the formation of long filaments. However, in case of the FL-motif mutant, it did show 

100% co-localization with FADD but appeared as shorter filaments whereas the LXXF-motif 

mutant as anticipated did not show any co-localization (Fig. 4.2.13). The interaction was 

further validated by co immunoprecipitation assay which showed that F122A/L123A reduced 

but did not totally prevent caspase-8 recruitment to FADD, whereas the L42/F45A did not 

show any binding (Fig. 4.2.14).  

To test the effect these mutations on procaspase-8 activation, we measured the 

enzymatic activity of active caspase-8 wild-type and mutant using fluorogenic IETD 

substrate upon treatment with the agonist anti-Fas antibody. Surprisingly, both the mutants 

(including F122A/L123A which still interacted with FADD) showed significant reduction in 
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the rate of IETD hydrolysis (Fig. 4.2.15A). Unlike the wild-type protein, the auto-proteolysed 

fragment of caspase-8 was absent in both these mutants (Fig. 4.2.15B). Furthermore, we 

observed significant reduction in the percent cell death in the mutant caspase-8 expressing 

cells compared to the wild-type (Fig. 4.2.15C). 

 

Figure 4.2.16 Proposed mechanism for death-fold mediated procaspase-8 activation. In case of 

the wild-type procaspase-8, upon stimulation by the appropriate death ligand, death receptors recruit 

FADD via their death domains (DDs) to form the oligomeric FADD platform. FADD in turn recruits 

the initiator caspases such as procaspase-8 through a DED-mediated interaction. FADD initially 

recruit procaspase-8 via direct interaction with LXXF motif of DED-A, followed by sequential 

interaction mediated by the DED-B FL-motif to form a chain, which in turn facilitates procaspase-8 

dimerization leading to full activation to release active caspase-8 to promote cell death. In presence of 

FL-motif mutated procaspase-8, mutation of hydrophobic patch on DED-B does not affect the initial 

recruitment of procaspase-8 to FADD; however, it plausibly stalls the subsequent DED-chain 

formation and hence caspase-8 activation. However, mutation on DED-A completely blocks the initial 

binding of caspase-8 to FADD, hence DED assembly and activation of caspase-8.  
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 Collectively, based on all the above experiments we propose that mutation of 

hydrophobic patch on DED-B does not affect the initial recruitment of procaspase-8 to 

FADD; however, it hampers the subsequent DED-chain formation, while mutation on DED-

A completely blocks the initial binding of caspase-8 to FADD, hence DED assembly and 

activation of caspase-8 (Fig. 4.2.16). Therefore, most likely procaspase-8 is recruited to 

FADD solely via α1/α4 of DED-A followed by sequential interaction mediated by α2/α5 of 

DED-B to form the caspase-8 activating chains crucial for its activation and hence cell death. 

 

4.2.4  Discussion 

Assembly of DISC is the key initiating event of the extrinsic apoptotic pathway, enabling 

activation of caspase cascade and hence cell death [179, 180]. The DISC formation is largely 

dependent on protein interaction domains of death-fold superfamily which includes the death 

domain and death effector domain [160]. The Fas-mediated DISC assembly involves highly 

specific interactions between the homologous domains of Fas receptor/FADD (DD-DD) and 

FADD/prodomain of procaspase-8/10 (DED-DED) [50, 181]. Despite knowledge of the 

DISC components, the molecular details and their mode of assembly especially at the level of 

DED-containing proteins have remained elusive. This is in part due to lack of comprehensive 

structural information on multivalent complexes of these proteins. Recently a new paradigm 

in the DISC assembly has been unravelled which further added to the complexity of this 

mechanism [155, 158]. It was shown that procaspase-8 is recruited not only through 

interaction with FADD but also by interacting with itself, resulting in formation of DED-

chain which in turn facilitates its activation.  

 In this present work, we report for the first time the precise mode and the binding 

interface of DED/DED interaction promoting DED-chain formation, a prerequisite for death-

fold mediated procaspase-8 activation. The binding surfaces required for self-association and 



 
 

Chapter – 4.2   157  

 

recruitment of caspase-8 to FADD was identified using in silico, extensive mutagenesis 

screening, biochemical and ex vivo studies. It is interesting to note that despite the strong 

structural homology in the death-fold superfamily which is characterized by the hall mark six 

α-helical bundled structure, each domain of this superfamily is constrained to interact with 

the proteins of its own subfamily. The stringent selectivity is proposed to occur due to the 

difference in non-covalent binding modes combined with the complementarity in their 

surfaces [160]. Although much is known about the CARD-CARD [70, 182, 183], PYD-PYD 

[184-186], DD-DD interactions [161, 187-190], the DED-DED interaction has remained 

elusive. Here, we provide detailed evidence for the specificity mediating the homophilic 

DED-DED interaction. One of the most important findings was the unexpected revelation 

that procaspase-8 DED-DED interaction involves association between helices α1a/α4a and 

α2b/α5b while the adaptor protein FADD DED self associates through the surfaces defined 

by helices α1/α4 and α2/α3. 

 Construction of a model for homodimeric tandem DED complex revealed that the 

domains pack tightly against each other through centrally localized hydrophobic residues. 

Notably, our ex vivo and in vitro data suggest that two conserved hydrophobic patches (LXXF 

and FL-motif) on the opposite surfaces are essential for homotypic inter-molecular DED 

interaction, and are possibly the major contributors of the interaction. Mutational analyses of 

varied protein-protein interfaces have shown that buried hydrophobic contacts lying at the 

center of any interface are responsible for the majority of interfacial binding energy and 

represent the hot-spot in the interaction [149, 150, 191]. The hydrophobic patches identified 

in DED self association are therefore likely to be the hot-spots or the functional epitopes 

responsible for DED-DED interaction. Furthermore, each of the DED domains, i.e. DED-A 

and DED-B, on an individual level behaves differently. Interestingly, both of these single 

domains did not show any self-association. This raises the possibility of individual DED 
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domains contributing unique structural modules toward self-association and their roles being 

non-interchangeable.   

 The homodimer caspase-8 DED interface fairly resembles an asymmetric type I 

interaction, which is one of the three distinct interaction types found in death-fold 

superfamily [192]. The type I interaction was originally described in Apaf1/procaspase-9 

CARD complex, wherein helices α2/α3 of Apaf1 interact with α1/α4 of procaspase-9 CARD 

[182], and subsequently was found in almost all the other oligomeric signalling complexes 

(reviewed in [160, 168]). The model we built for oligomerization via the type I interface 

present in homodimer DED complex demonstrated helical arrangement with the propensity to 

form chain-like structure, which probably explains the ability of DED to form filaments ex 

vivo. In contrast to caspase-8 DED, the FADD DED self association was found to closely 

resemble the typical type I interaction pattern. Based on our data and the previously studied 

Apaf1-procaspase-9 CARD complex, it seems that the adaptor protein FADD preferentially 

engages in the homotypic interaction with the binding partners (another molecule of FADD 

or procaspase-8) through the surface defined by helices α2/α3 and α1/α4. Thus, although 

structurally similar, the members of this sub family have evolved distinct binding modes that 

construe their roles in the apoptotic signaling pathways. However, they share certain hot 

spots on the binding surface critical for mediating the interaction.  

 FADD DED-mediated self-association is reported to be essential for competent 

signaling of the DISC [67, 174]. It is attributed to perform two main functions, self-association 

and interaction with tandem DED proteins such as caspase-8 and MC159 vFLIP which would 

promote or inhibit cell death respectively. Our data demonstrate that single mutations such as 

F25Y or E51A that disrupt FADD self-association indirectly also affect its interaction with 

procaspase-8, thus highlighting that these two functions are not mutually exclusive. Protein 

oligomerization is frequently observed in the assembly of complexes mediated by members of 
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the death-fold superfamily including the Apoptosome [193], PIDDosome [59], Myddosome 

[58] complexes.  For instance, apoptosome is built using heptameric Apaf-1, which has a much 

higher affinity for procaspase-9 than an isolated Apaf-1 CARD [194]. The ability of FADD to 

self-associate has been previously speculated to create the structural framework necessary for 

procaspase-8 recruitment and activation [67]. Overall, it implies that FADD has a central role 

in the regulation of death-receptor mediated signalling and must be under tight check in the 

cell. In agreement to this assumption, our studies unequivocally demonstrate that FADD/FADD 

interaction is very weak, which may possibly explain as to why although constitutively present 

in the cell they do not spontaneously self-associate to recruit and activate caspase-8 in the 

absence of stimuli (such as death receptor/FADD ligation or increase in local concentration 

upon ectopic expression). The oligomerization would probably be necessary to increase the 

binding avidity and/or form the correct arrangement of FADD via conformational change to 

facilitate recruitment of procaspase-8.   

 Although FADD acts as the key player in regulation of the extrinsic apoptotic pathway, 

fate of the cell is largely dependent on the activation of zymogenic caspases. Until recently, 

most studies concentrated on the role of cFLIP in regulation of caspase activation and its 

involvement in life or death decision [195, 196]. However with the discovery of the DED-chain 

[94, 158], another important constraint has emerged for DISC-mediated apoptosis. 

Furthermore, it has been previously reported that both the two DED domains of procaspase-

8/procaspase-10 are required for successful formation of the DISC [197-200]. Therefore, it was 

critical to understand the basis of DED assembly and its role in caspase-8 activation. Since 

DED-DED interaction involved typical interaction between conserved binding surfaces, we 

proposed structure-based three possible models to explain the initial recruitment of caspase-8 to 

self-associated FADD platform. With the experimental evidences, we are in support of the 

model whereby procaspase-8 is recruited to oligomerized FADD platform exclusively through 
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DED-A which initiates subsequent formation of caspase activating DED-chain to induce 

proximity induced cleavage and hence cell death. Another interesting aspect of our model is 

that it may now explain the importance and the requirement for both the domains in DISC 

assembly. In accordance with our observations, several mutations in procaspase-8 DED have 

been identified in colon and gastric carcinoma which although do not affect its binding with 

FADD but interfere with procaspase-8 activation hence promoting inappropriate cell survival 

[199-202]. Thus, in context of the normal cell physiology, caspase-8 activation is tightly 

regulated at various levels of the DISC assembly so as to prevent inadvertent cell death as well 

as inappropriate cell survival.  
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4.3  Biochemical and biophysical characterization of E2 transactivation domain 

Background: 

In chapter-4.1, we showed that E2 via α2 helix of transactivation domain directly binds to the 

DED-containing prodomain of caspase-8 mediating procaspase-8 activation and hence cell 

death. While as discussed in the previous chapter-4.2, caspase-8 activation in the classical 

cell death pathway occurs through homotypic interaction between the death-fold domain 

proteins. Therefore, we were intrigued as to how E2 in spite of being a non death-fold protein 

act as a potent binding partner of caspase-8. To understand this we carried out biophysical 

and biochemical characterization of E2 transactivation domain. 

 

4.3.1 Introduction 

  E2 proteins characterized from numerous human and animal serotypes have three 

distinct modules; an amino-terminal transactivation domain (TAD) of ~200 amino acids 

followed by a flexible, proline-rich hinge region and a carboxyl-terminal DNA binding 

domain (DBD) of ~100 amino acids. The TAD is a protein interaction module that binds to 

the viral helicase E1 [203] and to various host proteins such as topoisomerase I [4], Brd4 

[204] and procaspase-8 [1] to name a few. Several crystal structures of the E2 TAD, either 

alone (free form) or in complex with the C-terminal helicase domain of E1, or with a Brd4 

peptide, have been reported [141, 142, 205-208]. These structures revealed that E2 TAD is L-

shaped comprising two sub-domains, N1 and N2, separated by two consecutive single helical 

turns. The DBD of E2 is reported to dimerize (Kd in nanomolar range), and binds tightly to 

viral DNA sites with consensus sequence of ACCGN4CGGT, where N represents any base 

pair [209, 210]. Although the main dimerization interface is located within the C-terminal 

DBD, the arrangement of the N-terminal TAD within crystal lattices of some of the structures 

mentioned above suggest that this domain can also homodimerize, however, with dissociation 
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constant in the micromolar range [142, 207]. For E2 from HPV16, the dimerization of TAD 

was found to involve residues from helices α2 and α3 of N1 domain and residues 142–144 

from N2. Detailed examination of the dimer interface revealed hydrogen bonding and ionic 

interaction between side chains of R37 with E80 of second subunit to be primarily 

responsible for stabilization of the dimer [211]. The TAD–TAD interaction was shown to 

occur between E2 dimers (forming inter-dimers); serving as a key to the formation of DNA 

loops [211, 212]. This in turn leads to transcription activation by bringing together distally 

bound transcriptional factors. However, with respect to HPV18 E2 TAD, the possibility of 

TAD dimerization is still elusive. The available crystal structure has 65 N-terminal residues 

(two-thirds of N1 domain) missing which lacks key amino acids reported for dimerization 

[213]. Sequence of E2 TAD is highly similar among different virus types with ~ 33 of the 

total 201 residues completely or partially conserved. Furthermore, the conservation or 

conservative substitution of residues at dimer interface (Fig. 4.1.15) suggests that E2 TAD 

dimerization might be the intrinsic property of all known papillomaviruses. Consistent with 

this, apart from human papillomaviruses, E2 TAD dimerization is also reported for bovine 

papillomaviruses [208, 214].  

 Based on all these information and our present findings, we speculate that the surface 

defined by helices α2 and α3 of E2 TAD enables it to act as a pseudo death-fold protein, with 

potential to homodimerize and interact with death-fold domain of caspases via the typical 

(helix-helix)/(helix-helix) association. We therefore characterized complete HPV18 E2 TAD 

so as to delineate its capability of homodimerizing in-vitro using molecular modeling, 

mutagenesis and bio-physicochemical approaches. 
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4.3.2 Experimental Procedures  

4.3.2.1 Proteins expression and purification – E2 TAD wild-type and mutant (R41A, 

W42A, and R41A/W42A) expression vectors have been described in chapter-4.1. For protein 

expression, the E2 TAD plasmids were co-transformed with pMALc5 empty vector in E.coli 

BL21 (DE3) cells. Cells were grown in the medium supplemented with 2 μg/ml of arabinose 

(to induce ara-operon driven expression of E2 TAD) at 37 
o
C till the optical density (A600 nm) 

reaches 0.5. Cells were further induced with 0.4 mM IPTG to induce expression of MBP and 

further cultured at 18 °C for 20 h. Next, the bacteria were harvested by centrifugation, re-

suspended in lysis buffer (20 mM Na2HPO4/NaH2PO4 pH 7.8, 200 mM NaCl, 0.1 mM DTT, 

1% glycerol, 10 mM imidazole, and 1X protease cocktail inhibitor) and subjected to 

sonication. After centrifugation at 16,000 rpm for 30 min, the lysate was passed through pre-

equilibrated Ni-IDA resin for 1 h at 4 °C. The column was washed three times with binding 

buffer (20 mM Na2HPO4/NaH2PO4 pH 7.8, 200 mM NaCl, 20 mM β-mercaptoethanol, 0.1% 

TritonX-100, and 10 mM imidazole) and the bound proteins were later eluted in the binding 

buffer using imidazole gradient (25 - 500 mM). The proteins were visualized on 12% SDS- 

PAGE; relatively pure proteins were pooled and concentrated to 2 ml volume using 10 kDa 

centricon (Millipore). The protein was further purified and characterized for the oligomeric 

property by size exclusion chromatography using Superdex 75 pre-grade or analytical grade 

columns respectively. Integrity and purity of protein was again checked by 12% SDS-PAGE 

and the identity was confirmed with western blotting using anti-E2 antibody (sc-26939, Santa 

Cruz Biotechnology, Inc.). 

 

4.3.2.2  Fluorescence and CD spectroscopy – Urea denaturation was performed in 20 mM 

Na2HPO4/NaH2PO4 buffer pH 7.8, 100 mM NaCl, 20 mM β-mercaptoethanol for the protein 

concentrations described in the Figure 4.3.4. For the equilibrium unfolding studies, protein 
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samples were incubated for 12 h to equilibrate at the appropriate final concentrations at 25 
o
C 

prior to acquisition. Fluorescence spectra measurements were recorded on Fluorolog-3 

spectrofluorometer (Horiba Scientific). The samples were excited at 280 or 295 nm; the slit 

width was equal to 4 nm during the excitation and 5 nm for the emission. The signal was 

acquired for 0.3 s integration time, and the increment of wavelength was equal to 0.5 nm. The 

fluorescence signal for the protein was blank corrected by subtraction of the buffer signal for 

the solvent alone. For renaturation experiments, the protein was incubated in 8 M urea-

containing buffer. Post incubation for 5 h at 25 °C, the protein was allowed to refold by 

diluting it into phosphate buffer such that the final urea concentration was as indicated in the 

figure legends. The samples were incubated at 25 °C for 12 h before measurements. Far UV 

CD spectra of urea denatured protein samples were acquired using JASCO J 815 

spectropolarimeter from 250 nm to 210 nm owing to increase noise at shorter wavelengths. 

Spectrum was the average of 3 scans at a 50 nm/min scan speed, and the buffer baselines 

were subtracted.  

 

4.3.2.3 Analysis of the equilibrium unfolding profile – E2 TAD wild-type followed a 

three-state folding pathway with the formation of dimeric intermediate given as follows: 

N2 ⇌ I2 ⇌ 2U. The data was normalized and fitted in the equations 13-18 described in 

Materials and Methods section to obtain the parameters ∆G1
H2O, ∆G2

H2O, m1 and m2.  

 

4.2.2.4 Oligomeric property analysis – Glutraldehyde cross-linking and dynamic light 

scattering (DLS) experiments were performed by following the protocol as described under 

Materials and Methods. 
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4.3.2.5 Molecular docking of monomeric HPV18 E2 TAD to generate E2 TAD 

homodimer – HPV16 E2 protein TAD domain (PDB id. 1DTO) crystal structure solved at 

high resolution of 1.90 Å, having C2 biological symmetry, and 47.4% sequence similarity 

with HPV18 E2 TAD, turned into a base for biological dimeric symmetrical assembly. To 

obtain the dimer, the modeled monomeric form of HPV18 E2 TAD was superimposed on 

HPV16 E2 TAD protein using PyMol Version 1.5.0.4 (Schrödinger, LLC). In order to verify 

correct assembly of dimeric interface of modeled structure, molecular docking of the 

monomer was performed with ClusPro 2.0 [163], without defining the active site residues. 

ClusPro 2.0 performs rigid body docking of protein complexes based on PIPER (FFT based 

protein docking program with pair potentials). In ClusPro 2.0 rigid body docking, 70,000 

rotations of ligand molecule with respect to receptor molecule within the range of 9 Å were 

performed to generate cluster of poses. Furthermore, the best docked structure generated from 

clusters of poses was structurally aligned to the dimer obtained from superimposition to 

finalize the correct assembly of the dimeric interface. The final structure was subjected to 

PRCG (Polak Ribierre conjugate gradient) energy minimization with PRIME Minimization 

module of Schrödinger 2014 suite (Schrödinger LLC, New york, LLC) using water as 

implicit solvent, OPLS (Optimized Potential for liquid simulations) force field and 

minimization steps up to 5000 steps. Subsequently E2 TAD dimer was prepared and 

optimized with protein preparation wizard of Schrödinger 2014 suite (Schrödinger LLC, New 

york, LLC) and further subjected to molecular dynamic (MD) simulation. 

 

4.3.2.6 MD Simulation of modeled E2 TAD dimer – Molecular dynamic studies of 

optimized E2 dimer was carried out with Gromacs v 4.5.6 molecular dynamics package using 

OPLS-AA (Optimized Potential for liquid simulations-all atom) force field to evaluate the 

dynamics and strength of interaction within the dimer interface assembly. The dimer complex 
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was then solvated with SPC216 (Simple Point Charge water) water solvent model into a 

cubic box of 1.0 nm from the molecule to the edge of the box. In addition PME (Particle 

Mesh Ewald) electrostatics was used for long range electrostatic interactions and PBC 

(Peridic Boundary Condition) was applied in all the directions. The system was further 

neutralized with mono atomic ions to achieve total zero charged system. The tolerance was 

set up to 1000 kcal/mol and 50,000 energy minimization steps was carried out using Steepest 

Descent and subsequently Conjugate Gradient minimization method. For short range 

electrostatic, coulomb cut-off was set to 1.0 nm with Fourier spacing of 0.16 nm. All bond 

angles were constrained with LINCS (Linear Constraints Solver) holonomic algorithm, 

though geometry of water molecules was constrained with SETTLE algorithm. Parinello-

Rahman barostat was used to set the pressure (1 bar) of the system, while V-rescale 

thermostat was applied to modulate the temperature (310 K) of the system. Moreover 

Position restrains algorithm was applied for both NVT (canonical ensemble) and NPT 

(isothermal-isobaric ensemble) MD of 100 ps. The position restrained system was well 

equilibrated in accordance with both the NVT and NPT MD of 100 ps evidenced by the 

results. The system was later run for 50,000 ps (50 ns) MD production. The coordinate 

frames of every 2 ps of the 50 ns MDS trajectory were saved for further analysis. The entire 

computation was performed on BRAF-HPC facility with 6x Intel Xeon running on 2.67 GHz 

processor on Cent-OS linux-based operating system. The simulated models were verified and 

validated using structural analysis and verification server (SAVES) which include 

PROCHECK [215], ProSA-web [216], Verify-3D [217] and ERRAT verification algorithms 

[218]. 

 

4.3.2.7  Binding free energy calculations – E2 TAD – TAD and E2 TAD – DED binary 

protein complex binding energies were calculated with the help of MM-GBSA (Molecular 
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Mechanics-Generalized Born model Solvent Accessibility) module provided by Schrödinger 

Package 9.35. MM-GBSA is an efficient tool for calculation of binding energy based on 

difference of Gibbs free energy of protein-protein complex and complex free protein 

molecule (receptor and ligand).  The average interaction energies of receptor and ligand are 

usually obtained by performing calculations on an ensemble of uncorrelated snapshots 

collected from an equilibrated MD simulation. The final equation for the solvated binding 

free energy ∆Gbind, solv can be calculated as: ΔGbind, solv = E_complex (minimized) - E_ligand 

(minimized) - E_receptor (minimized) 

 

4.3.2 Results and Discussion  

4.3.2.1  In silico analysis of E2 TAD dimerization 

The crystal structure of N-terminal TAD of HPV16 E2 protein revealed a dimerization 

surface constituting residues from helices α2 and α3. To assess whether HPV18 E2 TAD 

could homodimerize, a structural model was generated as described in the experimental 

section. The overall quality factor of the model was assessed by ERRAT analysis which was 

found to be 82%, implying good accuracy of the predicted structure. The stereochemistry of 

the refined model (PROCHECK analysis) revealed that 100% of residues were situated in the 

most favorable region and additional allowed regions, whereas none of the residues fell in the 

generously allowed or disallowed region of the Ramachandran plot (Fig. 4.3.1A). ProSA-web 

evaluation provided a compatible Z score value of -7.9 (Fig. 4.3.1B), which is well within the 

range of native conformations of crystal structures. The overall residue energies of the 3D 

model were largely found to be negative (Fig. 4.3.1C). These observations indicated that the 

model quality was reliable and could be considered for further analysis.  

 Superposition of HPV16 and 18 E2 TAD dimers showed an RMSD of less than 0.8 Å 

(Fig. 4.3.2A). The dimerization interface of HPV18 E2 involved residues Q38, R41, W42, 
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E52, Q80, M81, Q84, Q88, K92 from the helices α2 and α3 (Fig. 4.3.2B). Notably, residues 

R41, W42, Q84 and Q88 seem to play a central role in this interaction (Fig. 4.3.2C). 

Furthermore, it is interesting to note that the TAD – TAD interface shared few residues that 

formed part of the procaspase-8 binding surface (reported in chapter 4.1). Therefore, we 

decided to explore the wild-type and α2 helix mutants (R41A, W42A, and R41A/W42A) to 

test for their ability to homodimerize.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.3.1 Validation of the E2 TAD dimer. A) Ramachandran plot of the model (red, dark 

yellow, and light yellow regions represent the most favored, allowed, and generously allowed 

regions). (B) ProSA-web Z-scores of all protein chains in PDB determined by X-ray crystallography 

(light blue) and nuclear magnetic resonance spectroscopy with respect to their length. The Z-score of 

E2 was present in the range represented in black dot. (C) Energy plot for the predicted E2 model of 

HPV18. 
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Figure 4.3.2 Homodimeric model of HPV18 E2 TAD. A) Superposition of HPV18 and 16 E2 TAD. 

Modeled HPV18 E2 TAD homodimer (residues 1-199) superimposed on HPV16 E2 TAD structure 

(PDB id. 1DTO) shown in magenta and cyan colours respectively. B) Dimplot of the HPV18 E2 TAD 

dimer interface. C) A close-up view of the interface with selected side chains from each molecule 

shown in stick model. The residues from chain A surface are shown in green and chain B in cyan 

colour.  
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4.3.2.2  In vitro characterization of wild-type and mutant E2 TAD 

As the first step, wild-type and mutant E2 TAD were expressed in E.coli, purified by 

immobilized metal-ion affinity chromatography followed by size-exclusion chromatography. 

The gel filtration profile presented in Fig. 4.3.3A show that the wild-type and mutant proteins 

exist predominantly as a monomer, however, except for the double mutant, a small peak 

corresponding to the dimer was also observed. To confirm the presence of the dimeric 

species, 20 μg of wild-type and mutant proteins were cross-linked with glutraldehyde and run 

on SDS-PAGE. It was observed that wild-type and single mutants show mixture of 

monomeric and dimeric species, however, the concentration of the former being higher; 

whereas the double mutant exists only in the monomeric form (Fig. 4.3.3B). To further 

substantiate these findings, we determined the heterogeneity of the purified proteins using 

DLS (Fig. 4.3.3C). We observed that the average hydrodynamic radii of E2 wild-type and 

single mutants were larger compared to the double mutant. Based upon the radii, the 

calculated molecular weight of the proteins is given in Table 4.3.1. For wild-type and the 

single mutants, the calculated molecular weight closely resembled the theoretical molecular 

weight of a dimeric E2 TAD, whereas the double mutant showed a homogenous monomeric 

population.  

 Collectively, these data suggest that E2 TAD can coexist as monomer and dimer in 

solution, however, with the equilibrium more favorable towards the monomeric population. 

Furthermore, both the residues R41 and W42 might be critical for homodimerization which is 

in contrast to the HPV16 E2 TAD, where R37A alone resulted in destabilization of the dimer 

[219]. Based upon the structure of HPV16 E2 TAD dimer (PDB id. 1DTO) and our modeled 

structure, we assume that the possible difference could be due to the type of interactions at 

the dimer interface (please refer Table 4.3.2 and 4.3.3). In case of HPV16 E2 TAD, R37 by 

itself makes extensive hydrogen bonding and ionic interactions with E80 to stabilize the 
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symmetrical dimer interface, while in case of HPV18 E2 TAD, the glutamic acid is replaced 

with glutamine which although makes hydrogen contact with R41 but does not participate to 

form a stabilizing salt bridge. The hydrogen bonding between W42 and Q88 might therefore 

be probably required to provide favorable energy to form the dimer. However, further 

mutagenesis studies would be required to test this assumption and to obtain clear view on the 

role of these residues in dimerization. 

 

 

Figure 4.3.3 Determination of the oligomeric state of E2 TAD wild-type and mutant proteins. A) 

Size exclusion chromatography elution profile of the wild-type and mutant (R41A, W42A, and 

R41A/W42A) E2 TAD proteins using a Superdex 200 10/300 (analytical grade) column. A major 

peak (blue arrow) corresponding to the calculated molecular weight of a monomer (24.5 kDa) and a 

minor peak (black arrow), except for the double mutant, related to the dimeric species (49 kDa). B) 

Glutraldehyde cross-linking reaction product resolved on SDS polyacrylamide gel. Cross-linked 

dimeric species is visible in case of wild-type and single mutant proteins. C/L represents 

glutraldehyde treated Cross-Linked sample. Note that the intensity of the cross-linked dimer is lesser 
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for the W42 mutant compared to wild-type and R41A mutant. A band corresponding to size lower 

than 24 kDa in the cross-linked lane is due to the intra molecular cross linkage of the protein resulting 

in increased mobility. C) Dynamic light scattering of mutant and wild-type E2 TAD proteins. The 

vertical co-ordinate axis corresponds to the relative percent intensity and the horizontal axis 

corresponds to the hydrodynamic radius (on a logarithmic scale). The histogram in red for the wild-

type and single mutants shows the average size distribution of the particle of an average molecular 

mass of approx. 50 kDa, while a molecular mass of approx. 25 kDa for the double mutant. The bar in 

green corresponds to the size distribution of an aggregate and in blue for dust particle.  

 

 

Table 4.3.1 Dynamic light scattering analysis of E2 wild-type and mutant proteins. 

aMean hydrodynamic radius derived from the measured translational diffusion coefficient using the 

Stokes-Einstein equation 
b Polydispersity divided by the hydrodynamic radius 

 

Table 4.3.2 Detailed list of interactions at HPV18 E2 TAD-TAD interface evaluated using 

the Protein Interactions Calculator with the default cut-offs.  

 

    

 

 

 

 

 

 

 

 

 

E2 TAD 
Hydrodynamic 

radius 
a
 

% 

Polydispersity 
b
 

Calculated 

molecular 

weight 

(kDa) 

Theoretical 

molecular weight 

(expasy 

protparam) 

(kDa) 

 monomer dimer 

Wild-type 2.98 34.9 55.4 24.2 48.4 

R41A 2.93 31.3 52.7 24.1 48.2 

W42A 2.90 18.4 51.1 24.1 48.2 

R41A,W42A 2.42 4.5 26.2 24.0 48.0 

Type of interaction TAD (chain-A) TAD (chain-B) 
Distance 

(Å) 

Hydrogen bonds 

Side chain-side 

chain 

NH1 Arg41 O
ε1

   Gln84 2.14 

N
ε2 

  Trp42 O
ε1 

  Gln88 3.37 

O
ε1 

  Gln88 N
ε2 

  Trp42 3.37 

O
ε1

   Gln84 NH1Arg41 2.14 

Salt bridges 

 

Lys70 Asp146  

Asp146 Lys70  

Hydrophobic interactions (within 5Å) 

 

Phe48 Ala147  

Tyr66 Ala147  

Ile77 Met81  

Met81 Ile77  

Ala147 Phe48  

Ala147 Tyr66  
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Table 4.2.3 Detailed list of interactions at HPV16 E2 TAD-TAD interface evaluated using 

the Protein Interactions Calculator with the default cut-offs.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

4.3.2.3 Unfolding studies 

Equilibrium unfolding is an excellent tool to understand the driving force of the interaction 

and whether dimerization is a folding process. Solvent-denaturation represents a valuable 

alternative to conventional methods, such as size-exclusion chromatography and DLS, for 

measuring dissociation constants for homodimeric proteins and provides additional 

information on the energetically linked unfolding reactions [220]. We therefore studied the 

dependence of the unfolding of E2 TAD induced by urea. In these experiments, we monitored 

changes in secondary structure by circular dichroism at 228 nm and changes in tertiary 

structure by average emission fluorescence, following excitation at 280 nm or 295 nm. The 

Type of interaction 
TAD (chain-

A) 
TAD (chain-B) Distance (Å) 

Hydrogen bonds 

Main chain-side chain  NH2Arg37 O    Leu77 2.97 

Side chain-side chain 

NH2Arg37 O
ε1

  Glu80 2.61 

N
ε2 

  Gln76 O
ε1

  Glu80 2.88 

O
ε1

   Glu80 N
ε2 

  Gln76 2.88 

 O
ε1

   Glu80 NH2 Arg37 2.61 

Salt bridges 

 

Lys34 Glu80  

Arg37 Glu80  

Lys66 Glu141  

Lys66 Glu142  

Glu80 Lys34  

Glu80 Arg37  

Glu141 Lys66  

Glu142 Lys66  

Hydrophobic interactions (within 5Å) 

 

Ala41 Ala143  

Tyr44 Ala143  

Ile73 Leu77  

Leu77 Ile73  

Leu123 Leu48  

Ala143 Ala41  
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data show a small pre-transition for the first step of unfolding which occurs between 0 and 

~2.5 M urea, which is followed by a second cooperative transition between ~3 M and 7 M 

urea. All the three spectroscopic signals showed similar trends in the unfolding data (Fig. 

4.3.4). We also observed that the folding transitions are reversible (Fig. 4.3.4D). Therefore, 

these results suggest that E2 TAD follows a three-state folding pathway.  

 

Figure 4.3.4 Equilibrium unfolding of E2 TAD wild-type. Unfolding was measured by 

fluorescence emission with excitation at either 280 nm (A), or at 295 nm (B) and by CD at 228 nm 

(C). For the fluorescence and the CD measurements the protein concentration was 1.5 μM and 5 μM 

respectively. D) Refolding of the protein measured by fluorescence emission with excitation at 280 

nm to confirm the reversibility. Error bars show standard error for at least three unfolding curves. The 

data were fit (solid lines) using three-state folding model as described under Materials and Methods 

using Igor Pro 6.03A.  
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 Because we observed that E2 TAD homodimerizes at higher concentrations, we went 

ahead to examine the effect of protein concentration on equilibrium unfolding. As shown in 

the Fig. 4.3.5., there was a shift in the midpoint of the second transition as the concentration 

of the protein increased beyond 1.5 µM. However the first transition was concentration 

independent, and the Cm value (concentration of urea at which 50% of the protein is 

unfolded) was constant at 1.6 M urea suggesting that E2 TAD follows a three-state folding 

pathway with the formation of a dimeric intermediate. Based on this information, the global 

fitting of the data to a three-state folding model, discussed in chapter-3, was carried out to 

obtain the conformational free energies (∆G
H2O)

 
and the cooperativity indices, or m-values 

for each step of unfolding (Table 4.3.4). The results demonstrate that wild-type E2 TAD is 

quite stable; with total conformational free energy of 18.8 kcal.mol
-1

. By using these values 

for ∆G1
H2O, ∆G2

H2O, m1 and m2, we calculated the equilibrium distribution of the species for 

all the protein concentrations (1.5 μM, 2.5 μM, and 3 μM). As shown in the Fig. 4.3.6, 

between 0 M and 3.5 M urea, there is a decrease in the population of native dimer and a 

concomitant increase in the population of the dimeric intermediate, I2. The mid-point of the 

transition is 1.6 M urea, consistent with the experimental results shown in Figure 4.3.5. The 

relative concentration of the dimeric species is dependent on the protein concentration and 

reaches a maximum at ~3.1 M urea. The second transition, I2 to U, has midpoint 4.3 M, 4.7 

M and 4.9 M for the concentration of the proteins indicated in the figure legend. By 

observing this second-order transition both as a function of denaturant and protein 

concentration, we could determine the dissociation constant by using the equations 1 and 17 

and the ∆G2
H2O and m2 values. The calculated equilibrium constant, K2 at 4.5 M urea was 

found to be ~1.8 μM. To further ascertain the equilibrium dissociation constant value, it 

would be necessary to perform analytical ultracentrifugation, which we could not do due to 

unavailability of the facility. Nonetheless, in the literature [221], dissociation constant for 
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HPV16 E2 TAD is reported to be Kd, 8.1 ± 4.2 × 10
-6

 M, which in close agreement to our 

data.  

 

Figure 4.3.5 Concentration dependence of the equilibrium unfolding of E2 TAD wild-type. Unfolding 

monitored by fluorescence emission with excitation at 280 nm (A) and 295 nm B), at protein 

concentrations of 1 μM (◘), 1.5 μM (◊), 2.5 μM (□), 3 μM (▲). For clarity, error bars are not shown 

for all the data sets. 

 

 

 

 

 

 

 

 

 

 

Figure 4.3.6 Fraction of species as a function of urea concentration in the unfolding process. The 

fraction of native, dimeric intermediate and unfolded protein was calculated as a function of urea 

concentration. The protein concentrations were 1.5 μM, 2.5 μM and 3 μM. ‗N2‘ refers to the native 

protein ‗I2‘ is the dimeric intermediate and ‗U‘ refers to the unfolded species.  
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Table 4.2.4 Mean parameters for the unfolding of E2 TAD wild-type, as monitored by its 

fluorescence intensity and calculating the average emission wavelength. 

Parameter Mean ± S.E. 

m1 (kcal.mol
-1

.M
-1

) 0.98 ± 0.07 

∆G1
H2O 

(kcal.mol
-1

) 1.82 ± 0.02 

m2 (kcal.mol
-1

.M
-1

) 1.97 ± 0.06 

∆G2
H2O 

(kcal.mol
-1

) 16.9 ± 0.1 

The parameters were obtained by fitting Equation 13-17 to the experimental data. Each entry 

corresponds to the mean ± S.E. (standard error) of three independent experiments at three different 

concentrations of the protein: 1.5, 2.5, and 3 μM. 

 

Table 4.2.4 Energy components contributing to the binding of the E2 TAD – E2 TAD 

homodimer and E2 TAD – DED heterodimer complexes in terms of MM-GBSA module 

provided by Schrödinger Packages 9.35. ∆G bind = E_complex (minimized) - E_ligand 

(minimized) - E_receptor (minimized). All the values are in kcalmol
-1

. 

 

E2 TAD – E2 TAD complex 

Binding Energy 

components 

Complex  Receptor  

(E2 TAD) 

Ligand 

 (E2 TAD) 

∆G 

 

H-bond -269.3 -113.9 -149.66 -5.7 

Electrostatic -13732.1 -7354.8 -6510.13 132.9 

Covalent 2258.8 1008.3 1230.23 20.3 

Pi-pi packing -38.1 -23.6 -14.32 -0.2 

Lipophilic -2457.4 -1141.7 -1280.63 -35.1 

Solvation energy-GB -2743.5 -1275.7 -1355.64 -112.2 

van der Waals -1747.3 -846.8 -800.25 -100.3 

Self-contact correction -239.2 -159.6 -80.74 1.1 

Total Binding Energy -18968.8 -9907.7 -8961.1 -99.2 

 

E2 TAD – DED complex 

Binding Energy 

components 

Complex  Receptor  

(E2 TAD) 

Ligand 

 (DED) 

∆G 

 

H-bond -168.7 -68.3 -97.3 -3.0 

Electrostatic -13217.6 -6465.5 -6879.5 127.4 

Covalent 2159.7 1267.8 880.6 11.3 

Pi-pi packing -43.1 -7.5 -23.3 -12.2 

Lipophilic -2148.3 -1002.8 -1107.1 -38.3 

Solvation energy-GB -2942.4 -1490.8 -1349.7 -101.9 

vdW -691.4 179.3 -822.9 -47.8 

Self-contact correction -251.6 -117.5 -142.6 8.5 

Total Binding Energy -17303.4 -7705.6 -9541.9 -55.9 
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4.3.2.4 E2 TAD homo vs. E2 TAD – DED heterodimerization 
   

Earlier in chapter-4.1, we demonstrated that interaction of procaspase-8 with E2 involves the 

interface defined by helices α2/α3 of E2 TAD, suggesting that E2 TAD homo- and E2 TAD-

DED hetero-dimerization share the same surface. We therefore decided to compare the 

relative binding affinities of E2 TAD homodimer and the E2 TAD – DED heterodimer 

complexes. To estimate the relative binding affinities of these complexes, we performed 

binding free-energy analysis using MM-GBSA approach. This method has been used in a 

number of recent studies to investigate protein–protein interactions, and the approach is 

generally well correlated with experimental results [222-224]. The absolute values calculated 

are not necessarily in agreement with experimental binding affinities. However, the ranking 

based on the calculated binding energies (MM-GBSA ∆GBind) can be expected to agree 

reasonably well with ranking based on experimental binding affinity [225]. To determine the 

binding interactions between these complexes, the conformational data that were generated 

from the molecular dynamics simulations were used to perform post-trajectory implicit 

solvent binding free-energy calculations. The free-energy is expressed as the difference of the 

free energy of the complex with that of the receptor and ligand, averaged over a number of 

snapshots collected from the trajectory. The binding free energies calculated for each of the 

contributing terms are shown in Table 4.3.5. The inspection of free-energy components of 

the complex revealed that the packing and van der Waals contribution of the solvation free 

energy is more favorable for E2-DED complex as compared to the E2 TAD homodimer. The 

calculated relative binding free energies for E2 TAD homodimeric (∆GBind = -55.9 kcal.mol
-1

) 

and E2 TAD – DED complexes (∆GBind = -99.2 kcal.mol
-1

) clearly demonstrate favorable and 

higher binding affinity for E2 – DED complex, which very well corroborate with our 

experimental data as discussed earlier. However, further in vitro experiments such as 
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isothermal titration calorimetry are desirable to accurately determine the binding affinities of 

these complexes.  

 Collectively, results from the present study suggest that E2 TAD forms a weak dimer 

via the surface defined by helices α2/α3, and the dimeric species cannot be significantly 

populated unless the protein is in micromolar concentration. Strikingly, the E2 – procaspase-8 

DED complex is highly stable even at lower protein concentrations and in buffer conditions 

ranging from low to high ionic strength (reported in chapter-4.1). Furthermore, in chapter-

4.2, we have established that the classical death-fold interaction involves (helix/helix) – 

(helix/helix) association between the death-fold domains. Therefore, based on all these results 

we propose that surface defined by helices α2/α3 of  E2 TAD enables it with the ability to act 

as a pseudo death-fold adaptor protein having potential to homodimerize (lower affinity) and 

interact with typical death-fold domain of caspases (higher affinity), to induce  caspase-8 

oligomerization followed by its activation and cell death.  
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5.1  Introduction 

 HtrA proteins belong to a unique family of multidomain serine proteases (S1, 

chymotrypsin family) that are conserved from prokaryotes to humans. They are well-known 

for their complex structural organization that is reflected in their involvement in numerous 

cellular processes such as protein quality control, unfolded protein response, cell growth and 

apoptosis. This multitasking ability associates them with a number of pathophysiological 

conditions such as cancer, arthritis, and neurodegenerative disorders hence making them 

therapeutically important [2, 74-76]. Interestingly, despite diversity in functions and low 

sequence identity, their overall structural integrity is evolutionarily maintained that comprises 

a serine protease domain and one or more C-terminal PDZ domains arranged in a pyramidal 

oligomeric assembly ranging from trimer to 24-mer structure. [9]. Although there is overall 

conservation in the protease structure, significant diversity at the N-terminus such as signal 

sequences, transmembrane regions and/or additional domains construe their cellular 

localization and functionality. These variations along with intricate conformational dynamics 

lead to subtle differences and hence provide basis for their specificity and distinct behavior 

[226]. 

  Human HtrA2, one of the key members of this family  has evolved into a mitochondrial 

proapoptotic molecule with ability to induce apoptosis via multiple pathways [10]. It is 

synthesized as a 458 amino acid precursor protein which includes a short N-terminal region, 

serine protease and one C-terminal PDZ domain. The N-terminus carries a transmembrane 

anchor and a mitochondrial localization signal, which is processed following mitochondrial 

transport to remove first 133 amino acids. This cleavage exposes an IAP (Inhibitor of 

Apoptosis Protein) recognizing tetrapeptide motif (AVPS) unique to this member of HtrA 

family. During apoptosis, mature HtrA2 enters the cytoplasm where it interacts with BIR 

(Baculovirus IAP Repeat) domains of IAPs such as XIAP (X-linked Inhibitor of Apoptosis 
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Protein) and relieves their inhibition on active caspases [12, 95] thereby promoting caspase-

dependent apoptosis [88]. Although HtrA2 was primarily identified as an IAP-binding 

proapoptotic protein, the structural organization and domain plasticity has enabled it to 

mediate apoptosis through other caspase dependent and independent pathways via its serine 

protease activity. Its caspase-independent proapoptotic property is manifested by its ability to 

proteolytically cleave important cellular proteins such as cytoskeleton-associated actin,  α-, β-

tubulin, vimentin, proteins related to translational machinery [10] and few antiapoptotic 

proteins [13, 227]. This distinct property has made it an interesting target especially where 

caspase activation is prevented either due to inhibition of caspase activity or genetic 

inactivation of a key caspase. 

 The available crystallographic data on mature unbound form of HtrA2 provides a broad 

overview of overall structural organization of the inactive protease [14]. The mature trimeric 

protease has a pyramidal architecture where the core serine protease domains are gated by C-

terminal PDZ domains at the base and short N-terminal regions on the top thus creating an 

extremely buried active-site milieu. The structure-based model suggests PDZ is 

stereochemically limiting the accessibility of substrate in an otherwise proteolytically 

competent active-site pocket, thus hinting higher activity for the ∆PDZ variant [14]. 

However, recent reports from our group demonstrated significant decrease in protease 

activity of this variant [118, 119], thus highlighting the importance of intricate PDZ-protease 

domain crosstalk and conformational plasticity in defining HtrA2 activity and specificity. 

Interestingly, although PDZ acts as a regulatory domain in all the members of HtrA family, 

uniqueness of HtrA2 is manifested by its ability to bind subset of proteins, such as IAPs, 

through its N-terminus and subsequently cleave them [3]. This phenomenon unequivocally 

demonstrates existence of multiple or complex mechanisms of HtrA2 activation involving 

PDZ as well as other regions of the protein. 
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 Here, with a goal to delineate the structural correlates of HtrA2 activation as well as to 

develop a universal model for its mechanism of action, we carried out comprehensive binding 

and enzyme kinetic analyses of HtrA2-XIAP interaction using full length protein, its minimal 

binding region and the corresponding peptides. Our studies clearly demonstrate the role of 

XIAP as an allosteric activator of HtrA2 thus establishing the importance of N-terminus in 

regulation of protease activity. The observations suggest how structural plasticity mediated 

by its substrate binding process and inter-subunit networking drive HtrA2 function.   

 

5.2  Experimental Procedures 

5.2.1 Peptides – All the peptides were commercially synthesized (USV Ltd. Mumbai, 

India) with >95% purity. The primary sequences of the peptides were HtrA2-PDZopt (NH2-

GQYYFV-COOH) [121], BIR2pep residues (NH2-
204

GGKLKNWEPCDRAWSEHRRHF
224

-

COOH), BIR3pep residues (NH2-
305

GGLTDWKPSEDPWEQHAKWY
324

-COOH) and control 

nonspecific peptide (NH2-KNNPNNAHQN-COOH). 

 

5.2.2 Recombinant protein production and purification – Mature (∆133) HtrA2 full length 

with C-terminal His6-tag in pET-20b (Addgene, Cambridge, MA, USA) and PDZ lacking 

variant HtrA2 
∆PDZ 

were expressed and purified as described previously [118]. The canonical 

PDZ-peptide groove mutant (G230A) was generated using site-directed mutagenesis 

(Stratagene, Austin, TX, USA). Full length XIAP clone in pGEX-4T with GST-tag was 

obtained from Addgene. XIAP-BIR2, BIR3 domains and mutants were sub-cloned into 

modified pMALc5-TEV vector (New England Biolabs, Ipswich, MA, USA) that provides an 

N-terminal maltose binding protein (MBP) tag. The BIR domain and IAP binding motif 

(IBM) groove mutant tested were XIAP-BIR2: 124–240, E219R/H223V; XIAP-BIR3: 241–

356, Q319R/W323V. The IBM groove mutations were also introduced in GST-XIAP full 
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length as XIAP-E219R/H223V (BIR2 domain mutant), XIAP-Q319R/W323V (BIR3 domain 

mutant), XIAP-E219R/ H223V, Q319R/W323V (BIR2 and BIR3 domain mutant). 

Recombinant proteins were expressed in E. coli strain Rosetta (DE3) (Novagen, Billerica, 

MA, USA). Cells were grown at 37 °C till the OD600 reaches 0.6 and was then induced with 

0.4 mM IPTG. Cells were further cultured at 18 °C for 20 h post induction. Proteins with 

GST-tag were purified by affinity chromatography using GST-sepharose resin (Novagen, 

MA, USA) while MBP-tag proteins were purified using amylose resin (New England 

Biolabs, Ipswich, MA, USA) in buffer 20 mM Na2HPO4/NaH2PO4, pH 7.8 containing 100 

mM NaCl, 25 mM β-mercaptoethanol (β-ME), 50 μM Zn(Ac)2. The MBP-tag was cleaved 

using TEV protease [228] and was further subjected to size exclusion chromatography. All 

the fractions with >95% purity as estimated by SDS-PAGE were stored in aliquots at -80 
o
C. 

 

5.2.3  Enzyme assay – The protease activity of wild-type and its variants were determined 

using substrate FITC (fluorescein isothiocyanate) labelled β-casein (Sigma Chemicals, St. 

Louis, MO, USA) as described previously [118]. The fluorescent substrate cleavage was 

measured by incubating respective concentration of enzymes in presence or absence of XIAP 

(proteins or peptides) with increasing concentrations (0 – 25 μM) of β-casein at 37 °C in 

cleavage buffer (20 mM Na2HPO4/NaH2PO4, pH 7.8 containing 100 mM NaCl, 0.1 mM 

DTT). FITC-fluorescence was monitored in a multi-well plate reader (Berthold Technologies, 

TN, USA) using excitation wavelength of 485 nm and emission at 545 nm. Reaction rates 

(v0) were calculated using linear regression analysis. XIAP and BIR domain protein 

activation curves were fitted to the following equation: velocity = basal + max/ (1+ [Kact/ 

(peptide)]
 n

), where ‗Kact‘ is half maximal activation constant and ‗n‘ is the Hill constant 

[229]. The steady-state kinetic parameters were calculated from the reaction rates by fitting 

the data to Hill form of Michaelis-Menten equation, velocity = Vmax/(1+(K0.5/ [substrate])
n
), 
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where ‗Vmax‘ is the maximum velocity and K0.5 is substrate concentration at half maximal 

velocity using KaleidaGraph (Synergy software). All the experiments were done 

independently in triplicate and the mean ± S.E.M. values are shown in the plots.  

 

5.2.4  Surface Plasmon Resonance (SPR) – Real time kinetic analyses of HtrA2 and XIAP-

BIR interaction were performed using SPR (Biacore 3000, GE Healthcare Bio-Sciences, 

Uppsala, Sweden). Carboxymethylated sensor chips (type CM5) were first activated with a 

1:1 mixture of 0.2 M N-ethyl-N′-(3-dimethylaminopropyl) carbodiimide and 0.05 M N-

hydroxysuccinimide in water. The ligand, HtrA2 (50 μg/ml in 10 mM sodium acetate, pH 

4.5) was immobilized on the activated CM5 sensor chip by amine coupling (Biacore) and the 

unreacted sites were blocked with 1.0 M ethanolamine-HCl, pH 8.5. Control flow cells were 

activated and blocked in the absence of HtrA2 protein. The analytes, BIR proteins (BIR2 and 

3) and corresponding to IBM groove peptides of these two domains were then injected as a 

function of increasing concentration in running buffer (10 mM HEPES pH7.5, 200 mM 

NaCl) under continuous flow of 20 μl/min at 25°C. The chip was regenerated after each cycle 

by washing it with 2 M NaCl followed by running buffer. The sensorgrams for specific 

interactions were obtained by subtracting the reference unimmobilized flow cell response 

from that of the sample and were evaluated using the BIA evaluation software package (4.1 

versions, GE Healthcare, Sweden). Data were analyzed by fitting to a 1:1 Langmuir binding 

model of both the association and dissociation phases. The apparent equilibrium dissociation 

constants (KD) were determined from the ratio of the dissociation and association rate 

constants (kd/ka).  

 

5.2.5 Isothermal Titration Calorimetry (ITC) – ITC measurements were performed at 25 

o
C using MicroCal ITC200 (GE Healthcare Bio-Sciences, Sweden). All the solutions were 
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degassed before titration. The calorimetry cell contained 200 µl of 33 µM wild-type or 

G230A mutant HtrA2 in 20 mM Na2HPO4/NaH2PO4 buffer, pH 7.8 containing 100 mM 

NaCl. The titration was initiated with one 0.4 μl injection followed by 20 injections of 1.5 μl 

each of PDZopt peptide reconstituted in the same buffer. To correct for heat of dilution, 

peptide injections into a cell containing sample buffer was carried out under identical 

conditions and subtracted from the raw data prior to analysis. The data were analyzed using 

MicroCal ORIGIN software with the integrated heat peaks fitted to a one site-binding model. 

 

5.2.6 Pull down experiment – For binding assay, MBP-tag BIR domain and GST-tag XIAP 

wild-type and mutant proteins were incubated on amylose and GST-sepharose resins 

respectively for 1 h at 4 °C. Beads were washed three times with binding buffer (20 mM 

Na2HPO4/NaH2PO4, pH 7.8 containing 200 mM NaCl, 1 mM DTT, 0.1% TritonX-100). The 

washed beads were further incubated with equivalent amount of wild-type HtrA2 for 3 h at 4 

°C.  The unbound HtrA2 was removed by washing the beads thrice with the binding buffer. 

The bound proteins were separated on 12% SDS-PAGE and were probed with anti-His 

antibody (Abcam, Cambridge, MA, USA) against HtrA2.  

 

5.2.7 Protein Modeling and Docking – Crystal structure of inactive unbound HtrA2 (PDB 

entry-1lcy) was obtained from Protein Data Bank. The protein has missing N-terminal 

residues (AVPSP), flexible loop (
149

ARDLGLPQT
157

) and linker region 

(
211

RGEKKNSSSGISGSQ
225

). The loop and linker region were modeled and refined using 

Prime 3.0 [120] (Schrödinger, LLC, New York, 2012). Missing N-terminal residues (AVPSP) 

were modeled using 'CrossLink proteins' module of BioLuminate 1.2 (Schrödinger, LLC, 

New York, 2013). The Crosslink Proteins module allows cross-linking of prepositioned 

proteins by connecting chain termini with peptide linkers. HtrA2 trimer model without PDZ 
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domain (HtrA2 
ΔPDZ

) residues 1-211 was generated using Prime 3.0 ‗Homo-multimer 

program‘ which allows generation of homo-multimer from a monomeric protein. Docking of 

HtrA2 trimer with BIR3 IBM groove peptide (GGLTDWKPSEDPWEQHAKWY) was 

performed using ‗protein-protein docking' program [230] of BioLuminate 1.2 (Schrödinger, 

LLC, New York, 2013). Protein-protein docking calculations were done by specifying 70,000 

ligand rotations to probe, which is approximately to sample every 5° in the space of Euler 

angles. Protein-protein docking of HtrA2 trimer with BIR3 produced N-terminal docked 

poses. Three poses showed the peptide docked at N terminal tetrapeptide AVPS region and 

the docked poses have no steric clashes. BIR3 peptide residues W323, W310, A321, and 

L307 showed interactions with each chain in the trimer. 

 

5.2.7 Molecular Dynamics Simulation and Analysis – MD Simulation was performed and 

analyzed using Desmond 3.4 (Schrödinger, LLC, New York, 2013) software package as 

described previously [118, 231]. Briefly, protein structures were solvated with SPC 

orthorhombic water box with a 10 Å buffer space. The system was neutralized by replacing 

water molecules with sodium and chloride counter ions. Nose–Hoover thermostats and 

Martina–Tobias–Klein method were used to maintain constant simulation temperature and to 

control pressure respectively. The entire system was equilibrated using the default protocol 

provided in Desmond. Two rounds of steepest descent minimization were performed 

followed by series of four molecular dynamics simulations. The default equilibration was 

further followed by 5000 ps NPT (constant number of particles, pressure and temperature) 

simulation to equilibrate the system. A total 20 ns NPT production simulation was then run 

and coordinates were saved every 2 ps of time interval. Simulation data was analyzed with 

the help of analytical tools in the Desmond package. For MD Simulation quality analysis, 

potential energy of the protein and total energy of entire system was calculated. The lowest 
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potential energy conformations were used for structural analysis of peptide bound and 

unbound structures. The trajectories of peptide bound complex and unbound form were then 

compared based on their overall calculated domain wise RMSD and RMSF values. These are 

graphically represented using GraphPad Prism 5.0 (GraphPad Software, San Diego, CA, 

USA). 

 

5.3  RESULTS 

5.3.1 Interaction analysis and elucidating the role of IAPs in activation of HtrA2 

5.3.1.1 Determination of the proteolytic activity of HtrA2 in presence of IAPs  - Apart 

from deactivating IAPs [95, 122], the complex structural organization and domain plasticity 

of HtrA2 has enabled it to promote apoptosis through various caspase-mediated and 

independent pathways via its serine protease activity [2, 10]. To assess any role of IAPs on 

HtrA2 proteolytic activity, we determined its initial velocity (v0) as a function of increasing 

XIAP concentration, using fixed amount of enzyme and substrate β-casein, a well established 

model substrate of HtrA proteases [120, 232]. We observed that the rate of proteolysis 

increased in the concentration dependent manner, and the half maximal activation constant 

(Kact) was determined to be 10 ± 0.7 nM of XIAP (Fig. 5.1A). The full length XIAP is a 

homodimer consisting of three tandem BIR domains, followed by single UBA (Ubiquitin 

Associated) and RING domains [97]. BIR2 and/or BIR3 domains have been reported to be 

essential for HtrA2-XIAP interaction [95]. Therefore, to further explore XIAP mediated 

HtrA2 activation, we tested the protease activity in presence of either BIR2 or BIR3 domains. 

Interestingly, we observed that in presence of BIR2, the cleavage rate was similar to full 

length XIAP (Fig. 5.1B); however, the former achieves so at the expense of four-fold greater 

protein concentration (58 ± 10 nM). In the case of BIR3, the rate was slightly less compared 

to the full length and also exhibited high Kact concentration (200 ± 25 nM) (Fig. 5.1C). These 
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results suggest that most likely BIR2 domain acts as the key player in XIAP mediated HtrA2 

activation. However, increase in half maximal activation constant of  BIR domains compared 

to full length suggests homodimeric XIAP with tandem BIRs may be important in enhancing 

its avidity towards HtrA2 through two-site interaction driven mechanism. 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 5.1 XIAP mediated activation of HtrA2.  A) XIAP activation of β-casein cleavage by wild-

type HtrA2. B) Activation of HtrA2 by XIAP BIR2, C) XIAP BIR3 domain. In all the panels, 

concentration of substrate β-casein was 5 μM and HtrA2 was 200 nM. The solid lines are fits to the 

equation: velocity = basal + max/ (1+ [Kact/ (peptide)] n), where n is the Hill constant and Kact is half 

maximal activation constant.  Plots are mean of three independent data sets. 

 

5.3.1.2 Disruption of the XIAP–HtrA2 interaction prevents protease activation 

HtrA2 interacts with XIAP via N-terminal Reaper like motif (AVPS) similar to 

Smac/DIABLO [88]. To validate the importance of XIAP-HtrA2 interaction in activation of 

the protease, we created an AVPS tetrapeptide motif mutant (∆1, V2, P3A, S4, termed here as 

A1∆P3A). As anticipated, this variant did not interact with XIAP as observed by GST-pull 
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down assay (Fig. 5.2A). In addition, the proteolytic activity of A1∆P3A was found 

comparable to wild-type suggesting that the mutation did not affect the overall protease 

conformation. Strikingly, in presence of IAP proteins, there was no increase in the proteolytic 

activity of HtrA2 (Fig. 5.2D). This result suggests that interaction of XIAP with the amino-

terminal tetrapeptide motif (AVPS) of HtrA2 results in the activation of the proteolytic 

activity of the enzyme.  

 To confirm the role of XIAP-HtrA2 interaction in activation of the protease, we 

decided to target the IAP-binding motif (IBM) groove of XIAP that is responsible for its 

interaction with HtrA2 [88]. Since Glu, His and Gln, Trp pairs of IBM groove residues confer 

selectivity to BIR2 and BIR3 respectively for interaction with caspase-3 and -7 tetrapeptide 

motif [96], we assumed that interaction XIAP and HtrA2 tetrapeptide motif possibly involves 

the same pair of residues. We therefore targeted these pairs aiming to explore the importance 

of these residues in interaction and its effect on HtrA2 activation. For this, we generated 

individual BIR domain mutants, BIR2 (E219R, H223V) and BIR3 (Q319R, W323V) as well 

as combinatorial mutants for full length XIAP (DM, B2M, B3M), and pull-down assay was 

performed. Pull-down studies with the IBM groove mutants of BIR domains showed 

complete abrogation of interaction whereas, it was partially retained in case of full length 

XIAP with only single IBM groove mutation (Fig. 5.2C).To explore the effect of loss of 

interaction on protease activity, we determined the cleavage rates in presence of these 

different mutant XIAP proteins. It was observed that XIAP DM completely failed to enhance 

the proteolytic activity probably due to its inability to interact with HtrA2 (Fig. 5.2D). 

Altogether, these results demonstrate the importance of IBM groove mediated HtrA2 

interaction in activation of the protease.  
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Figure 5.2 Mutational analysis of XIAP-HtrA2 interaction. A) GST-pull down assay of wild-type 

HtrA2 and AVPS mutant (A1∆P3A) with XIAP. The A1∆P3A mutant (prey) was defective in binding 

to GST-XIAP (bait) as compared to wild-type. GST-control did not show any binding to HtrA2. B) 

Structure of BIR2 (PDB id. 1c9q) compared with BIR3 (PDB id. 1f9x) highlighting IAP binding 

motif (IBM) groove in black. Residues for IBM groove mutations E219, H223 of BIR2 and Q319, 

W323 of BIR3 are shown as sticks. C) Pull down assay of IBM groove mutants using full length 

XIAP, BIR2 and BIR3 domains. In left panel, MBP-pull down was carried out with MBP-BIR2 and 3 

wild-type and IBM groove mutants BIR2 (E219R, H223V) and BIR3 (Q319R, W323V). A 

representative coomassie stained SDS PAGE and corresponding immunoblotting with anti-His for 

detection of his-tagged HtrA2 shows that HtrA2 failed to associate with mutants (* denotes  MBP 

contamination). In right panel, GST-pull down was performed with XIAP and its mutants. For XIAP 

with both BIR domains mutated (DM) showed complete loss of interaction, while, the single domain 

mutants XIAP-BIR2 (E219R, H223V) (B2M) and XIAP-BIR3 (Q319R, W323V) (B3M) retained 

binding with HtrA2. D) Basal cleavage rate of β-casein by HtrA2 and HtrA2∆PDZ in presence of XIAP 

and its mutants. The DM failed to increase the enzymatic activity of HtrA2 while B3M and B2M 

enhanced the activity similar to wild-type BIR2 and BIR3 respectively. The A1∆P3A mutant 

incapable of binding to XIAP did not show any increment in proteolytic activity in presence of IAP.  
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Figure 5.3 SPR binding analyses of HtrA2 with BIR domain proteins and IBM groove peptides. 

HtrA2 was immobilized on CM5 sensor chip as described under experimental procedures. Indicated 

concentration of BIR proteins and peptides (analyte) were injected over immobilized HtrA2 at a flow 

rate of 20 µl/min at 25 °C. The sensorgram shown is for binding kinetics of BIR2 (A), BIR3 (B), 

BIR2pep (C), and BIR3pep (D). The specific binding response was obtained by subtracting the 

background signal over a reference surface without immobilized protein. Data was evaluated using 

BIAevaluation software program and the constants were calculated by fitting the data using 1:1 

Langmuir binding model. 

 

5.3.1.3 Interaction analysis 

To determine the kinetic and affinity constants we performed quantitative interaction 

analyses of HtrA2 with XIAP-BIR domains and the IBM groove peptides using Surface 

Plasmon Resonance (SPR). It was observed that BIR proteins and peptides readily bound to 

immobilized HtrA2 (Fig. 5.3). Kinetic analysis of the binding data for BIR2 and 3 
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demonstrated apparent equilibrium dissociation constants (KD) of 54 ± 8 nM and 254 ± 18 

nM, respectively (Table 5.1). A decrease in KD observed for BIR2 was mainly due to higher 

association combined with moderately lower dissociation rates as compared to BIR3 (Fig. 

5.3A and B). We further correlated the binding properties for BIR proteins with those of 

IBM groove peptides (Fig. 5.3C and D), which showed comparable apparent KD values 

(Table 5.1).Thus, HtrA2 interacts with both BIR2 and BIR3 domains of XIAP but shows 

higher affinity for the former. In addition, these analyses establish that IBM groove is critical 

and sufficient in mediating XIAP-HtrA2 interaction. 

 

Figure 5.4 Activity of wild-type HtrA2, its variant and mutant in presence or absence of 

activator. The steady-state kinetics of β-casein cleavage by wild-type HtrA2 (200 nM) (A), PDZ 

lacking variant HtrA2 ∆PDZ (1000 nM) (B) and PDZ-peptide groove mutant G230A (200 nM) (C) in 

presence of saturating concentration of XIAP (20 nM), BIR2 (100 nM) and BIR3 (1000 nM) proteins. 

D) Plot representing activity of wild-type HtrA2 in presence of either 5 μM  PDZ interacting peptide 

(PDZopt)  and combination of  PDZopt and full length XIAP (20 nM). The solid lines are nonlinear 
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least squares fit of the data to the Hill form of the Michaelis-Menten equation: velocity = Vmax/(1+(Km/ 

[substrate])n). For clarity, error bars are not shown for all the data sets.   

 

 

Figure 5.5 Determination of steady state kinetics for β-casein cleavage by HtrA2 and HtrA2
∆PDZ 

in presence of IBM peptides. Graph of β-casein cleavage in presence of IBM peptides, 100 nM of 

BIR-2pep (NH2-GGKLKNWEPCDRAWSEHRRHF-COOH)) and 1000 nM BIR-3pep (NH2-

GGLTDWKPSEDPWEQHAKWY-COOH)) by A) HtrA2 (200 nM) B) HtrA2∆PDZ (1000 nM). 

 

 

 

Table 5.1 Surface plasmon resonance analysis of the interaction between HtrA2 and XIAP-

BIR proteins and peptides. Kinetics of the interaction between HtrA2 and XIAP-BIR proteins 

or peptides was evaluated using Biacore 3000 instrument. The ligand HtrA2 was immobilized 

on a surface that was challenged with different concentrations of BIR proteins/peptides and 

the rate constants were determined by applying 1:1 Langmuir model to the data. Equilibrium 

dissociation constant (KD) was calculated from the ratio of dissociation and association rate 

constants (kd/ka).  

 

 

 

Ligand Analyte 
Association rate 

constant ka (1/Ms) 

Dissociation 

rate constant   

kd (1/s) 

Equilibrium 

dissociation 

constant KD (M) 

HtrA2 BIR2  1.6x10
5
 8.5x10

-3
 5.5x10

-8
 

HtrA2 BIR3  5.7x10
4
 1.5x10

-2
 2.5x10

-7
 

HtrA2 BIR2 pep 1.3x10
4
 2.0x10

-4
 1.5x10

-8
 

HtrA2 BIR3 pep 7.9x10
3
 1.5x10

-3
 2.0x10

-7
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5.3.2 Determining specificity and catalytic efficiency of HtrA2 

5.3.2.1 Steady-state kinetic parameters for HtrA2  

To determine the steady-state kinetic parameters, we measured initial rates of substrate 

cleavage for different β-casein concentrations with or without saturating XIAP proteins or 

peptides. We observed that HtrA2 cleavage of β-casein follows a sigmoidal curve with Hill 

constant of 2.8 ± 0.2 (Fig. 5.4A). The substrate β-casein has a carboxyl-terminus PDZ-

binding consensus (GPFPIIV) and has specific cleavage sites for serine protease thus acts as a 

C-terminal self activating substrate for HtrA2 [118]. Therefore, the positive cooperativity 

upon substrate cleavage suggests that binding of one substrate (β-casein) molecule to one 

subunit of HtrA2 trimer favors consequent binding of others. Interestingly, upon pre-

incubation of HtrA2 with XIAP, the catalytic efficiency (kcat/K0.5) increased about three-fold 

and the Hill constant was reduced to 1.5 ± 0.1, thus indicating greater stabilization of the 

relaxed (active) state of protease upon IAP binding [229]. However, the substrate 

concentration at half maximal velocity (K0.5) remained unchanged, even in presence of 

effector (XIAP), implying existence of a similar binding pocket. Similar results were 

obtained in presence of saturating concentration of either BIR domain proteins or peptides, as 

shown in Table 5.2. 

   

 Here, in presence of XIAP proteins or peptides, there is an increase in Vmax without any 

significant alteration in Km of HtrA2 which indicates that it likely follows ‗V system‘ of 

allosteric modulation [233]. In this model, substrate has similar affinity for both relaxed 

(active) and tensed (inactive) states of enzyme; hence, there is no influence of effector on 

substrate binding (and vice versa). It majorly depends on whether effector has maximum 

affinity for active state (acting as an activator) or for the inactive state (here, an inhibitor) 

[234]. This differential affinity of the effector towards enzyme along with relaxed state 
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stabilization shifts the equilibrium towards active state [229, 235]. Thus, XIAP possibly acts 

as an activator to allosterically modulate HtrA2 to form a catalytically active enzyme, which 

then cleaves β-casein.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 5.6 Interaction analyses of PDZopt with HtrA2 wild-type and G230A mutant measured 

using isothermal titration calorimetry. Binding thermograms for PDZopt peptide (H2N-GQYYFV-

COOH) (0.5 mM) with HtrA2 wild-type (0.03 mM) (left panel) and PDZ-peptide groove mutant, 

G230A (0.033 mM) (right panel). Data was recorded at 298 K. In each titration, the upper panel 

shows raw data, whereas the lower panel corresponds to corrected integrated binding isotherm 

together with fitted binding curve. The dissociation constant was calculated to be 3.2 μM for wild-

type whereas no significant heat change was observed for PDZ-peptide groove mutant.  
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Table 5.2 Steady-state enzymatic parameters for HtrA2 and its variants. The initial rates for 

substrate cleavage in presence or absence of XIAP proteins or peptides were measured and 

fitted to Hill form of Michaelis-Menten equation to determine the steady-state kinetic 

parameters (Fig.  5.4 and 5.5). The values are mean ± S.E.M. and generated from data points 

for at least three independent experiments 
     

 (n.a. - not applicable)  

  

 

5.3.2.2 Comparison of the catalytic efficiency upon N- and C-termini induced 

activation 

To identify whether the mechanism of HtrA2 activation via N- and C-termini effector binding 

is additive, we carried out enzyme cleavage assay in presence of earlier reported optimal 

HtrA2 PDZ domain binding peptide (NH2-GQYYFV-COOH), termed as PDZopt [121]. It 

Enzyme 
Activator 

(protein/peptide) 
K0.5 (μM) 

Hill 

constant 

Maximum 

velocity 

Vmax (Ms
-1

) 

x10
-9

 

Catalytic 

efficiency 

kcat/K0.5 (M
-1

s
-1

) 

wild-type none 2.3 ± 0.1 2.8 ± 0.2 0.84 ± 0.1 1.6 x10
3
 

wild-type BIR3 2.3 ± 0.2 1.8 ± 0.1 1.4 ± 0.1 3.1 x10
3
 

wild-type BIR2 2.3 ± 0.2 1.6 ± 0.1 1.8 ± 0.2 3.8 x10
3
 

wild-type XIAP FL 2.7 ± 0.1 1.5 ± 0.1 2.3 ± 0.1 4.7 x10
3
 

G230A none 3.2 ± 0.2 n.a. 0.17 ± 0.06 1.6 x10
2
 

G230A BIR3 3.5 ± 0.2 n.a. 0.28 ± 0.01 2.6 x10
2
 

G230A BIR2 3.2 ± 0.1 n.a. 0.38 ± 0.09 4.4 x10
2
 

G230A XIAP FL 3.0 ± 0.1 n.a. 0.51 ± 0.13 5.1 x10
2
 

HtrA2 
∆PDZ

 none 1.4 ± 0.04 1.7 ± 0.1 0.39 ± 0.12 2.9 x10
2
 

HtrA2 
∆PDZ

 BIR3 1.7 ± 0.1 1.5 ± 0.04 0.82 ± 0.16 5.1 x10
2
 

HtrA2 
∆PDZ

 BIR2 1.7 ± 0.1 1.4 ± 0.1 0.91 ± 0.11 6.2 x10
2
 

HtrA2 
∆PDZ

 XIAP FL 1.8 ± 0.1 1.5 ± 0.1 1.08 ± 0.12 8.0 x10
2
 

Peptide-mediated activation of HtrA2 

wild-type BIR3pep 2.5 ± 0.2 2.2 ± 0.2 1.3 ± 0.1 2.4 x10
3
 

wild-type BIR2pep 2.8 ± 0.3 1.9 ± 0.1 1.9 ± 0.1 3.3 x10
3
 

wild-type  PDZopt 2.6 ±  0.3 2.5 ± 0.2 1.2 ± 0.1 2.2 x10
3
 

wild-type  PDZopt +XIAP 2.9 ±  0.3 1.9 ± 0.2 2.2 ± 0.2 4.0 x10
3
 

HtrA2 
∆PDZ

 BIR3pep 1.8 ±  0.1 1.5 ± 0.1 0.75 ± 0.06 5.4 x10
2
 

HtrA2 
∆PDZ

 BIR2pep 1.3 ± 0.2 1.2 ± 0.1 0.76 ± 0.15 6.1 x10
2
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was observed that pre-incubation of HtrA2 with PDZopt peptide increased the cleavage rate of 

substrate (Fig. 5.4D). In addition, presence of saturating concentration of XIAP exhibited 

further ~two-fold increase in turnover number and catalytic efficiency (Table 5.2), 

demonstrating synergy between XIAP and PDZopt induced activation. 

 

 To understand whether N-terminal XIAP-mediated activation requires any direct 

involvement of C-terminal PDZ domain, we first determined the enzymatic parameters for a 

PDZ lacking variant (HtrA2
∆PDZ

). HtrA2
∆PDZ

 cleaved β-casein with steady-state kinetic 

parameters of K0.5= 1.3 ± 0.05 μM, Vmax= 0.39x10
-9

 Ms
-1 

and Hill constant = 1.71 ± 0.1 

(Table 5.2). The kcat/K0.5 of this variant was 5.5-fold less than intact trimeric HtrA2 and the 

apparent Km and co-operativity were also reduced. Since β-casein is a C-terminal binding 

substrate, deletion of PDZ domain possibly affects initial substrate binding process, allosteric 

modulation and cleavage, thereby leading to decrease in co-operativity and catalytic 

efficiency. However, interestingly, addition of XIAP (either proteins or peptides) to 

HtrA2
∆PDZ 

enhanced β-casein cleavage rate to a fold increase similar to that observed for full 

length HtrA2 (~2.8-fold) with concomitant decrease in cooperativity (Fig. 5.4B and 5.5B). 

This suggests that N-terminal ligand is capable of independently inducing conformational 

changes in protease domain to form an active conformer. 

 

 To further clarify N-terminal XIAP-mediated HtrA2 activation and the role of C-terminal 

PDZ domain, we tested the enzymatic activity of a PDZ-binding groove mutant. PDZ 

domains have a canonical binding site comprising highly conserved ‗G-Φ-G-Φ motif‘, where 

Φ denotes hydrophobic residues. The first Gly residue is highly variable among PDZ 

domains while the third Gly is found to be conserved. The second and fourth residues are 

mostly hydrophobic ( Val, Ile, Leu, or Phe) [117]. This recognition sequence is substituted as 
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YIGV in HtrA2. To generate the PDZ-binding groove mutant, we targeted the Gly residue of 

the motif, denoted here as G230A, to prevent substrate interaction with PDZ domain. To test 

whether G230A mutation disrupts interaction of HtrA2 with PDZ binding substrates/peptides, 

interaction analysis was carried out by isothermal thermal titration calorimetry using PDZopt 

peptide. It was found that wild-type HtrA2 interacts with the peptide; however the G230A 

mutant did not, thus confirming the importance of YIGV in the initial substrate binding (Fig. 

5.6). We then determined the enzymatic properties of this mutant with or without saturating 

concentration of IAPs. As anticipated, due to loss in initial substrate binding, a significant 

decrease in the steady-state kinetic parameters was observed for G230A compared to wild-

type (Table 5.2). To our surprise the mutant did not exhibit any cooperativity and the plot 

was found to be hyperbolic (Fig. 5.4C). This Michaelis-Menten behavior of the enzyme can 

be attributed to the lack of substrate-induced stabilization of active-site as well as to the steric 

block imparted by PDZ domain to the specificity pocket as a result of a non-functional 

‗YIGV‘ binding groove. This could have lead to loss in cooperativity and decreased protease 

activity. However, increase in Vmax by 2.4-fold upon addition of IAPs (Table 5.2) re-iterates 

the role of N-terminus in regulation of HtrA2 activity in a PDZ independent manner. 

 

 

 

Table 5.3 Comparison of distances between atoms of the catalytic triad in the BIR3pep-bound 

and unbound form of HtrA2 (in Å) 

 

Å: Angstrom 

 

 

Protein Complex 
N

ε2
 (His) – O

γ
 (Ser) N

δ1
 (His) – O

δ1
(Asp) 

Bound Unbound Bound Unbound 

HtrA2
∆PDZ

  –BIR3pep 3.2 5.1 2.6 2.9 
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Figure 5.7 Graphical representation of movements in peptide bound and unbound form of 

trimeric HtrA2
∆PDZ. A) RMSF plot of 20 ns MD simulation trajectory for BIR3 peptide-bound and 

unbound HtrA2∆PDZ. B) Domain wise RMSD plots for peptide unbound and C) bound HtrA2∆PDZ. The 

residues 140-180 comprising loops LD, L3, and L1 display significant deviations upon peptide 

binding. 
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5.3.3 Delineating the global conformational changes following IAP binding 

5.3.2.1 Monitoring conformational changes using in silico approach 

With the aim of understanding the structural rearrangements and molecular motions that 

govern HtrA2 activity, we adopted an in silico approach. Molecular dynamic (MD) 

simulation is a powerful tool for predicting the conformational plasticity and intricate 

molecular motions of large enzymes and their complexes [236]. To gain insight into the 

structural rearrangements that occur in a nanosecond time scale upon activator binding, MD 

analyses of BIR3 peptide-bound HtrA2 complex and unbound form were performed. Since 

BIR3-Smac mimetic complex has already been reported in literature [237, 238], which shows 

interaction of a similar molecule (Smac) with IBM groove, we carried out our MD simulation 

studies with BIR3 peptide. A trimeric HtrA2
∆PDZ 

(residues 1-211) was generated to perform 

docking and MD simulation, resulting in the BIR3 peptide-bound complex (BIR3pep-

HtrA2
∆PDZ

). Simultaneously, peptide-unbound HtrA2
∆PDZ

 was subjected to MD simulation 

for comparison with the bound form. We observed a significant difference in conformation of 

regulatory loops of the protease upon IAP binding. RMSF (root mean square fluctuation) plot 

of the trajectories for BIR3pep-bound complex showed higher relative fluctuations in loop LA 

(residues 37-41), LD (residues 126-140) and L3 (residues 142-162) (Fig. 5.7A). Domain wise 

RMSD (root mean square deviation) plots demonstrated major changes in sensor loop L3 

(Fig. 5.7B and C). However, loop L2 (190-196) which harbors the specificity pocket 

remained unchanged in the bound or unliganded states suggesting presence of a well-formed 

substrate binding pocket. This observation corroborates very well with substrate binding 

affinity (apparent Km) which was not appreciably different in presence or absence of the 

activator. Structural superposition of the peptide-bound and unbound forms shows an average 

RMSD of 1.21Å. The difference could mainly be attributed to structural deviation near the 

activation domain loops and some variations at the N-terminus, (residues 1-9) as well (Fig. 
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5.8A and B). Further characterization of the structural changes was performed to understand 

the mechanistic details of activation.  

 

 

Figure 5.8 Structural analysis of peptide bound and unbound HtrA2. A) Structural alignment of 

BIR peptide bound-HtrA2∆PDZ (cyan) and unbound (light blue) in cartoon representation. The 

movement in loops LA, LD and L3 are highlighted in red (peptide bound) and in yellow for unbound 

structure. B) Structural overlay highlighting single subunit of BIR3 peptide (dark blue) complex 

(cyan) and unbound (light blue) with the re-oriented regions shown in red (bound) and yellow 

(unbound).  

 

5.3.2.2 Structural evaluation of peptide bound and unbound HtrA2 

In serine proteases, formation of catalytic triad in an arrangement close enough for electron 

transfer from Asp to Ser through His is a prerequisite for an active enzyme [239]. For mature 

HtrA2, the catalytic triad that includes His65, Asp95 and Ser173 is malformed in the 

available unbound crystal structure [14]. Structural comparison of the unbound protease with 

BIR3pep-bound complex shows relative movements in the active-site triad residues (Fig. 

5.9A). It has been well established that the distance between the N
ε
 atom of His and the O

γ
 

atom of Ser in active proteases is < 3.5 Å whereas in the inactive form it is >3.5 Å [9]. The 

atomic distances between nitrogen (ε) atom of His 65 and oxygen (γ) of Ser173 decreases 
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from 5.1 Å to 3.2 Å in bound form and that between nitrogen (δ) of His65 and oxygen (δ) of 

Asp95 for peptide-bound complex is 0.3 Å shorter when compared to the unbound structure 

(Table 5.3).  

 Apart from catalytic triad, another key factor for proteolysis by serine proteases is 

stabilization of negative charge on carbonyl oxygen of tetrahedral alkoxide intermediate 

(oxyanion hole) [240], which resides in loop L1 (169-173) of HtrA2. Structural alignment of 

the oxyanion hole residues for HtrA2 (BIR3pep-bound and unbound form) in comparison with 

free and outer membrane porins (OMP)-bound E.coli DegS (closest structural ortholog of 

HtrA2) is shown in Fig. 5.9A. In BIR-bound form, the nitrogen atom of Gly171 (-2 position) 

acts as a hydrogen donor to form proper oxyanion hole whereas in unbound form, it is 

oriented in the opposite direction creating a malformed structure. Based upon structural 

overlay, the re-orientation of loop L1 seems to occur due to its increased proximity towards 

another mechanistically important loop LD via hydrophobic interaction. It thereby shifts the 

phenyl ring of F170 so as to accommodate LD loop and form a competent oxyanion hole as 

shown in Fig. 5.9B. Hence, the orientation of loops that accommodate oxyanion hole and 

catalytic triad residues might render the protease active or inactive in the presence or absence 

of ligand, respectively. 

 In HtrA group of serine proteases, intricate inter-molecular interaction among different 

subunits of oligomer leads to proper active-site formation [226]. From structural alignment of 

BIR3pep-HtrA2
∆PDZ

 with the unbound form, we observed significant deviations in loop L3 and 

LD upon peptide binding. This movement in particular seems to allow loop L3 of one subunit 

to move towards LD of neighboring unit. Specifically, in the bound complex, P148 and A149 

of L3 loop of one sub-unit form non-bonded contacts with P130 and F131 of LD loop from 

adjacent subunit, which otherwise is separated in the unbound structure (Fig. 5.9B). Thus, all 

these loop movements might coordinate to bring about the observed concerted 
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conformational rearrangements in and around the active-site leading to protease activation 

upon IAP binding. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 5.9 Monitoring conformational transition and rearrangements in BIR peptide-bound 

and unbound trimer HtrA2
∆PDZ. A) In left panel, comparison of oxyanion hole and active-site 

residues for inactive (OMP-free) and active (OMP-bound) forms of E.coli DegS shown as sticks. The 

residues in oxyanion are indicated as 0 for active-site Ser and -1, -2,-3 for preceding residues. In the 

inactive form, oxyanion hole is distorted especially in amide nitrogen atom of Gly at -2 position. Also, 

the active-site residues vary substantially. Similarly, in right panel, unbound HtrA2 shows distorted 
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oxyanion hole and malformed active-site whereas BIR peptide-bound complex shows re-orientation 

of Gly to form catalytically active HtrA2. B) Conformational changes between the bound and 

unbound structure. Upon peptide binding, L3 loop (red) of one subunit moves closer to LD* loop 

(orange) of adjacent unit. The side chain of residues (shown as black sticks) from L3 loop form non-

bonded interactions with F131 of LD* loop leading to rearrangement of oxyanion hole due to its 

hydrophobic packing with LD loop. However, L3 (yellow) and LD* (green) are separated in unbound 

structure (* indicates residue from the adjacent subunit). 

 

 

 

 

 

Figure 5.10 Proposed simplistic model for HtrA2 activation. The model assumes that HtrA2 exists 

in an equilibrium of inactive (E) and most active (E*) states. The complex allosteric propagation 

mediated upon binding of N- and C-terminal ligands synergistically transforms the protease into the 

most active conformer. N-terminal ligand (IAP) shifts the conformational equilibrium of HtrA2 to an 

active state that is further stabilized by reaction with C-terminal ligands/substrate. 

 

 

5.4  Discussion 

HtrA2 acts as a stress-induced serine protease in mammalian cells performing multiple 

functions [241]. Under physiological conditions, it participates in maintenance of 

mitochondrial homeostasis however it switches its role from a protector to a pro-apoptotic 

factor in response to stress-inducing agents. [4]. It induces apoptosis through classical 

pathways via caspase activation and also by a less understood caspase-independent 

mechanism [10]. This non-caspase dependent pathway of apoptosis largely depends on its 

proteolytic activity regulated by protein-protein interactions. To date, wide repertoire of 
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proteins binding to the C-terminal PDZ domain have been found to stimulate the protease 

activity thereby promoting cell death [242]. Interestingly, HtrA2 exhibits an additional level 

of functional modulation mediated through its N-terminus which is evident from IAP binding 

and its cleavage. This phenomenon emphasizes multiple modes of HtrA2 activation and 

regulation, the precise mechanism for which remains elusive so far. Furthermore, its 

association with severe pathophysiological conditions such as cancer and neurodegenerative 

disorders makes it a promising therapeutic target thereby emphasizing the need to delineate 

the basis and global mode of its activation. 

 The available crystal structure of inactive unbound HtrA2 [14] provides a broader picture 

of its structural organization and mechanism of activation. However, the importance of 

conformational flexibility required for protease function cannot be unambiguously resolved 

by the snapshots of selected conformational states provided by crystallography data. The 

regions with increased flexibility, such as loop segments appear to be preferred for allosteric 

modulation of serine proteases [243]. The trimeric HtrA2 comprises unique N-terminus and a 

complex network of regulatory loops (LA, LD, L1, and L2) which forms the ‗activation 

domain‘. The relative orientations of this activation domain along with flexible loop L3 and 

PDZ-protease interface linker might be critical in defining its functions. However, with the 

partially missing N-terminus and flexible loops, the solved unbound structure could not 

explain the dynamics that regulates HtrA2 activity as evident from the existing proposed 

model of activation [14]. Here, with an in-silico, enzymology and biochemical approach, we 

provide evidence of a novel mechanism that regulates HtrA2 activity through is N-terminus.  

 Enzymology studies with wild-type HtrA2 and  its variants using substrate β-casein in 

presence of varying effectors such as full length XIAP, its minimal binding domains (BIR2 or 

BIR3) and IBM groove peptides showed significant increment in cleavage rate of the 

protease. Binding of XIAP proteins or peptides at N-terminus allosterically modulates the 
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protease and shifts the intrinsic equilibrium from tense to relaxed conformation thereby 

increasing the overall catalytic efficiency in a PDZ-independent yet synergistic activation 

mechanism. This N-terminal mediated regulation of HtrA2 seems to be novel among HtrA 

family of serine proteases. For example, E coli DegS, is proteolytically inactive due to 

inhibitory interaction of PDZ with the serine protease domain which keeps the protease in the 

basal state [235]. This inhibition is relieved either by addition of OMPs that bind to PDZ and 

rearrange the active-site or by deletion of PDZ domain to form an active enzyme suggesting 

that PDZ is the sole regulatory domain [229, 244]. However in HtrA2, we have established 

that the unique N-terminal region imposes an additional control in regulating its activity. The 

complexity in its behavior might be required for targeting apoptosis through multiple 

pathways as well as for myriad of other functions it might perform. Based on our 

observations we hypothesize that during an apoptotic stress, HtrA2 facilitates ‗caspase-

dependent pathway‘ by relieving the inhibition of IAPs on active caspases [12, 95]. This IAP-

protease interaction then might trigger the non-classical ‗caspase-independent mechanism‘ by 

up-regulating protease activity of HtrA2, which in conjunction with PDZ binding proteins 

promotes substrate cleavage and hence cell death. 

 In HtrA family of serine proteases dynamic inter-molecular processes play crucial role in 

activation and hence functions [226]. The remodeling is initiated in most, if not all HtrA 

proteins by sensor loop L3 and subsequently a cascade of conformational changes occur 

along L3→ LD*→ L1*/L2* (the asterisk denotes contribution from a neighboring subunit) 

which enables the active-site to switch into a ‗proteolytically ON‘ state. Although the general 

mechanism is conserved among the family; the activation signal detection might vary [245]. 

Conformational dynamic analyses revealed that, in unliganded HtrA2 specifically the 

regulatory loops L1, L3 and LD are disordered, rendering the catalytic site and oxyanion hole 

dysfunctional. A closer look at and around the active-site of bound HtrA2 shows stabilization 
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of oxyanion hole and proper positioning of the catalytic triad. These regulatory loops undergo 

disorder-to-order transition thus allowing formation of a well-defined activation pocket. The 

occurrence of such structural and conformational flexibility provides a molecular explanation 

for allosteric activation of HtrA2. From our studies we propose that HtrA2 exists in an 

equilibrium between an inactive (E) and most active conformation (E*).  In E state, the 

protease exhibits poor enzymatic properties, however, a conformational switch triggered by 

N-terminal and C-terminal ligands shifts the intrinsic equilibrium towards E* state (Fig. 

5.10). Thus, the equilibrium between the inactive and active forms of HtrA2 could be used to 

tune the enzyme in ‗ON’ or ‗OFF’ states upon binding of suitable activator or inhibitor 

molecules. 

 Since the time of its inception [234],the allosteric mechanism of enzyme regulation has 

intrigued biochemists and structural biologists, which has resulted in devising ways for 

manipulating this behavior with desired characteristics. An event occurring at any distal site 

that affects the catalytic efficiency of an enzyme via long-range communication provides an 

apt explanation of linkage and cooperativity [246]. Recent studies have emphasized the 

importance of allostery as an intrinsic property of all dynamic proteins that exist in multiple 

states at equilibrium and tend to show large conformational changes linked to ligand binding 

or substrate catalysis [247]. Due to inherent protein-cleaving ability of proteases and their 

vital biological roles in all living organisms, their enzymatic activity needs to be strictly 

regulated. HtrA family of proteases have developed an intrinsic allosteric mechanism for 

precise control of their enzyme activity and specificity which is mediated via regulatory PDZ 

domains. It can be presumed that the overall mechanism  is conserved across the family from 

E. coli DegS, DegP, DegQ, Mycobacterium HtrA2, to Arabidopsis thaliana Deg1 [235, 245, 

248-250]. Interestingly, in human HtrA2, evolution has possibly endowed it with an 

additional regulatory switch via N-terminal binding of substrates to impart rigid control on its 
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activation which might be crucial for different roles it plays under normal and diseased 

conditions [2, 74-76]. This distinctive mode of regulation offers new promising opportunities 

for specific control and functional modulation of wide biological processes associated with 

HtrA2. In the recent past, allosteric regulators have been demonstrated to have several 

advantages over their orthosteric counterparts with lower dose requirements and greater sub-

site specificity [251, 252]. It would therefore be possible to design and construct suitable 

peptidomimetics or small molecule analogs, especially BIR2 due to its higher affinity, which 

could bind the regulatory domains and stimulate protease activity thus promoting apoptosis. 

Recently, proteolytic activity of HtrA2 was shown to be critical in inducing apoptosis in 

prostate cancer cells mediated via integrin alpha [253]. Furthermore, its role in degradation of 

Wilm‘s tumor suppressor protein WT1 shows the possibility of targeting HtrA2 in therapy of 

Wilms tumor where WT1 is overexpressed [254, 255]. The E- E* equilibrium therefore 

proposes new ways to enhance activity of HtrA2 by stabilization of the E* form as shown 

recently for thrombin [256] and apoptotic procaspase-3 and -6 [98]. This advancement in our 

understanding toward HtrA2 mechanism of action will help targeting its allosteric site with 

tailored effectors hence representing a powerful approach for devising therapeutic strategies 

against varied diseases associated with it.  
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Apoptosis induction in cancer cells provides one of the greatest possibilities to fight this life-

threatening disease. Classically, external apoptotic stimuli or signals generated from within 

the cell activate different signal transduction pathways involving a family of cysteine 

proteases (caspases), which are the key players in apoptosis. However, the complexity of 

cancer biology draws interest in search of new molecules that can potentially modulate the 

cell death pathway. The findings that viral protein E2 induces adaptor independent caspase-8 

activation and a serine protease HtrA2 mediates caspase-independent cell death open new 

avenues in apoptosis and cancer research. Here, with a goal to understand these alternate 

pathways of apoptosis in depth and to delineate their potential for therapeutic implications, 

we characterized the structural and functional properties of these proapoptotic proteins using 

inter-disciplinary approaches. 

 

Part-I:  Structural and functional characterization of human papillomavirus E2 protein 

The interaction of E2 with procaspase-8 has been found to be independent of DISC formation 

and therefore represents a novel pathway of apoptosis induction. In this section, we provide 

fascinating insight into the molecular and structural basis of E2 – procaspase-8 and the 

classical FADD – procaspase-8 interactions, and their roles in caspase-8 activation and cell 

death. Understanding the underlying mechanism by which high risk HPV E2 proteins activate 

caspase-8, and delineating the driving force of the interaction might help develop novel E2 

analogs with desired characteristics for therapeutic purposes. 

 Using in silico, site-directed mutagenesis, biochemical, biophysical and ex vivo 

studies, we have defined the surface of physical interaction for both these complexes. E2 – 

procaspase-8 interaction is mediated via a non-homotypic association between the helix 

α2/α3 of E2 TAD with α2/α5 helices of procaspase-8 DED-B. Sequence alignment of E2 

proteins from different HPV types demonstrate that the key residues involved in this 
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interaction are highly conserved or show conservative substitution. The ability of E2 proteins 

to induce apoptosis is reported to be independent of its other virus associated functions and is 

majorly dependent on whether it is localized in the cytoplasm. In support of this hypothesis, a 

study showed that a cytoplasmic mutant of low risk HPV11 E2 induced apoptosis similar to 

high risk E2 proteins. We therefore speculate that E2 proteins from different viruses might 

bind DED-containing proteins via this conserved binding surface to induce apoptosis. For 

example, a recent study shows that apoptosis induced by HPV16 E2 involves direct 

interaction with cFLIP, a DED-containing protease-deficient caspase-8 homolog. Therefore, 

it would be interesting to test this hypothesis further to develop a model for E2-induced 

apoptosis in different HPV types thereby contributing to our understanding of HPV E2 and its 

role in cell death. 

 Caspase-8 activation is achieved through the oligomerization driven by its interaction 

with the adaptor molecule FADD. While E2 bound to caspase-8 DED-B domain, it did not 

form a complex with FADD, which contains a single DED. Co-expression of E2 and 

procaspase-8 result in colocalization of proteins in cytoplasmic punctate structures, which 

represent oligomerization of caspase-8, resulting into proximity induced auto-cleavage and 

release of active caspase-8. In order to gain further insight into the mechanism of caspase 

activation, it is important to establish a relation between the novel adaptor independent E2 

induced apoptosis and the classical FADD-mediated pathway. 

 Although tremendous progress in understanding caspase-8 activation at the DISC has 

been made over last 10 to 15 years, several issues have remained open, especially at the 

molecular and structural levels of DED-containing proteins. Recently, a new paradigm in the 

DISC assembly added further to the complexity of the entire mechanism. Procaspase-8 is 

recruited not only through interaction with FADD but also by interacting with itself, resulting 

in formation of DED-chain which in turn facilitates its activation. We undertook the 
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challenge of dissecting the precise mode and the binding interface for DED-DED interaction 

which promote DED-chain assembly, and activation of caspase-8. An extensive mutagenesis 

screening and in vitro and ex vivo studies led to the revelation of hot-spots and structural 

modules essential for the intermolecular DED assembly. The homotypic DED-DED 

interaction involves a typical type-I (helix/helix) – (helix/helix) association between helices 

α1a/α4a and α2b/α5b for procaspase-8 tandem DED and α1/α4 and α2/α3 for the adaptor 

protein FADD DED. Further, we demonstrate that the signaling competency at DISC is 

dependent on FADD self-association and its interaction with procaspase-8, and both these 

events are not mutually exclusive. 

  Based on the experimental evidences, we propose a model for death-fold mediated 

procaspase-8 activation wherein, upon stimulation by  appropriate death ligand or ectopic 

increase in local concentration, FADD forms the oligomeric signaling platform which 

initially recruits procaspase-8 via direct interaction with α1/α4 of DED-A, followed by 

sequential interaction mediated by helices α2/α5 of DED-B to form DED chain. This in turn 

facilitates the proximity induced auto-cleavage and release of active caspase-8 to promote 

cell death. As E2 promotes caspase-8 induced apoptosis via interaction at a site distinct to 

FADD – caspase-8 interaction, this suggests that E2 and FADD might concurrently interact 

and induce caspase-8 oligomerization, and hence activation. Further studies to establish the 

direct association between E2 and FADD-mediated signalling will provide important 

understanding to exploit the pseudo death-fold structure of E2 (helices α2/α3) for 

manipulating the caspase-8 cell death pathway in a new way.  

 

Part-II: Structural and functional characterization of serine protease HtrA2 

Human HtrA2 is a proapoptotic serine protease that is associated with several diseases such 

as cancer and neurodegenerative disorders and hence is an important therapeutic target. It 
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mediates apoptosis through classical caspase-dependent pathway primarily regulated by 

protein-protein interactions, and also by a less understood caspase-independent mechanism 

which depends on its proteolytic activity.  The protease has a trimeric pyramidal architecture 

comprising a short N-terminal region, a serine protease domain and a C-terminal protein-

protein interaction (PDZ) domain. The crystal structure of the unbound inactive form of the 

protease was reported in 2002 (Li et. al.) which proposed a model where the relative PDZ-

protease movement was considered the primary reason for regulation of HtrA2 activity. 

However, the flexible PDZ-protease linker, N-terminal and several critical regulatory loops 

were missing from the structure thus limiting its ability to demonstrate dynamics of the 

mechanism of action. The structure-based activation model proclaims that stereo-chemical 

hindrance by PDZ restricts substrate accessibility in an otherwise proteolytically competent 

catalytic pocket thus hinting higher activity for ∆PDZ variant. However, recent reports from 

our laboratory demonstrated significant decrease in protease activity of this variant thus 

highlighting the importance of intricate co-ordination among different domains in defining 

HtrA2 activity and specificity. Interestingly, although C-terminal PDZ acts as a regulatory 

domain in all the members of HtrA family, uniqueness of human HtrA2 is manifested by its 

ability to bind subset of proteins such as IAPs through its N-terminus and subsequently 

cleave them. These observations accentuates existence of multiple or complex mechanism of 

HtrA2 activation involving PDZ and other regions of the protein which remains elusive so 

far.   

 Here, we demonstrate role of the short N-terminal region in modulation of HtrA2 

protease activity in synergy with PDZ domain. The work showcases a combination of 

computational, biochemical, biophysical and functional enzymology approach to clearly 

show how precise coordination between ligand binding and flexible loop movements at a site 

distal from catalytic pocket regulates HtrA2 proteolytic activity. It is the first extensive 
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quantitative kinetics study carried out for HtrA2 with its N-terminal binding partner, X-linked 

IAP (XIAP) protein and its minimal binding peptides. Our findings distinctly demonstrate a 

novel N-terminal ligand mediated triggering of an allosteric switch essential for transforming 

HtrA2 to a proteolytically competent state in a PDZ-independent yet synergistic activation 

process. Dynamic analyses suggest that it occurs through a series of coordinated structural 

reorganizations at distal regulatory loops (L3, LD, L1) leading to population shift toward 

relaxed conformer. We believe that this precise synergistic coordination among different 

domains of HtrA2 might be physiologically relevant to bestow tighter control upon its 

activation, which perfectly commensurate with the variety of functions it performs in the cell. 

Furthermore, the peptide based activation analyses in our study highlight the possibility of 

designing suitable peptidomimetics or small molecule analogs of XIAP, so as to manipulate 

HtrA2 functions specifically for disease intervention.  
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The current study has set up foundation for exploring several intriguing questions:  

1. The residue level detailed information obtained from HPV18 E2 and procaspase-8 

interaction analyses has shed new lights on role of E2 in apoptosis. The conservation of 

the interface residues across different HPV types suggests similar mechanism of 

apoptosis induction by E2 proteins. It will be therefore interesting to perform analogous 

studies with E2 protein from other viruses (including both low and high risk types) 

particularly targeting the key residues identified in the present study, and attempt to 

develop a model for E2-induced apoptosis.  

2. Knowledge of the structure and dynamics of proteins and protein assemblies is critical 

both for understanding the molecular basis of physiological and patho-physiological 

processes and for guiding drug design. Structural analysis of a novel E2-procaspase-8 

interaction in atomic detail therefore becomes imperative. Owing to the poor solution 

behavior of these proteins, a high resolution structure of the full length complex is 

however impractical. Strikingly, the information on minimal binding regions now could 

be utilized to determine the structure and dynamics of the E2-procaspase-8 complex. 

These atomic details could be utilized to design E2 analogs with enhanced proapoptotic 

properties that might have potential for disease intervention. 

3. Evidence from the current study suggests that initiation of apoptosis by E2 and FADD-

mediated procaspase-8 activation occur due to oligomerization of caspase-8 induced 

through distinct mechanisms. It would be thus interesting to determine whether E2 

induced cell death can co-operate with FADD to enhance caspase activation. 

Furthermore, it would be important to address how the activation of procaspase-8 is 

regulated in the DED chain. Establishing a direct link between these pathways would 

be necessary to understand the effect of the protein-protein interactions on DISC 
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formation and its overall function with an aim at targeting the extrinsic cell death 

pathway from a different angle. 

4. Multidomain proteins due to their structural complexity require different levels of 

regulatory mechanisms for executing cellular functions efficiently within a specified 

time period. Allosteric modulation is one such way which often helps a protein such as 

an enzyme to regulate functional behavior. Although we could provide the first 

evidence of the complex allosteric regulation of HtrA2, the mechanism of allosteric 

propagation and the underlying conformational plasticity needs to be delineated. 

Identification of the control switch regulating the protease activity will provide 

mechanistic details of its association in binding to myriads of cellular substrate and 

their cleavage. Furthermore, it will provide an idea of how HtrA2 might be activated in 

vivo in presence of different stimuli. These advances in our understanding of HtrA2 

mechanism and function will help design allosteric modulators to manipulate its 

functions with desired characteristics. 
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a b s t r a c t

Papillomavirus E2 protein that performs essential functions such as viral oncogene expression and
replication represents specific target for therapeutic intervention. DNA-binding activity is associated
with its C-terminal DNA-binding domain (DBD), while the N-terminal transactivation domain (TAD) is
responsible for replication and transactivation functions. Although both demonstrate large dependence
on dimerization for mediating their functions, KD for N-terminal dimerization is significantly high sug-
gesting more dynamic role of this domain. However, unlike DBD, very little information is available on
TAD dimerization, its folding and stability. Therefore, with an aim at delineating the regulatory switch of
its dimerization, we have characterized high-risk HPV18 E2 TAD. Our studies demonstrate that E2 TAD is
a weak but thermodynamically stable dimer (KD ~ 1.8 mM, DGH2O ¼ 18.8 kcal mol�1) with a2ea3 helices
forming the interface. It follows a three-state folding pathway, in which unfolding involves dissociation
of a dimeric intermediate. Interestingly, 90% of the conformational free energy is associated with dimer
dissociation (16.9 of 18.8 kcal mol�1) suggesting dimerization significantly contributes to its overall
thermodynamic stability. These revelations might be important toward designing inhibitors for targeting
dimerization or folding intermediates and hence multiple functions that E2 performs.

© 2015 Elsevier Inc. All rights reserved.
1. Introduction

Human papillomaviruses (HPVs) are double-stranded DNA vi-
ruses that have been strongly implicated in development of lesions
ranging from skin or genital warts to cancer [1]. Based upon
oncogenicity, they are divided into two subclasses, high-risk (HR)
types including HPV16 or 18 that are associated with 70% cases of
cervical cancer, and benignwart-causing low risk (LR) types such as
HPV6 and 11. Tremendous divergence in pathogenesis of HPVs has
evolved due to complex system of regulation mediated by protein-
DNA and proteineprotein interactions between viral and host fac-
tors [2]. Particularly, the early protein E2 acts as a master regulator
of the viral life-cycle. While considered to be the principal tran-
scription factor, the E2 protein is equally important for viral DNA
replication as well as mitotic partitioning of the viral genome [3]. In
addition, several groups have demonstrated myriads of other
functions such as NFkB activation [4], induction of apoptosis [5] or
regulation of host cell cycle [6]. The correlation of E2 with
ia.
mechanisms linked with cellular transformation hypothesizes its
direct involvement in early steps of carcinogenesis, and thus ex-
emplifies it as a potent target for therapeutic intervention.

E2 proteins characterized from numerous human and animal
serotypes have three distinct modules; an amino-terminal trans-
activation domain (TAD) followed by a flexible, proline-rich hinge
region and a carboxyl-terminal DNA-binding domain (DBD). TAD is
a proteineprotein interaction domain that binds to the viral heli-
case E1 [7] and to various host proteins such as topoisomerase-I [2],
Brd4 [8] and procaspase-8 [5]. Crystal structures of TAD reveal that
it comprises two sub-domains, N1 and N2, packed antiparallel to
one another and separated by two consecutive single helical turns
[7,9,10]. Although the main dimerization interface is located within
DBD, which strongly dimerizes (nanomolar KD) and tightly binds to
viral DNA sites [11], available structures suggest that TAD also
homodimerizes, however, with a higher KD [9,12]. Dimerization of
TAD has been proposed to serve as a molecular switch between
early gene expression and viral genome replication during HPV
infection [9,13]. Studies have also shown that induction of apoptosis
by HPV16 E2 requires formation of functional TAD dimers, thereby
further emphasizing the requisite for dimerization [14]. For HPV16
E2, the dimerization of TAD involves residues from helices a2/a3 of
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N1 and 142e144 fromN2 domains [9]. Nonetheless, with respect to
HR-HPV18 E2, the possibility of TAD dimerization is still obscure.
The available crystal structure has 65 N-terminal residues (two-
thirds of N1 domain) missing and therefore lacks key amino acids
reported for dimerization [15]. Furthermore, despite numerous
reports on the biophysical properties of DBD, till date, no infor-
mation is available on TAD folding and stability. A precise under-
standing of folding as well as determination of the overall
conformational stability will help delineate the regulatory switch
for E2 TAD dimerization which is crucial to understand its biolog-
ical functions.

Here, using molecular modeling, mutagenesis and bio-
physicochemical approaches, we distinctly show that HR-HPV18
E2 TAD dimerizes at micromolar concentration. The dimerization
is mediated by R41 andW42 as opposed to a single key residue R37
reported for HPV16 E2 [13]. In addition, we provide the first evi-
dence on unfolding and conformational stability of E2 TAD.

2. Materials and methods

2.1. Molecular modeling, docking and simulation

Using Modeller-9v11 [16], the missing region of HPV18 E2 TAD
(PDB: 1QQH) was homology modeled using HPV16 E2 TAD (PDB:
1DTO) as a template [9]. To obtain TAD dimer, the modeled
monomeric HPV18 E2 TADwas superimposed on dimeric HPV16 E2
TAD, having C2 biological symmetry, using PyMol (Schr€odinger,
LLC). To verify correct assembly of dimeric interface, molecular
docking of the monomer was performed with ClusPro-2.0 [17]. The
final structure was energy minimized with PRIME Minimization
module (Schr€odinger, LLC) and further subjected to molecular dy-
namic simulation for 20 ns as described previously [18]. The
simulated models were verified and validated using PROCHECK
[19], ProSA-web [20], and ERRAT algorithms [21].

2.2. Sub-cloning, protein expression and purification

pEGFPc1-HPV18 E2 vector was a kind gift from Dr. F. Thierry
(Institute of Medical Biology, Singapore). E2 TAD (residues 1e201)
was sub-cloned in pACYC-vector (Clontech), and a C-terminal his6-
tag was introduced to facilitate protein purification. Mutants were
generated using site-directed mutagenesis kit (Stratagene) and
verified by DNA sequencing. Escherichia coli BL21(DE3) cells
transformed with TAD constructs were grown at 37 �C till the
O.D600 reached 0.5, further induced with 2 mg/ml of arabinose and
cultured at 18 �C for 20 h. The Niþ2-affinity purification was per-
formed in buffer-A (10 mM Na2HPO4/NaH2PO4, pH 7.5, 100 mM
NaCl, 20 mM b-mercaptoethanol) as described previously [22]. The
proteins were further purified and characterized by size exclusion
chromatography using Superdex200-10/30 column (GE Health-
care). Protein identity was confirmed with Western blotting using
anti-E2 antibody (sc-26939).

2.3. Glutaraldehyde cross-linking

20 mg of purified protein was treated with freshly prepared
glutaraldehyde solution (final concentration 0.1%) for 2 min at
37 �C. The reaction was terminated by adding 5 ml of 2 M TriseHCl,
pH 8.0. Cross-linked product was mixed with Laemmli sample
buffer and analyzed on 12% SDS-PAGE.

2.4. Dynamic light scattering (DLS)

1 mg/ml protein was loaded into a 45 ml quartz cuvette. Mea-
surements were performed at 25 �C and at least 10 scans each of
12 s duration were collected (DynaPro NanoStar, Wyatt Technol-
ogy). Histogram analyses were carried out using DYNAMICS v.6.0
software.

2.5. Fluorescence and circular dichroism (CD) spectroscopy

Protein sample preparations for equilibrium unfolding studies
were done as described previously [23]. Fluorescence measure-
ments were recorded on Fluorolog-3 spectrofluorometer (Horiba
Scientific) with 280 and 295 nm excitation followed by emission
between 310 and 400 nm. Far UV CD spectra were acquired using
JASCO J-815 spectropolarimeter between 250 and 200 nm, at
20 nm/min scan speed.

2.6. Analysis of the equilibrium unfolding profile

E2 TAD wild-type and single mutants followed a three-state
folding pathway with the formation of a dimeric intermediate,
N2#I2 #2U. The data was normalized and fitted to the equations
described earlier [23], for obtaining the thermodynamic parame-
ters using Igor Pro 6.03A (WaveMetrics). The data for E2 TAD
double mutant was fitted to a two-state monomeric model, N#U
[23].

3. Results

3.1. In silico analysis of E2 TAD dimerization

To assess homodimerization of HPV18 E2 TAD, a structural
model was generated and its overall quality factor was assessed by
ERRAT, which was found to be 82% implying good accuracy of the
predicted structure. The stereochemical analysis revealed 100% of
residues were in the most favorable and additional allowed regions
of the Ramachandran plot (Fig. S1A). ProSA-web evaluation pro-
vided a compatible Z score value of �7.9 (Fig. S1B), which is well
within the range of native conformations of crystal structures. The
overall residue energies of the 3D model were largely found to be
negative (Fig. S1C). These observations indicated that the model
quality was reliable and could be considered for further analysis.

Superposition of HPV16 and 18 E2 TAD dimers showed an RMSD
of less than 0.8 Å, suggesting similar conformation for the com-
plexes (Fig. 1A). HPV18 E2 TAD dimer had 1806 Å2 of buried surface
area, comparable to the 2026 Å2 reported for HPV16 E2 [9]. At the
dimer interface, each subunit primarily contributed residues R41,
W42, F48, I77, M81, Q84, Q88 from helices a2 and a3 (Table S1).
Notably, residues R41, W42 (helix a2) and Q84, Q88 (helix a3) seem
to play central roles in stabilizing the dimer interface (Fig. 1B).
Dimerization studies on HPV16 E2 TAD demonstrated that substi-
tution of R37 (equivalent to R41 of HPV18) abolished dimer for-
mation [2]. The residue R41 is preserved while W42 is conserved in
terms of its hydrophobicity across different papillomavirus types
(Fig. S2). Thus, based on these observations, R41 andW42 of HPV18
E2 TADwere targeted for mutagenesis and further characterization.

3.2. In vitro characterization of wild-type and mutant E2 TAD

To determine whether HPV18 E2 TAD forms dimer in solution,
we tested the wild-type and a2 helix mutants (R41A, W42A, and
R41A/W42A) for their ability to homodimerize in vitro. As the first
step, the purity of the proteins was checked on SDS-PAGE and the
identity was confirmed with Western blotting using anti-E2 anti-
body (Fig. S3). The gel filtration profile for E2 TAD variants is pre-
sented in Fig. 1C. It shows that the wild-type and mutant proteins
exist predominantly as monomers, however, except for the double
mutant, a peak corresponding to the dimer is also observed (at a



Fig. 1. In silico and in vitro characterization of HPV18 E2 TAD. A) Superposition of HPV18 and 16 E2 TAD shown in cyan and blue respectively. B) A close-up view of the interface with
selected side chains from chain A and B in red and blue respectively. C) Size exclusion chromatography for E2 TAD variants at protein concentrations <10 mM. A major peak (blue
arrow) corresponding to the calculated molecular weight of a monomer (24.5 kDa) and a minor peak (black arrow), except for the double mutant, related to the dimeric species
(49 kDa) are observed. D) Glutaraldehyde cross-linking reaction product resolved on SDS-PAGE. A band corresponding to size lower than 24 kDa in the cross-linked lane is due to
intra-molecular protein cross-linking resulting in increased mobility. C/L represents cross-linked.
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final eluant concentration of ~1 mM) suggesting TAD forms a weak
dimer. To confirm the presence of the dimeric species, 20 mg of
wild-type and mutant proteins were cross-linked with glutaral-
dehyde and run on SDS-PAGE. The wild-type and single mutants
show mixture of monomeric and dimeric species, however, the
double mutant was found to exist only in the monomeric form
(Fig. 1D). These results demonstrate that at low protein concen-
trations, TAD wild-type and single mutants are present in mono-
meredimer equilibrium.

To substantiate these findings, we determined the heterogene-
ity of the proteins at higher concentrations (1 mg/ml) using DLS.
We observed that the average hydrodynamic radii of TADwild-type
and single mutants were larger compared to the double mutant
(Fig. S4). Based upon the radii, the calculated molecular weight of
the proteins is given in Table 1. For wild-type and single mutants,
the calculated molecular weight closely resembled the theoretical
molecular weight of a dimeric E2 TAD, whereas the double mutant
showed a homogenous monomeric population.

3.3. Urea-dependent unfolding of E2 TAD

Equilibrium unfolding studies provide an excellent tool to
delineate protein stability and determine whether dimerization is a
folding event [24]. We therefore studied unfolding of E2 TAD as a
function of urea concentration using different spectroscopic probes.
In case of wild-type TAD, the data show a first step of unfolding
which occurs between 0 and ~2.5 M urea, followed by a second
transition between ~3 and 8 M urea. All the three spectroscopic
signals showed similar trends in the unfolding (Fig. 2A). To examine
reversibility, the protein unfolded in buffer containing 8M ureawas
diluted to final urea concentrations shown in Fig. 2A. The data
suggest that the folding transitions are completely reversible.
Similar experiments were performed with TAD single and double
mutant proteins. For both R41A and W42A single mutants, a clear
biphasic denaturation curve with reversible folding was observed
(Fig. 2B and C). Interestingly, in case of TAD double mutant (R41A/
W42A), the data showed only a single reversible transition. A pre-
transition occurs between 0 and ~1 M urea which is followed by a
cooperative decrease in signal with a post transition baseline be-
tween ~5 and 8 M urea (Fig. 2D).

Overall, these results demonstrate that E2 TAD wild-type and
single mutants, follow a three-state pathway in which a folding
intermediate is in equilibrium with the native and unfolded states.
However, strikingly, the double mutant (R41A/W42A) seems to
undergo a two-state folding process.

3.4. Protein concentration dependence of unfolding

The mechanism by which oligomeric proteins unfold can be
delineated by monitoring the profile of each equilibrium denatur-
ation and its protein concentration dependence. Since E2 TAD
homodimerizes, we determined the concentration dependence of



Table 1
Dynamic light scattering analysis of E2 TAD variants.

E2 TAD Hydrodynamic
radiusa

%
Polydispersityb

Calculated
mean residual
molecular
weight (kDa)

Theoretical
molecular
weight (expasy
protparam) (kDa)

Monomer Dimer

Wild-type 2.98 34.9 55.4 24.2 48.4
R41A 2.93 31.3 52.7 24.1 48.2
W42A 2.90 18.4 51.1 24.1 48.2
R41A,

W42A
2.42 4.5 26.2 24.0 48.0

a Mean hydrodynamic radius derived from the measured translational diffusion
coefficient using the StokeseEinstein equation.

b Polydispersity divided by the hydrodynamic radius.
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the unfolding process. As shown in Fig. 3AeC, there is a shift in the
midpoint of the second transition with the increase in protein
concentration. However, the first transition is concentration inde-
pendent and the U1/2 value (concentration of urea at which 50% of
the protein is unfolded) remains constant. This pattern is consistent
with a scheme where a native dimer (N2) partially unfolds to a
dimeric intermediate (I2), which then unfolds to denatured
monomer (2U), N2#I2#2U. Thus, fitting of the data to a three-
state folding model with a dimeric intermediate was carried out
Fig. 2. Equilibrium unfolding of E2 TAD variants. Unfolding measured by fluorescence em
measured by fluorescence emission with excitation at 280 nm (-). For fluorescence and C
clarity, error bars and refolding data are not shown for all the three data sets. The solid lin
to obtain the conformational free energies ðDGH2OÞ and the co-
operativity indices, or m-values (Table 2). The data show that the
initial unfolding step ðN2#I2 Þ has a DGH2O

1 of <3 kcal mol�1. Thus,
themajority of E2 TAD stability resides in its dimerization ðI2#2UÞ,
which requires an additional ~17 kcal mol�1 to unfold.

By using DGH2O and m-values, we calculated equilibrium dis-
tribution of the species for all the protein concentrations. As shown
in Fig. 4A, between 0 and 3.5 M urea, there is decrease in the
population of native dimer with concomitant increase in the pop-
ulation of the dimeric intermediate. The mid-point of the transition
is 1.8 M urea that is consistent with the experimental results shown
in Fig. 3A. The relative concentration of the dimeric species is
dependent on the protein concentration and reaches amaximum at
~3.1 M urea. The second transition, I2 to U, has midpoint values of
4.3, 4.7 and 4.9 M for the concentration of the proteins indicated in
the figure legend. By observing this second-order transition, both as
a function of denaturant and protein concentration, we calculated
an apparent KD ðKapp

D Þ for the dissociation using equation,
DGH2O

2 ¼ �RTln Kapp
D . The calculated Kapp

D at 4.5 M urea was found
to be ~1.8 mM which is in close agreement with the dissociation
constant KD, 8.1 ± 4.2 � 10�6 M reported for HPV16 E2 TAD dimer
[9]. Similar pattern for distribution of three species (native, inter-
mediate, and unfolded) is observed for dimeric R41A and W42A
single mutants as shown in Fig. 4B and C.
ission with excitation at 280 (:), or 295 nm (A), CD at 228 nm (C) and refolding
D measurements, the protein concentrations were 2.5 mM and 5 mM respectively. For
es represent fit using a three-state (AeC) or two-state folding model (D).



Fig. 3. Protein concentration dependence of unfolding. Equilibrium unfolding monitored by fluorescence emission with excitation at 280 and 295 nm for TAD wild-type (A), R41A
(B), W42A (C), and R41A/W42A (D) proteins. The protein concentrations are 1.5, 2.5, and 3.5 mM, each represented by symbols-,C,A respectively. The solid lines represent global
fits of the data using Igor Pro. For clarity, error bars are not shown for all the data sets.
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Table 2
Thermodynamic parameters for E2 TAD wild-type and single mutants.

E2 TAD m1 ðN2#I2Þ (kcal mol�1 M�1) m2 ðI2#2UÞ (kcal mol�1 M�1) DGH2O
1 ðN2#I2Þ (kcal mol�1) DGH2O

2 ðI2#2UÞ (kcal mol�1)

WT 0.98 ± 0.1 1.97 ± 0.06 1.98 ± 0.1 16.9 ± 0.1
R41A 1.81 ± 0.1 2.39 ± 0.1 2.62 ± 0.6 18.2 ± 0.7
W42A 1.32 ± 0.1 2.18 ± 0.2 2.11 ± 0.2 17.3 ± 0.9

Each entry corresponds to the mean ± S.E. (standard error) of three independent experiments at three different concentrations of the protein: 1.5, 2.5, and 3.5 mM.
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We also performed equilibrium denaturation experiments with
several protein concentrations of R41A/W42A double mutant.
Interestingly, a single sharp transition with no protein concentra-
tion dependence is observed between native and denatured states
demonstrating that the protein exists as a monomer (Fig. 3D). The
total free energy was therefore calculated by fitting the data to a
two-state equilibrium model for monomeric proteins. The U1/2 and
m-value of the transition are 2.5 ± 0.1 M urea and
1.4 ± 0.08 kcal mol�1 M�1, respectively. The DGH2O ðN#UÞ of this
monomeric variant is thus barely 3.3 ± 0.3 kcal mol�1 (DGH2O ¼ m
[U1/2]). This stability is similar to the initial unfolding of the dimeric
E2 TAD (Table 2). The fraction of species at different urea concen-
trations is shown in Fig. 4D. Overall, these results suggest that the
stability of the dimer contributes significantly to the conforma-
tional free energy of E2 TAD protein.

4. Discussion

The results presented here highlight four key properties of
HPV18 E2 TAD. Firstly, it is a weak dimer (KD ~1.8 mM) that readily
isomerizes with a lesser cooperativity compared to the second
Fig. 4. Fraction of species in the unfolding process. The fraction of native, intermediate and
(B), W42A (C), and R41A/W42A (D). The protein concentrations are 1.5, 2.5 and 3.5 mM, and
unfolded species.
transition, to a partially unfolded dimeric intermediate. Second,
presence of a dimeric intermediate suggests dimerization is a
folding event. Third, dimerization contributes significantly towards
stability of the protein (>89%). Lastly, monomeric TAD variant is
substantially destabilized compared to the dimeric protein and
unfolds via a two-state pathway without any significantly popu-
lated intermediate at the given concentrations.

The biphasic nature of HPV18 E2 TAD denaturation curve and
protein concentration-dependent second transition is consistent
with the existence of a dimeric intermediate. The overall free en-
ergy change involved in the transition from native dimer to the
intermediate corresponds to only ~10% of the total stabilization
energy (Table 2). However, the second part of the transition is
characterized by 8e9 times larger values of DGH2O

2 . Moreover, based
on them-values (m1<<m2), the first transition ðN2#I2Þ shows lack
of co-operative unfolding highlighting that the structure is partic-
ularly flexible and can easily adopt partially unfolded conforma-
tions. Several regions of E2 TAD modular structure, in particular,
unstructured key joints and exposed loops at the surface might
provide such flexibility [9,15,25]. Preferential interactions of the
denaturant with these external regions can be the principal reason
unfolded protein calculated as a function of urea concentration for wild-type (A), R41A
N2 and N refers to the native protein, I2 is the dimeric intermediate and U refers to the
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for local unfolding of the E2 TAD structure far from the dimeric
interface.

Denaturant m-values can be related to the global changes in
accessible surface area (DASA) of the protein exposed to solvent
during unfolding [26]. Scholtz and co-workers [27] have described
empirical relationships that correlate DASA with experimental m-
values, given as, y ¼ 368 þ 0.11(DASA). Using this equation and the
m-values for E2 TAD wild-type (Table 2), the calculated DASAs for
the first and second transitions are 5500 Å2 and 14,500 Å2,
respectively. This is in agreement with our finding that subunit
dissociation and conversion of the intermediate to unfolded E2 TAD
monomers occur in second transition, where maximum surface
exposure would be expected.

Our data show that HPV18 E2 TAD is reasonably stable with a
total free energy change of 18.8 kcal mol�1 that is comparable
with other dimeric proteins of similar size [28]. Studies on the
stability of dimeric and monomeric proteins highlight that the
former are, on an average, 4e15 kcal mol�1 more stable than the
later [24]. Increased stability in case of dimers seems to occur due
to burial of additional surfaces upon subunit association [29].
Consistent to this, the monomeric E2 TAD shows a dramatic
decrease in the conformational stability. These results demon-
strate that the interfacial residues are critically involved in
structural stability. Furthermore, both the residues R41 and W42
seem to be crucial for homodimerization, unlike HPV16 E2, where
R37A mutation alone resulted in dimer destabilization. Based
upon HPV16 E2 TAD dimer structure (PDB ID: 1DTO) and our
model for HPV18 E2 TAD, we understand that the possible dif-
ference could be due to the type of interactions at the interface
(Tables S1 and S2). In HPV16 E2, R37 makes extensive hydrogen
bonding and ionic interactions with E80 to stabilize the sym-
metrical dimer interface. However, in HPV18 E2, E80 is replaced
with Q84 which although makes hydrogen contact with R41, does
not participate in forming a stabilizing salt-bridge. The additional
hydrogen bonds between side chains of W42 and Q88 might be
required to provide stability to the dimer interface. Thus, although
E2 TAD shares homologous native conformation, the residues and
interactions at dimer interface might not be conserved. In support
of this observation, recently, studies on BPV1 E2 TAD demon-
strated that the dimerization is mediated through redox in-
teractions involving different residues [12,30]. Therefore, while
the native structures of E2 are highly conserved, the folding
pathways and the intermediates may differ.

In HPV E2 proteins, the extended (~80 amino acids) linker
between DBD and TAD provides flexibility to both the domains so
as to enable them to function independently [31]. Based on our
results, we hypothesize that at lower concentrations, the
monomeric TAD species will be populated, which would
dimerize only beyond a threshold micromolar concentration.
Although E2 is present in a dimeric form even at lower concen-
trations (mediated by DBD), the more dynamic N-terminal TAD
might exist in a monomeredimer equilibrium. Post viral repli-
cation, when the concentration of this protein considerably in-
creases within the host cell, TAD dimerizes through its critical
residues which might be a prerequisite for transactivating E6 and
E7 oncogenes, and hence viral propagation [32]. Therefore,
identifying this regulatory switch might be important towards
devising specific targets for regulating TAD dimerization and
pathogenesis.
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High-temperature requirement protease A2 (HtrA2), a multitasking serine

protease that is involved in critical biological functions and pathogenicity,

such as apoptosis and cancer, is a potent therapeutic target. It is estab-

lished that the C-terminal post-synaptic density protein, Drosophila disc

large tumor suppressor, zonula occludens-1 protein (PDZ) domain of

HtrA2 plays pivotal role in allosteric modulation, substrate binding and

activation, as commonly reported in other members of this family. Interest-

ingly, HtrA2 exhibits an additional level of functional modulation through

its unique N-terminus, as is evident from ‘inhibitor of apoptosis proteins’

binding and cleavage. This phenomenon emphasizes multiple activation

mechanisms, which so far remain elusive. Using conformational dynamics,

binding kinetics and enzymology studies, we addressed this complex behav-

ior with respect to defining its global mode of regulation and activity. Our

findings distinctly demonstrate a novel N-terminal ligand-mediated trigger-

ing of an allosteric switch essential for transforming HtrA2 to a proteolyti-

cally competent state in a PDZ-independent yet synergistic activation

process. Dynamic analyses suggested that it occurs through a series of

coordinated structural reorganizations at distal regulatory loops (L3, LD,

L1), leading to a population shift towards the relaxed conformer. This pre-

cise synergistic coordination among different domains might be physiologi-

cally relevant to enable tighter control upon HtrA2 activation for fostering

its diverse cellular functions. Understanding this complex rheostatic dual

switch mechanism offers an opportunity for targeting various disease con-

ditions with tailored site-specific effector molecules.

Structured digital abstract

� HtrA2 cleaves beta casein by enzymatic study (1, 2, 3)

� HtrA2 binds to XIAP-BIR2 by surface plasmon resonance (View interaction)

� HtrA2 binds to XIAP-BIR2 pep by surface plasmon resonance (View interaction)

� HtrA2 binds to XIAP-BIR3 by surface plasmon resonance (View interaction)

� HtrA2 binds to XIAP-BIR3 pep by surface plasmon resonance (View interaction)

� XIAP binds to HtrA2 by pull down (View interaction)

� XIAP-BIR2 binds to HtrA2 by pull down (View interaction) (View interaction)

� XIAP-BIR3 binds to HtrA2 by pull down (View interaction) (View interaction) (View interaction)

Abbreviations

BIR, baculovirus IAP repeat; GST, glutathione S-transferase; HtrA2, high-temperature requirement protease A2; IAP, inhibitor of apoptosis

proteins; IBM, IAP-binding motif; ITC, isothermal titration calorimetry; MBP, maltose-binding protein; MD, molecular dynamics; OMP, outer
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Introduction

High-temperature requirement protease A (HtrA)

comprises a family of multidomain serine proteases

well-known for structural complexities and involve-

ment in numerous cellular processes such as protein

quality control, the unfolded protein response, cell

growth and apoptosis. This multitasking ability associ-

ates them with a number of pathophysiological condi-

tions, such as cancer, arthritis and neurodegenerative

disorders [1–4]. Despite differences in functions, HtrAs

share a common architecture, comprising a serine pro-

tease domain and one or more C-terminal post-synap-

tic density protein, Drosophila disc large tumor

suppressor, zonula occludens-1 protein (PDZ)

domains arranged in a pyramidal oligomeric assembly

ranging from trimer to 24-mer structure [5]. Although

there is an overall structural conservation, significant

diversity at the N-terminus, such as in the signal

sequences, construes their cellular localization and

functionality. These variations, along with intricate

conformational dynamics, lead to subtle differences

and hence provide a basis for their specificity and dis-

tinct behavior [6].

Human HtrA2, one of the key members of this fam-

ily, has evolved into a mitochondrial proapoptotic

molecule with the ability to induce apoptosis via multi-

ple pathways [7]. It is synthesized as a 458 amino acid

precursor protein, which includes a short N-terminal

region, a serine protease and a C-terminal PDZ

domain. HtrA2 undergoes maturation upon removal

of first 133 residues comprising a transmembrane

anchor and a mitochondrial localization signal. This

cleavage exposes an inhibitor of apoptosis protein

(IAP) recognizing tetrapeptide motif (AVPS) unique to

this member of the HtrA family. Several members of

human IAPs, including X-linked inhibitor of apoptosis

protein (XIAP), cellular IAP1 and cellular IAP2, are

potent endogenous inhibitors of caspase-3, -7 and -9

[8]. During apoptosis, mature HtrA2 enters the cyto-

plasm where it interacts with baculovirus IAP repeat

(BIR) domains of IAPs such as XIAP and relieves

their inhibition on active caspases [9,10] thereby pro-

moting apoptosis [11]. However, its caspase-indepen-

dent proapoptotic property is manifested by an ability

to proteolytically cleave important cellular proteins,

such as cytoskeleton-associated actin, a-tubulin, b-
tubulin, vimentin, proteins related to translational

machinery [7] and a few antiapoptotic proteins [12,13].

This unique property has made it an interesting target,

especially where caspase activation is prevented either

as a result of an inhibition of caspase activity or

genetic inactivation of a key caspase.

The available crystal structure of inactive unbound

HtrA2 [14] provides an overview of its global struc-

tural organization and mode of activation. The

mature trimeric protease has a pyramidal architecture

where the core serine protease domains are gated by

C-terminal PDZ domains at the base and short N-ter-

minal regions on the top, thus creating an extremely

buried active-site milieu. The structure-based model

suggests that PDZ is stereochemically limiting the

accessibility of substrate in an otherwise proteolyti-

cally competent active-site pocket, thus hinting at a

higher activity for the ΔPDZ variant [14]. By con-

trast, a recent study demonstrated a significant

decrease in the protease activity of a PDZ lacking

variant [15]. This observation highlights the impor-

tance of PDZ-mediated allosteric behavior, inter-

domain cross-talk and conformational plasticity as

prerequisites for substrate cleavage [16]. Although

PDZ acts as a regulatory domain in all of the mem-

bers of HtrA family, the uniqueness of HtrA2 is man-

ifested by its ability to bind a subset of proteins, such

as IAPs, through its N-terminus and subsequently

cleave them [17]. This phenomenon unequivocally

accentuates the existence of multiple mechanisms of

HtrA2 activation involving PDZ and other regions of

the protein.

In the present study, which aimed to delineate the

structural correlates of HtrA2 activation, as well as to

develop a universal model for its mechanism of

action, we performed comprehensive binding and

enzyme kinetic analyses of the HtrA2–XIAP interac-

tion using full-length protein, its minimal binding

region and the corresponding peptides. Our studies

clearly demonstrate the role of XIAP as an allosteric

activator of HtrA2, thus establishing the importance

of the N-terminus in the regulation of protease activ-

ity. The protease–ligand interaction is proposed to

drive a series of subtle conformational alterations and

coordinated structural reorganizations at the distal

regulatory L3, LD and L1 loops to form a catalyti-

cally competent active-site and oxyanion hole, thus

enhancing its activity by several fold. These observa-

tions suggest how structural plasticity, as mediated by

its substrate binding process, complex trimeric archi-

tecture and inter-subunit networking, drive HtrA2

function. This ‘control switch’, unique to HtrA2,

might be important for the variety of physiological

roles that it plays in the cell. Thus, learning to specifi-

cally regulate these switches would help target distinct

pathophysiogical conditions without affecting normal

HtrA2 functions.

2457FEBS Journal 281 (2014) 2456–2470 ª 2014 FEBS

N. Singh et al. Dual switch regulates HtrA2 activity



Results

XIAP activates HtrA2 protease activity

Apart from deactivating IAPs [9,18], the complex orga-

nization of HtrA2 has enabled it to promote apoptosis

via a caspase-independent pathway that is mediated

through its serine protease activity [3,7]. To assess any

role of IAPs on HtrA2 proteolytic activity, we deter-

mined its initial velocity (v0) as a function of increasing

XIAP concentration, using fixed amount of enzyme

and substrate b-casein, a well established model sub-

strate of HtrA proteases [19,20]. It was observed that,

in the absence of XIAP, HtrA2 displayed a maximum

velocity (Vmax) of 0.8 9 10–9 M�S�1 (Table 1), which

increased in the presence of XIAP, and the half maxi-

mal activation constant (Kact) was determined to be

10 � 0.7 nM (Fig. S1A). The full-length XIAP is a ho-

modimer consisting of three tandem BIR domains, fol-

lowed by single ubiquitin associated and RING

domains [21]. The BIR2 and/or BIR3 domains have

been reported to be essential for the HtrA2–XIAP

interaction [9]. To further explore XIAP-mediated

HtrA2 activation, we tested protease activity in pres-

ence of BIR2 or BIR3, as well as peptides correspond-

ing to the IAP-binding motif (IBM) groove of these

two minimal binding domains. We observed that, in

the presence of BIR2, the cleavage rate was similar to

full-length XIAP; however, the former achieves so at

the expense of four-fold greater protein concentration

(58 � 10 nM) (Fig. S1B). In the case of BIR3, the rate

was slightly less compared to the full length and also

exhibited a high Kact concentration (200 � 25 nM)

(Fig. S1C). These results suggest that the BIR2 domain

might be the key player in XIAP-mediated HtrA2 acti-

vation. However, the increase in the half maximal acti-

vation constant of BIR domains compared to the full

length suggests that homodimeric XIAP with tandem

BIRs may be important with respect to enhancing its

avidity towards HtrA2 through a two-site interaction

driven mechanism.

To quantify the kinetics of the complex formation

between HtrA2 and BIR ligands in real time, a surface

plasmon resonance (SPR) technique was used. It was

observed that BIR proteins and peptides readily bound

to immobilized HtrA2 (Fig. 1). Kinetic analysis of the

binding data for BIR2 and BIR3 demonstrated appar-

ent equilibrium dissociation constants (KD) of

54 � 8 nM and 254 � 18 nM, respectively (Table 2). A

decrease in KD for BIR2 was mainly the result of a

higher association combined with moderately lower

dissociation rates compared to BIR3. We correlated

the binding properties for BIR proteins with those of

the IBM groove peptides (Fig. 1C,D), which showed

Table 1. Steady-state enzymatic parameters for HtrA2 and its variants. The initial rates for substrate cleavage in the presence or absence of

XIAP proteins or peptides were measured and fitted to the Hill form of the Michaelis–Menten equation to determine the steady-state kinetic

parameters (Figs 2 and S2). Values are the mean � SEM and are generated from data points obtained from at least three independent

experiments. NA, not applicable.

Enzyme

Activator

(protein/peptide) K0.5 (lM) Hill constant

Maximum velocity

Vmax (M�s
�1) 9 10�9

Catalytic efficiency

kcat/K0.5 (M�1�s�1)

Wild-type None 2.3 � 0.1 2.8 � 0.2 0.84 � 0.1 1.6 9 103

Wild-type BIR3 2.3 � 0.2 1.8 � 0.1 1.4 � 0.1 3.1 9 103

Wild-type BIR2 2.3 � 0.2 1.6 � 0.1 1.8 � 0.2 3.8 9 103

Wild-type XIAP FL 2.7 � 0.1 1.5 � 0.1 2.3 � 0.1 4.7 9 103

G230A None 3.2 � 0.2 NA 0.17 � 0.06 1.6 9 102

G230A BIR3 3.5 � 0.2 NA 0.28 � 0.01 2.6 9 102

G230A BIR2 3.2 � 0.1 NA 0.38 � 0.09 4.4 9 102

G230A XIAP FL 3.0 � 0.1 NA 0.51 � 0.13 5.1 9 102

HtrA2ΔPDZ None 1.4 � 0.04 1.7 � 0.1 0.39 � 0.12 2.9 9 102

HtrA2ΔPDZ BIR3 1.7 � 0.1 1.5 � 0.04 0.82 � 0.16 5.1 9 102

HtrA2ΔPDZ BIR2 1.7 � 0.1 1.4 � 0.1 0.91 � 0.11 6.2 9 102

HtrA2ΔPDZ XIAP FL 1.8 � 0.1 1.5 � 0.1 1.08 � 0.12 8.0 9 102

Peptide-mediated activation of HtrA2

Wild-type BIR3pep 2.5 � 0.2 2.2 � 0.2 1.3 � 0.1 2.4 9 103

Wild-type BIR2pep 2.8 � 0.3 1.9 � 0.1 1.9 � 0.1 3.3 9 103

Wild-type PDZopt 2.6 � 0.3 2.5 � 0.2 1.2 � 0.1 2.2 9 103

Wild-type PDZopt + XIAP 2.9 � 0.3 1.9 � 0.2 2.2 � 0.2 4.0 9 103

HtrA2ΔPDZ BIR3pep 1.8 � 0.1 1.5 � 0.1 0.75 � 0.06 5.4 9 102

HtrA2ΔPDZ BIR2pep 1.3 � 0.2 1.2 � 0.1 0.76 � 0.15 6.1 9 102
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comparable apparent KD values (Table 2). Thus,

HtrA2 interacts with both the BIR2 and BIR3

domains of XIAP but shows a higher affinity for the

former. In addition, these results establish that

the IBM groove is critical and sufficient for mediating

the XIAP–HtrA2 interaction.

Interaction with XIAP allosterically modulates

HtrA2 activity

To determine the steady-state kinetic parameters, we

measured the initial rates of substrate cleavage for dif-

ferent b-casein concentrations with or without saturat-

ing XIAP proteins or peptides. It was observed that

HtrA2 cleavage of b-casein follows a sigmoidal curve

with a Hill constant of 2.8 � 0.2 (Fig. 2A). The sub-

strate b-casein has a putative PDZ-binding consensus

(GPFPIIV) and has specific cleavage sites for serine

protease, thus acting as a C-terminal self-activating

substrate for HtrA2 [15]. Therefore, the positive coo-

perativity upon substrate cleavage suggests that bind-

ing of one substrate (b-casein) molecule to one subunit

of HtrA2 trimer favors the consequent binding of oth-

ers. Interestingly, upon pre-incubation of HtrA2 with

XIAP, the catalytic efficiency (kcat/K0.5) increased by

approximately three-fold and the Hill constant was

reduced to 1.5 � 0.1, thus indicating greater stabiliza-

tion of the relaxed (active) state of protease upon IAP

binding [22]. However, the substrate concentration at

half maximal velocity (K0.5) remained unchanged, even

in presence of effector (XIAP), implying the existence

of a similar binding pocket. Comparable results were

obtained with a saturating concentration of BIR

domain proteins and peptides, as shown in Table 1.

Table 2. SPR analysis of the interaction between HtrA2 and XIAP–BIR proteins and peptides. The kinetics of the interaction between HtrA2

and XIAP–BIR proteins or peptides was evaluated using a Biacore 3000 instrument. The ligand HtrA2 was immobilized on a surface that

was challenged with different concentrations of BIR proteins/peptides and the rate constants were determined by applying a 1 : 1 Langmuir

model to the data. The equilibrium dissociation constant (KD) was calculated from the ratio of dissociation and association rate constants (kd/

ka).

Ligand Analyte

Association rate

constant ka (1/M
�1�s�1)

Dissociation rate

constant kd (1/s�1)
Equilibrium dissociation

constant KD (M)

HtrA2 BIR2 1.6 9 105 8.5 9 10�3 5.5 9 10�8

HtrA2 BIR3 5.7 9 104 1.5 9 10�2 2.5 9 10�7

HtrA2 BIR2pep 1.3 9 104 2.0 9 10�4 1.5 9 10�8

HtrA2 BIR3pep 7.9 9 103 1.5 9 10�3 2.0 9 10�7

A B

C D

Fig. 1. SPR binding analyses of HtrA2

with BIR domain proteins and IBM groove

peptides. HtrA2 was immobilized on a

CM5 sensor chip as described in the

Materials and methods. The indicated

concentrations of BIR proteins and

peptides (analyte) were injected over

immobilized HtrA2 at a flow rate of

20 lL�min�1 at 25 °C. The sensorgram

shown is for the binding kinetics of BIR2

(A), BIR3 (B), BIR2pep (C) and BIR3pep (D).

The specific binding response was

obtained by subtracting the background

signal over a reference surface without

immobilized protein. Data were evaluated

using BIAEVALUATION software and the

constants were calculated by fitting the

data using a 1 : 1 Langmuir binding model.
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Here, in the presence of XIAP proteins or peptides,

there is an increase in Vmax without any significant

alteration in Km of HtrA2, which indicates that it

likely follows the ‘V system’ of allosteric modulation

[23]. In this model, the substrate has similar affinity

for both relaxed (active) and tensed (inactive) states of

enzyme; hence, there is no influence of the effector on

substrate binding (and vice versa). It depends greatly

on whether the effector has maximum affinity for the

active state (acting as an activator) or for the inactive

state (here, an inhibitor) [24]. This differential affinity

of the effector towards the enzyme, along with relaxed

state stabilization, shifts the equilibrium towards the

active state [22,25]. Thus, XIAP possibly acts as an

activator to allosterically modulate HtrA2 to form a

catalytically active enzyme, which then cleaves b-
casein.

PDZ domain is dispensable for XIAP-mediated

HtrA2 activation

To identify whether the mechanism of HtrA2 activa-

tion via N- and C-termini effector binding is additive,

we carried out an enzyme cleavage assay in the pres-

ence of optimal HtrA2 PDZ domain binding peptide

(NH2-GQYYFV-COOH), termed PDZopt [26]. It was

observed that pre-incubation of HtrA2 with PDZopt

peptide increased the cleavage rate of substrate

(Fig. 2D). In addition, the presence of a saturating

concentration of XIAP exhibited an approximately

two-fold further increase in turnover number and cata-

lytic efficiency (Table 1), demonstrating synergy

between XIAP and PDZopt induced activation.

To understand whether N-terminal XIAP-mediated

activation requires any direct involvement of the C-ter-

minal PDZ domain, we first determined the enzymatic

parameters for a PDZ lacking variant (HtrA2ΔPDZ)

(Fig. 2B). HtrA2ΔPDZ cleaved b-casein with steady-

state kinetic parameters of K0.5 = 1.4 � 0.04 lM,

Vmax = 0.4 9 10�9 M�s�1 and Hill constant = 1.7 � 0.1

(Table 1). The kcat/K0.5 of this variant was 5.5-fold less

than intact trimeric HtrA2 and the apparent Km and

co-operativity were also reduced. Because b-casein is a

C-terminal binding substrate, deletion of PDZ domain

possibly affects the initial substrate binding process,

allosteric modulation and cleavage, thereby leading to

a decrease in co-operativity and catalytic efficiency.

However, interestingly, the addition of XIAP (proteins

or peptides) to HtrA2ΔPDZ enhanced the b-casein
cleavage rate to a fold increase similar to full-length

HtrA2 (approximately 2.8-fold) with a concomitant

decrease in cooperativity (Figs 2B and S2). This sug-

gests that the N-terminal ligand is capable of indepen-

dently inducing conformational changes in the

protease domain to form an active conformer.

To further clarify the role of XIAP in HtrA2 activa-

tion, we tested the activity of a PDZ-binding groove

mutant. PDZ domains have a canonical binding site

A

C D

B

Fig. 2. Activity of wild-type HtrA2, its

variant and mutant in the presence or

absence of activator. The steady-state

kinetics of b-casein cleavage by wild-type

HtrA2 (200 nM) (A), PDZ lacking variant

HtrA2ΔPDZ (1000 nM) (B) and PDZ-peptide

groove mutant G230A (200 nM) (C) in the

presence of a saturating concentration of

XIAP (20 nM), BIR2 (100 nM) and BIR3

(1000 nM) proteins. (D) Plot representing

the activity of wild-type HtrA2 in the

presence of either 5 lM PDZ interacting

peptide (PDZopt) and a combination of

PDZopt and full-length XIAP (20 nM). The

solid lines are the nonlinear least squares

fit of the data to the Hill form of the

Michaelis–Menten equation:

velocity = Vmax/[1 + (Km/[substrate])
n]. For

clarity, error bars are not shown for all of

the data sets.
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comprising a highly conserved ‘G-Φ-G-Φ motif’, where

Φ denotes hydrophobic residues. The first Gly residue

is highly variable among the PDZ domains, whereas

the second and fourth residues are hydrophobic (Val,

Ile, Leu or Phe) [27]. This recognition sequence is rep-

resented by YIGV in HtrA2. We generated a YIGV

groove mutant (YIAV), denoted here as G230A, to

prevent substrate interaction with the PDZ domain,

which was validated using isothermal thermal titration

calorimetry (ITC) using PDZopt peptide. It was found

that, although wild-type HtrA2 interacts with the

peptide, the mutant fails to do so, thus confirming

the importance of YIGV in the initial substrate

binding (Fig. 3). We then determined the enzymatic

properties of this mutant with or without a saturating

concentration of IAPs. As anticipated, the steady-state

kinetic parameters showed a significant decrease in the

catalytic efficiency of G230A compared to wild-type

(Table 1). Surprisingly, it did not exhibit any cooper-

ativity and the plot was found to be hyperbolic

(Fig. 2C). This Michaelis–Menten behavior of the

enzyme can be attributed to the lack of substrate-

induced stabilization of the active-site, as well as to

the steric block imparted by the PDZ domain to the

specificity pocket as a result of a nonfunctional

‘YIGV’ binding groove. This could have led to loss in

cooperativity and decreased activity. However, the

increase in Vmax by 2.4-fold upon the addition of IAPs

re-iterates the role of the N-terminus with respect to

the regulation of HtrA2 activity in a PDZ independent

manner (Table 1).

Disruption of the XIAP–HtrA2 interaction

prevents protease activation

HtrA2 interacts with XIAP via an N-terminal reaper-

like motif (AVPS) similar to Smac/DIABLO [11]. To

identify the role of the XIAP–HtrA2 interaction in the

activation of the protease, we created an AVPS mutant

(Δ, V, P3A, S; termed A1ΔP3A). As expected, this

variant did not interact with XIAP, as observed by a

glutathione S-transferase (GST) pull-down assay

(Fig. 4A). The proteolytic activity of A1ΔP3A was

found to be comparable to wild-type and remained

unchanged even in the presence of XIAP proteins

(Fig. 4D). This result confirms the requirement of the

XIAP–protease interaction for N-terminus-mediated

allosteric activation of the protease. Similarly, we tar-

geted the IBM groove of XIAP that is responsible for

its interaction with HtrA2. Since two IBM groove resi-

due pairs (Glu, His and Gln, Trp) confer selectivity to

BIR2 and BIR3, respectively, for interaction with cas-

pase-3 and -7 [28], we generated mutants of XIAP–
BIR2 (E219R, H223V) and XIAP–BIR3 (Q319R,

W323V), aiming to explore the importance of these

residues in their interaction with HtrA2. Pull-down

studies with the IBM groove mutants of BIR domains

showed a complete abrogation of the interaction,

whereas it was partially retained in the case of full-

length XIAP with a single IBM groove mutation

(Fig. 4C). Moreover, these mutants failed to enhance

the proteolytic activity, probably as a result of their

inability to interact with HtrA2 (Fig. 4D). Altogether,

these studies strongly demonstrate the role that the

IBM groove plays in mediating the HtrA2 activation.

Conformational transitions and flexibility in

regulatory loops govern HtrA2 activity

With the aim of understanding the conformational

changes that mediate allosteric activation, we adopted

an in silico approach. Molecular dynamic (MD) simu-

lation is a powerful tool for predicting the conforma-

tional plasticity and intricate molecular motions of

large enzymes and their complexes [29]. To gain

insight into the structural rearrangements that occur in

a nanosecond time scale upon activator binding, MD

analyses of BIR3 peptide-bound HtrA2 complex and

Fig. 3. Interaction analyses of PDZopt with HtrA2 wild-type and

G230A mutant measured using ITC. Binding thermograms for

PDZopt peptide (H2N-GQYYFV-COOH) (0.5 mM) with HtrA2 wild-

type (0.03 mM) (left) and PDZ-peptide groove mutant, G230A

(0.033 mM) (right). Data were recorded at 298 K. In each titration,

the upper panel shows the raw data, whereas the lower panel

corresponds to corrected integrated binding isotherm together with

the fitted binding curve. The dissociation constant was calculated

to be 3.2 lM for wild-type, whereas no significant heat change was

observed for the PDZ-peptide groove mutant.
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unbound form were performed. Because the BIR3–
Smac mimetic complex has already been reported in

the literature [30,31], demonstrating the interaction of

a similar molecule (Smac) with the IBM groove, we

carried out our MD simulation studies with BIR3 pep-

tide. A trimeric HtrA2ΔPDZ (residues 1–211 ) was gen-

erated to perform docking and MD simulation,

resulting in the BIR3 peptide-bound complex (BIR3pep-

HtrA2ΔPDZ). Simultaneously, peptide-unbound

HtrA2ΔPDZ was subjected to MD simulation for com-

parison with the bound complex. We observed a sig-

nificant difference in the conformation of regulatory

loops of the protease upon IAP binding. A root mean

square fluctuation (rmsf) plot of the trajectories for

BIR3pep-bound complex showed higher relative fluctu-

ations in loop LA (residues 37–41), LD (residues 126–
140) and L3 (residues 142–162) (Figs 5A and S3).

Domain wise rmsd plots demonstrated major changes

in sensor loop L3 (Fig. 5B,C). However, loop L2

(190–196), which harbors the specificity pocket,

remained unchanged in the bound or unliganded

states, suggesting the presence of a well-formed sub-

strate binding pocket (Fig. 5A). This observation cor-

roborates very well with the substrate binding affinity

(apparent Km), which was not appreciably different in

the presence or absence of the activator. The overall

structure for peptide-bound and unbound forms is

very similar, with a mean rmsd of 1.21 �A. The differ-

ence could mainly be attributed to structural deviation

near the activation domain loops, as well as some vari-

ations at the N-terminus (residues 1–9) (Fig. 6A,B).

Further characterization of the structural changes was

performed to understand the mechanistic details of

activation.

In serine proteases, the formation of catalytic triad

in an arrangement sufficiently close for electron trans-

fer from Asp to Ser through His is a prerequisite for

an active enzyme [32]. For mature HtrA2, the catalytic

triad that includes His65, Asp95 and Ser173 is mal-

formed in the available unbound crystal structure [14].

A

C D

B

Fig. 4. Mutational analysis of the XIAP–HtrA2 interaction. (A) GST pull-down assay of wild-type HtrA2 and AVPS mutant (A1ΔP3A) with

XIAP. The A1ΔP3A mutant (prey) was defective in binding to GST-XIAP (bait) compared to wild-type. GST control did not show any binding

to HtrA2. (B) Structure of BIR2 (Protein Data Bank code: 1c9q) compared to BIR3 (Protein Data Bank code: 1f9x), highlighting the IBM

groove in black. Residues for IBM groove mutations E219, H223 of BIR2 and Q319, W323 of BIR3 are shown as sticks. (C) Pull-down assay

of IBM groove mutants using full-length XIAP, BIR2 and BIR3 domains. Left: MBP pull-down was carried out with MBP-BIR2 and -BIR3

wild-type and IBM groove mutants BIR2 (E219A, H223A) and BIR3 (Q319A, W323A). A representative coomassie stained SDS/PAGE and

corresponding immunoblotting with anti-His for detection of His-tagged HtrA2 shows that HtrA2 failed to associate with mutants (*MBP

contamination). Right: GST pull-down was performed with XIAP and its mutants. XIAP with both BIR domains mutated (DM) showed a

complete loss of interaction, whereas the single domain mutants XIAP–BIR2 (E219A, H223A) (B2M) and XIAP–BIR3 (Q319A, W323A) (B3M)

retained binding with HtrA2. (D) Basal cleavage rate of b-casein by HtrA2 and HtrA2ΔPDZ in the presence of XIAP and its mutants. The DM

failed to increase the enzymatic activity of HtrA2, whereas B3M and B2M enhanced the activity similar to wild-type BIR2 and BIR3,

respectively. The A1ΔP3A mutant incapable of binding to XIAP did not show any increment in proteolytic activity in the presence of IAP.
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A B

C
Fig. 5. Graphical representation of

movements in the peptide bound and

unbound form of trimeric HtrA2ΔPDZ. (A)

rmsf plot of 20-ns MD simulation

trajectory for BIR3 peptide-bound and

unbound HtrA2ΔPDZ. (B) Domain wise

rmsd plots for peptide unbound and (C)

bound HtrA2ΔPDZ. Residues 140–180,

comprising loops LD, L3 and L1, display

significant deviations upon peptide

binding.

A

B

C

D

Fig. 6. Monitoring conformational transition and rearrangements in BIR peptide-bound and unbound trimer HtrA2ΔPDZ. (A) Structural

alignment of BIR peptide bound-HtrA2ΔPDZ (cyan) and unbound (light blue) in cartoon representation. Movement in loops LA, LD and L3 is

highlighted in red (peptide bound) and in yellow for the unbound structure. (B) Structural overlay highlighting a single subunit of BIR3

peptide (dark blue) complex (cyan) and unbound (light blue) with the re-oriented regions shown in red (bound) and yellow (unbound). (C)

Left: comparison of oxyanion hole and active-site residues for inactive (OMP-free) and active (OMP-bound) forms of E. coli DegS shown as

sticks. The residues in oxyanion are indicated as 0 for active-site Ser and �1, �2 and �3 for the preceding residues. In the inactive form,

the oxyanion hole is distorted, especially in the amide nitrogen atom of Gly at the �2 position. Also, the active-site residues vary

substantially. Similarly, on the right, unbound HtrA2 shows a distorted oxyanion hole and a malformed active-site, whereas the BIR peptide-

bound complex shows re-orientation of Gly to form catalytically active HtrA2. (D) Conformational changes between the bound and unbound

structure. Upon peptide binding, the L3 loop (red) of one subunit moves closer to the LD* loop (orange) of the adjacent unit. The side chain

of residues (shown as black sticks) from the L3 loop form nonbonded interactions with F131 of the LD* loop, leading to rearrangement of

oxyanion hole as a result of its hydrophobic packing with the LD loop. However, L3 (yellow) and LD* (green) are separated in the unbound

structure (*residue from the adjacent subunit).
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Structural comparison of the unbound protease with

the BIR3pep-bound complex shows relative movements

in the active-site triad residues (Fig. 6C). It has been

well established that the distance between the Ne atom

of His and the Oc atom of Ser in active proteases is

< 3.5 �A, whereas, in the inactive form, it is > 3.5 �A

[5]. The atomic distances between the nitrogen (e)
atom of His65 and the oxygen (c) of Ser173 decreases

from 5.1 �A to 3.2 �A in the bound form and that

between the nitrogen (d) of His65 and the oxygen (d)
of Asp95 for the peptide-bound complex is

0.3 �A shorter compared to the unbound structure

(Table S1).

Apart from the catalytic triad, another key factor

for proteolysis by serine proteases is stabilization of

the negative charge on the carbonyl oxygen of the tet-

rahedral alkoxide intermediate (oxyanion hole) [33],

which resides in loop L1 (169–173) of HtrA2. Struc-

tural alignment of the oxyanion hole residues for

HtrA2 (BIR3pep-bound and unbound forms) in com-

parison with the free and outer membrane porins

(OMP)-bound Escherichia coli DegS (closest structural

ortholog of HtrA2) is shown in Fig. 6C. In the BIR-

bound form, the nitrogen atom of Gly171

(�2 position) acts as a hydrogen donor to form proper

oxyanion hole, whereas, in the unbound form, it is ori-

ented in the opposite direction, creating a malformed

structure. Based upon structural overlay, the re-orien-

tation of loop L1 appears to occur as a result of its

increased proximity towards another mechanistically

important loop LD via a hydrophobic interaction. It

thereby shifts the phenyl ring of F170 to accommodate

the LD loop and form a competent oxyanion hole, as

shown in Fig. 6D. Hence, the orientation of loops that

accommodate the oxyanion hole and the catalytic triad

residues might render the protease active or inactive in

the presence or absence of ligand, respectively.

In the HtrA group of serine proteases, intricate in-

termolecular interaction among different subunits of

an oligomer leads to a proper active-site formation [6].

From the structural alignment of BIR3pep-HtrA2ΔPDZ

with the unbound form, we observed significant devia-

tions in loop L3 and LD upon peptide binding. This

movement in particular appears to allow loop L3 of

one subunit to move towards the LD of a neighboring

unit. Specifically, in the bound complex, P148 and

A149 of the L3 loop form hydrogen bond and Van

der Waal contacts with P130 and F131 of the LD loop

from an adjacent subunit, which otherwise is separated

in the unbound structure (Fig. 6D). Thus, all of these

loop movements might coordinate to bring about the

observed concerted conformational rearrangements in

(and around) the active-site, leading to protease activa-

tion upon IAP binding.

Discussion

HtrA2 has been described as a stress-induced serine

protease in mammalian cells [34] with multiple func-

tions. Under physiological conditions, it participates in

the maintenance of mitochondrial homeostasis, where

its protective function transforms into proapoptotic

behavior in response to stress-inducing agents. It medi-

ates apoptosis through classical pathways via caspase

activation and also by a less understood caspase-inde-

pendent mechanism [7]. This nonclassical pathway of

apoptosis depends on the proteolytic activity of

HtrA2, which is primarily regulated by protein–protein
interactions. To date, a wide repertoire of proteins

binding to the C-terminal PDZ domain has been

found to stimulate the protease activity, thereby pro-

moting cell death [35]. Interestingly, in addition to the

regulatory role played by the PDZ domain, HtrA2

exhibits an additional level of functional modulation

mediated through its N-terminus, which is evident

from its IAP binding and cleavage. This phenomenon

emphasizes multiple modes of HtrA2 activation and

regulation. Furthermore, its association with severe

pathophysiological conditions, such as cancer and neu-

rodegenerative disorders, makes it a promising thera-

peutic target for which delineation of the basis and

global mode of its activation is required.

The high-resolution crystal structure of unbound

HtrA2 [14] provides a broader picture of its structural

organization and the mechanism of activation. How-

ever, the importance of conformational flexibility that

is required for serine protease function cannot be

unambiguously resolved by the snapshots of selected

conformational states provided by crystallography

data. The regions with increased flexibility, such as

loop segments, appear to be preferred for allosteric

modulation of the serine protease domain [36]. The tri-

meric HtrA2 has a unique N-terminus and a complex

network of regulatory loops (LA, LD, L1 and L2),

which forms the ‘activation domain’. The relative ori-

entations of this activation domain along with flexible

loop L3 and the PDZ–protease interface linker might

be critical for defining its functions. However, the

solved unbound structure with the partially missing

flexible regions could not explain the dynamics that

regulate HtrA2 activity, as is evident from the existing

proposed model of activation [14]. In the present

study, we have identified a novel mechanism that regu-

lates HtrA2 activity through its N-terminal region.
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Enzyme kinetic studies with wild-type HtrA2 and its

variants suggest that binding of XIAP proteins or pep-

tides at the N-terminus allosterically modulates the pro-

tease and shifts the intrinsic equilibrium from a tense to

relaxed conformation, thereby increasing the overall

catalytic efficiency in a PDZ-independent yet synergistic

activation mechanism. This N-terminal-mediated regu-

lation of HtrA2 appears to be novel among the HtrA

family of serine proteases. For example, E. coli DegS is

proteolytically inactive as a result of inhibitory interac-

tion of PDZ with the serine protease domain, which

keeps the protease in its basal state [25]. This inhibition

is relieved either by the addition of OMPs that bind to

PDZ and rearrange the active-site or by deletion of the

PDZ domain to form an active enzyme, suggesting that

PDZ might act as the sole regulatory domain [22,37].

However, in HtrA2, we have established that the

unique N-terminal region imposes an additional control

in regulating its activity. The complexity in its behavior

might be required for targeting apoptosis through

multiple pathways, as well as for a myriad of other

functions that it might perform. Based on our observa-

tions, we hypothesize that, during apoptotic stress,

HtrA2 facilitates the ‘caspase-dependent pathway’ by

relieving the inhibition of IAPs on active caspases

[9,10]. This IAP–protease interaction might then trigger

the nonclassical ‘caspase-independent mechanism’ by

up-regulating the protease activity of HtrA2, which, in

conjunction with PDZ binding proteins, promotes

substrate cleavage and hence cell death.

In the HtrA family of serine proteases, dynamic in-

termolecular processes play a crucial role in activation

and hence functions [6]. The remodeling is initiated in

most, if not all, HtrA proteins by sensor loop L3 and,

subsequently, a cascade of conformational changes

occur along L3? LD* ? L1*/L2* (the asterisk

denotes the contribution from a neighboring subunit),

which enables the active-site to switch into a ‘proteolyt-

ically ON’ state. Although the general mechanism is

conserved among the family, the activation signal

detection might vary [38]. Conformational dynamic

analyses revealed that, in unliganded HtrA2, specifi-

cally the regulatory loops L1, L3 and LD are disor-

dered, rendering the catalytic site and oxyanion hole

dysfunctional. A closer look at (and around) the

active-site of bound HtrA2 shows stabilization of the

oxyanion hole and proper positioning of the catalytic

triad. These regulatory loops undergo disorder-to-order

transition, thus allowing the formation of a well-

defined activation pocket. The occurrence of such

structural and conformational flexibility provides a

molecular explanation for the allosteric activation of

HtrA2. From our studies, we propose that HtrA2 exists

in an equilibrium between an inactive (E) and most

active conformation (E*). In the E state, the protease

exhibits poor enzymatic properties; however, a confor-

mational switch triggered by N-terminal and C-termi-

nal ligands shifts the intrinsic equilibrium towards the

E* state (Fig. 7). Thus, the equilibrium between the

inactive and active forms of HtrA2 could be used to

tune the enzyme in the ‘ON’ or ‘OFF’ states upon

binding of suitable activator or inhibitor molecules.

Subsequent to its inception [24], the allosteric mecha-

nism of enzyme regulation has intrigued biochemists

and structural biologists, which has resulted in the deri-

vation of ways to manipulate this behavior with desired

characteristics. An event occurring at any distal site

that affects the catalytic efficiency of an enzyme via

long-range communication provides an appropriate

explanation of linkage and cooperativity [39]. Recent

studies have emphasized the importance of allostery as

an intrinsic property of all of the dynamic proteins that

exist in multiple states at equilibrium and tend to show

large conformational changes linked to ligand binding

or substrate catalysis [40]. As a result of the inherent

protein-cleaving ability of proteases and their vital bio-

logical roles in all living organisms, their enzymatic

activity needs to be strictly regulated. The HtrA family

of proteases has developed an intrinsic allosteric mech-

anism for the precise control of their enzyme activity

Fig. 7. Proposed simplistic model for HtrA2 activation. The model assumes that HtrA2 exists in an equilibrium of inactive (E) and most

active (E*) states. The complex allosteric propagation mediated upon binding of the N- and C-terminal ligands synergistically transforms the

protease into the most active conformer. N-terminal ligand (IAP) shifts the conformational equilibrium of HtrA2 to an active state that is

further stabilized by reaction with C-terminal ligands/substrate.
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and specificity, which is mediated via regulatory PDZ

domains. It can be presumed that the overall mecha-

nism is conserved across the family from E. coli DegS,

DegP, DegQ and Mycobacterium HtrA2 to Arabidop-

sis thaliana Deg1 [25,38,41–43]. Interestingly, in human

HtrA2, evolution has possibly endowed it with an addi-

tional regulatory switch via the N-terminal binding of

substrates to impart rigid control on its activation,

which might be crucial for the different roles that it

plays under normal and diseased conditions [1–4]. This
distinctive mode of regulation offers promising oppor-

tunities for the specific control and functional modula-

tion of a wide range of biological processes associated

with HtrA2. In the recent past, allosteric regulators

were shown to have several advantages over their

orthosteric counterparts, with lower dose requirements

and greater subsite specificity [44,45]. It would there-

fore be possible to design and construct suitable pepti-

domimetics or small molecule analogs that could bind

the regulatory domains and stimulate protease activity,

thus promoting apoptosis. Recently, the proteolytic

activity of HtrA2 was shown to be critical for inducing

apoptosis in prostate cancer cells mediated via integrin

a [46]. Furthermore, its role in the degradation of

Wilm’s tumor suppressor protein, WT1, shows the pos-

sibility of targeting HtrA2 in the therapy of Wilm’s

tumor, where WT1 is overexpressed [47,48]. The E–E*
equilibrium therefore proposes new ways for enhancing

the activity of HtrA2 by stabilization of the E* form,

as shown recently for thrombin [49] and apoptotic pro-

caspase-3 and -6 [50]. This advancement in our under-

standing of the mechanism of action of HtrA2 will help

in the targeting of its allosteric site with tailored effec-

tors, hence representing a powerful approach for devis-

ing therapeutic strategies against the varied diseases

associated with it.

In summary, the results of the present study provide

the molecular basis of a novel N-terminal-mediated

regulation of HtrA2 activity. Ligand binding at the N-

terminal IAP-binding motif of HtrA2 leads to the acti-

vation of an allosteric signal through a series of subtle

conformational rearrangements essential for the forma-

tion of the most active state of the protease. The pres-

ent study showcases a combination of computational,

biochemical, biophysical and functional enzymology

approaches aiming to clearly demonstrate how precise

coordination between ligand binding and flexible loop

movements at a site distal from catalytic pocket regu-

lates HtrA2 proteolytic activity. Moreover, the pep-

tide-based activation process highlights the possibility

of designing suitable peptidomimetics or small mole-

cule analogs for manipulating HtrA2 functions, specifi-

cally for disease intervention.

Materials and methods

Peptides

All of the peptides were commercially synthesized (USV

Ltd, Mumbai, India) with > 95% purity. The primary

sequences of the peptides were: HtrA2-PDZopt (NH2-GQ

YYFV-COOH) [26], BIR2pep residues (NH2-
204GGKL

KNWEPCDRAWSEHRRHF224-COOH), BIR3pep residues

(NH2-
305GGLTDWKPSEDPWEQHAKWY324-COOH) and

control nonspecific peptide (NH2-KNNPNNAHQN-

COOH).

Recombinant protein production and purification

Mature (Δ133) HtrA2 full length with C-terminal his6-tag in

pET-20b (Addgene, Cambridge, MA, USA) and PDZ lack-

ing variant HtrA2ΔPDZ were expressed and purified as

described previously [15]. The canonical PDZ-peptide

groove mutant (G230A) was generated using site-directed

mutagenesis (Stratagene, Austin, TX, USA). Full-length

XIAP clone in pGEX-4T with GST-tag was obtained from

Addgene. XIAP–BIR2, BIR3 domains and mutants were

subcloned into modified pMALc5-TEV vector (New Eng-

land Biolabs, Ipswich, MA, USA) that provides an N-termi-

nal maltose-binding protein (MBP) tag. The BIR domain

and IBM groove mutant tested were XIAP–BIR2: 124–240,

E219R/H223V; XIAP–BIR3: 241–356, Q319R/W323V. The

IBM groove mutations were also introduced in GST-XIAP

full length as XIAP-E219R/H223V (BIR2 domain mutant),

XIAP-Q319R/W323V (BIR3 domain mutant) and XIAP-

E219R/H223V, Q319R/W323V (BIR2 and BIR3 domain

mutant). Recombinant proteins were expressed in E. coli

strain Rosetta (DE3) (Novagen, Billerica, MA, USA). Cells

were grown at 37 °C until D600 of 0.6 was reached and then

induced with 0.4 mM isopropyl thio-b-D-galactoside. Cells

were further cultured at 18 °C for 20 h post induction. Pro-

teins with the GST-tag were purified by affinity chromatog-

raphy using GST-sepharose resin (Novagen), whereas MBP-

tag proteins were purified using amylose resin (New Eng-

land Biolabs) in buffer: 20 mM Na2HPO4/NaH2PO4

(pH 7.8) containing 100 mM NaCl, 25 mM b-mercaptoetha-

nol, 50 lM Zn(Ac)2. The MBP-tag was cleaved using TEV

protease [51] and was further subjected to size exclusion

chromatography. All of the fractions with > 95% purity as

estimated by SDS/PAGE were stored in aliquots at �80 °C.

Enzyme assay

The protease activity of wild-type and its variants was deter-

mined using substrate fluorescein isothiocyanate labelled b-
casein (Sigma Chemicals, St Louis, MO, USA) as described

previously [15]. The fluorescent substrate cleavage was mea-

sured by incubating respective concentration of enzymes in

the presence or absence of XIAP (proteins or peptides) with
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increasing concentrations (0–25 lM) of b-casein at 37 °C in

cleavage buffer (20 mM Na2HPO4/NaH2PO4, pH 7.8, con-

taining 100 mM NaCl, 0.1 mM dithiothreitol). Fluorescein

isothiocyanate fluorescence was monitored in a multi-well

plate reader (Berthold Technologies, Oak Ridge, TN, USA)

using an excitation wavelength of 485 nm and emission at

545 nm. Reaction rates (v0) were calculated using linear

regression analysis. XIAP and BIR domain protein

activation curves were fitted to the equation: veloc-

ity = basal + max/[1 + [Kact/(peptide)]
n], where Kact is the

half maximal activation constant and n is the Hill constant

[22]. The steady-state kinetic parameters were calculated

from the reaction rates by fitting the data to the Hill form of

the Michaelis–Menten equation, velocity = Vmax/[1 + (K0.5/

[substrate])n], where Vmax is the maximum velocity and K0.5

is the substrate concentration at half maximal velocity using

KALEIDAGRAPH (Synergy Software, Reading, PA, USA). All

of the experiments were carried out independently in tripli-

cate and the mean � SEM values are reported in the plots.

SPR analysis

Real-time kinetic analyses of HtrA2 and XIAP–BIR inter-

action were performed using SPR (Biacore 3000; GE

Healthcare, Uppsala, Sweden). Carboxymethylated sensor

chips (type CM5) were first activated with a 1 : 1 mixture

of 0.2 M N-ethyl-N’-(3-dimethylaminopropyl)carbodiimide

and 0.05 M N-hydroxysuccinimide in water. The ligand,

HtrA2 (50 lg�mL�1 in 10 mM sodium acetate, pH 4.5),

was immobilized on the activated CM5 sensor chip by

amine coupling (Biacore) and the unreacted sites were

blocked with 1.0 M ethanolamine–HCl (pH 8.5). Control

flow cells were activated and blocked in the absence of

HtrA2 protein. The analytes, BIR proteins (BIR2 and

BIR3) and corresponding to IBM groove peptides of these

two domains were then injected as a function of increas-

ing concentration in running buffer (10 mM Hepes pH 7.5,

200 mM NaCl) under continuous flow of 20 lL�min�1 at

25 °C. The chip was regenerated after each cycle by wash-

ing it with 2 M NaCl followed by running buffer. The sen-

sorgrams for specific interactions were obtained by

subtracting the reference unimmobilized flow cell response

from that of the sample and were evaluated using the BIA-

EVALUATION software package, version 4.1 (GE Health-

care). Data were analyzed by fitting to a 1 : 1 Langmuir

binding model of both the association and dissociation

phases. The apparent equilibrium dissociation constants

(KD) were determined from the ratio of the dissociation

and association rate constants (kd/ka).

ITC

ITC measurements were performed at 25 °C using a Micro-

Cal ITC200 (GE Healthcare). All of the solutions were

degassed before titration. The calorimetry cell contained

200 lL of 33 lM wild-type or G230A mutant HtrA2 in

20 mM Na2HPO4/NaH2PO4 buffer (pH 7.8) containing

100 mM NaCl. The titration was initiated with one 0.4-lL
injection followed by 20 injections of 1.5 lL each of

PDZopt peptide reconstituted in the same buffer. To correct

for the heat of dilution, peptide injection into a cell con-

taining sample buffer was carried out under identical condi-

tions and subtracted from the raw data prior to analysis.

The data were analyzed using MicroCal ORIGIN software

(GE Healthcare) with the integrated heat peaks fitted to a

one site-binding model.

Pull-down experiment

For the binding assay, MBP-tag BIR domain and GST-tag

XIAP wild-type and mutant proteins were incubated on

amylose and GST-sepharose resins respectively for 1 h at

4 °C. Beads were washed three times with binding buffer

(20 mM Na2HPO4/NaH2PO4, pH 7.8 containing 200 mM

NaCl, 1 mM dithiothreitol, 0.1% TritonX-100). The washed

beads were further incubated with equivalent amount of

wild-type HtrA2 for 3 h at 4 °C. The unbound HtrA2 was

removed by washing the beads three times with the binding

buffer. The bound proteins were separated on 12% SDS/

PAGE and were probed with anti-His antibody (Abcam,

Cambridge, MA, USA) against HtrA2.

Protein modeling and docking

The crystal structure of inactive unbound HtrA2 (Protein

Data Bank code: 1lcy) was obtained from the Protein Data

Bank. The protein has missing N-terminal residues (AV-

PSP), a flexible loop (149ARDLGLPQT157) and a linker

region (211RGEKKNSSSGISGSQ225). The loop and linker

region were modeled and refined using PRIME, version 3.0

[20] (Schr€odinger, LLC, New York, NY, USA). Missing N-

terminal residues (AVPSP) were modeled using the ‘Cross-

Link Proteins’ module of BIOLUMINATE, version 1.2

(Schr€odinger, LLC). The ‘Crosslink Proteins’ module

allows cross-linking of prepositioned proteins by connecting

chain termini with peptide linkers. The HtrA2 trimer model

without PDZ domain (HtrA2DPDZ) residues 1–211 was gen-

erated using the PRIME, version 3.0 ‘Homo-multimer pro-

gram’, which allows the generation of a homomultimer

from a monomeric protein. Docking of HtrA2 trimer with

the BIR3 IBM groove peptide (GGLTDWKPSEDPWEQ-

HAKWY) was performed using the ‘Protein–Protein Dock-

ing’ program [52] of BIOLUMINATE, version 1.2 (Schr€odinger,

LLC). Protein–protein docking calculations were performed

by specifying 70 000 ligand rotations to probe, which

involves sampling every 5° in the space of Euler angles.

Protein–protein docking of the HtrA2 trimer with BIR3

produced N-terminal docked poses. Three poses showed
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that the peptide docked at N terminal tetrapeptide AVPS

region and the docked poses have no steric clashes. BIR3

peptide residues W323, W310, A321 and L307 showed

interactions with each chain in the trimer.

MD simulation and analysis

MD simulation was performed and analyzed using DESMOND,

version 3.4 (Schr€odinger, LLC) as described previously

[15,53]. Briefly, protein structures were solvated with a

simple point charge orthorhombic water box with a 10 �A

buffer space. The system was neutralized by replacing water

molecules with sodium and chloride counter ions. Nose–

Hoover thermostats and the Martina–Tobias–Klein method

were used to maintain a constant simulation temperature

and to control pressure, respectively. The entire system was

equilibrated using the default protocol provided in DESMOND.

Two rounds of steepest descent minimization were per-

formed, followed by series of four MD simulations. The

default equilibration was further followed by 5000 ps of

NPT (i.e. constant number of particles, pressure and temper-

ature) simulation to equilibrate the system. A total of 20 ns

of NPT production simulation was then run and coordinates

were saved every 2 ps. Simulation data were analyzed with

the help of the analytical tools in the DESMOND package. For

MD simulation quality analysis, the potential energy of the

protein and the total energy of entire system was calculated.

The lowest potential energy conformations were used for

structural analysis of peptide bound and unbound structures.

The trajectories of peptide bound complex and unbound

forms were then compared based on their overall calculated

domain wise rmsd and rmsf values. These are graphically

represented using GRAPHPAD PRISM, version 5.0 (GraphPad

Software, San Diego, CA, USA).
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Introduction

Multidomain proteins due to their structural complexity require

different levels of regulatory mechanisms for executing cellular

functions efficiently within a specified time period. Allosteric

modulation of conformations is one such mechanism which often

helps a protein to regulate a functional behaviour such as for an

enzyme to attain an active functional state upon ligand or

substrate binding. In allostery, sometimes there are large

conformational changes that require significant rotations and

translations of individual domains at the timescales of microsecond

to millisecond. While in some other cases, minimal structural

perturbation helps in propagation of the signal in an energy

efficient way to the functional domain where movement is mainly

restricted to the side chains, loops and linker regions and which

occur within picosecond to nanosecond timescales [1]. PDZ (post-

synaptic density-95/discs large/zonula occludens-1) domains that

are involved in myriads of protein-protein interactions [2,3]

exhibit minimal structural changes during allosteric propagation.

These domains have multiple ligand docking sites and are known

to possess unique dynamics that regulate conformation of the

functional site from a distal region.

HtrA2 (High temperature requirement protease A2), a PDZ

bearing protein, is a mitochondrial trimeric pyramidal proapop-

totic serine protease with complex domain architecture whose

activity is likely regulated by interdomain crosstalk and structural

plasticity [4]. Mature HtrA2 comprises 325 amino acids with

residues S173, D95 and H65 forming the catalytic triad which is

buried 25 Å above the base of the pyramid suggesting requirement

of conformational changes for its activation. Apart from PDZ, this

multidomain protein has a short N-terminal region, a serine

protease domain and a non-conserved flexible linker at the PDZ-

protease interface [4]. HtrA2 is involved in both caspase

dependent as well as caspase independent apoptotic pathways

[5,6,7]. Literature suggests it might have chaperoning functions as

well and recently has been found to be associated with several

neurodegenerative disorders [8,9,10]. Based on information from

literature [4,11], this multitasking ability of HtrA2 can be

attributed to its serine protease activity which is intricately

coordinated by its unique substrate binding process, complex

trimeric structure, interdomain networking and conformational

plasticity. However, the unbound inactive form of the crystal

structure with partially missing active site loops and flexible PDZ-

protease linker has been unable to unambiguously determine the

role of dynamics and allostery if any in HtrA2 activation and

specificity. Therefore, to understand the molecular details of its

mechanism of action, dynamics study at the substrate binding site

and active site pocket becomes imperative.

HtrA2 belongs to a serine protease family that is conserved from

prokaryotes to humans [12] where allostery is a common

mechanism for protease activation in some of its homologs. DegS,

a bacterial counterpart of HtrA2, allosterically stabilizes the active

site pocket upon substrate binding at the distal PDZ domain [13].

DegP, the most extensively studied protein of the family, has

a cage-like hexameric structure whose activation is regulated by

allostery and oligomerization. Peptide binding to distal PDZ1
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domain leads to rearrangement of the catalytic pocket into

enzymatically competent form that readily oligomerizes and

renders stability to the active conformation [14].

With an aim at understanding the conformational changes and

structural plasticity that govern HtrA2 activity and specificity, we

took an in silico approach to study the movements of flexible

regions of the protein upon ligand binding. The PDZ domain of

HtrA2 has a known hydrophobic substrate binding YIGV pocket

(similar to GLGF motif) which is deeply embedded within the

trimeric protein structure with P225 and V226 from the serine

protease domain occupying the groove [4,15]. This structural

arrangement makes it impossible for substrate protein to bind

without significant conformational changes. Thus, to examine

whether allosteric modulation through an alternative site is

involved in substrate binding and catalysis of HtrA2, molecular

dynamics simulation (MDS) approach with a bound peptide

activator was used to look into the structural rearrangements that

occur in nanosecond time scale. Although the information usually

obtained from MDS is restricted primarily to movements in the

accessible and flexible regions of a protein, it nonetheless

contributes significantly towards understanding of the overall

structural rearrangement and dynamics during its allosteric

activation. In our study, we modelled the entire mature protease

by filling in the missing regions using Prime 3.0 [16], followed by

energy minimization with GRoningen MAchine for Chemical

Simulation or GROMACS [17]. Identification of the putative

binding site(s) on HtrA2 was done using SiteMap 2.5 [18] and the

selective binding pocket (SBP) for the ligand was chosen based on

optimum energy parameters. Peptides at SBP were docked from

our peptide library that was generated based on available

literature reports [19,20,21] and structural complementarities.

MDS of the docked structures was done using Desmond 2010 [22]

which provided critical information on loop and linker movements

in HtrA2. These results combined with mutational and enzymol-

ogy studies show that upon activator binding at the novel allosteric

pocket, SBP, the linker at the PDZ-protease interface and loops

L1, LA and LD around the catalytic groove undergo rearrange-

ments in a coordinated manner so as to form an efficient active site

pocket. Moreover, the PDZ domains mediate intersubunit

interactions which stabilize the oxyanion hole. These observations

highlight the importance of allostery which might be an important

prerequisite for an active conformation of the trimeric protease.

Results

Identification of Selective Binding Pocket (SBP)
The high resolution crystal structure of HtrA2 [4] (Figure 1a)

that lacked flexible loops, linkers and some N-terminal residues

was the target protein for our studies. These regions were

modelled and energy minimised as described under Methods

section. Comparison of refined model with unrefined structure

showed significant movements of the loops defining new binding

sites on the protein surface. The linker at SPD-PDZ interface

moved towards a7 of PDZ domain whereas the linker in the

protease domain moved closer to the SPD-PDZ linker so as to

form a groove (Figure 1b).

Among the five possible putative binding sites that were

identified, Site2 or SBP (Figure 1c) that encompasses the groove

generated by SPD-PDZ linker, protease and PDZ domains

attained the best score (Table 1). The site score takes into account

parameters such as volume, density, solvent exposure, hydrophilic

and hydrophobic nature of residues and donor to acceptor ratio

and hence is a comprehensive representation of the possibility of it

being a binding site.

SBP has optimum volume and contacts available including

maximum hydrogen donor and acceptor groups that are crucial

for interacting with peptides. The size of the site is very important

since the binding peptides have 6–7 residues and the site needs to

be large enough to accommodate them. It also has highest

hydrophobicity which makes it the best interaction site and hence

used in our studies. Although sites 1 and 3 have scores closer to

that of SBP, taking into account all the above-mentioned

parameters, SBP was chosen for further docking and MDS studies.

Peptide Docking Show Similar Interacting Residues
Here, we have used a holistic approach in designing activator

peptides where different techniques were applied in parallel so as

to conduct a comprehensive search for a signature pattern that

would dock at SBP. In one method, replicas for functional groups

were chosen based on sequence and structural complementarities

with hydrophobic SBP which were used for generating small

molecular fragments. Scores obtained from docking these small

molecules (Table S1) provided the framework for designing

different combinations of tetrapeptides as shown in Table S2.

With leads from literature and in silico structure-guided design, Gly

and Val residues were added at N- and C-termini respectively of

some peptides which subsequently increased the docking scores

from 26 to 210 kcal/mol.

Similarly, two peptides previously reported in the literature as

well peptides designed from the putative binding sites in pea-15

and Hax-1 also interacted well with SBP. Analysis of docking

results with all these different peptides show interaction with

similar residues of SBP as observed in ligplot (Figure S1).

However, the control peptide KNNPNNAHQN, which has quite

a few asparagine residues, is an ideal sequence to act as negative

peptide for the pocket due to its stereochemical properties [19],

did not bind to SBP demonstrating the specificity of designed

peptides.

From the above extensive docking analysis, N216, S217, S219,

E292 and E296 in SBP were found to be common for most of the

peptide interactions (Figures 2a–b). Of these residues, N216, S217,

S219 belong to the linker region while E292 and E296 to the PDZ

domain that were either involved in hydrogen bond formation or

Van der Waals interaction with the peptides. This result suggests

that SBP might be the possible binding site and therefore

a prospective putative allosteric site.

The role of some of these important residues in allostery if any

and its subsequent effect on catalytic activity and substrate

turnover was further probed by enzymology studies as described

later in the text.

MDS Analyses of HtrA2 and HtrA2– Peptide Complexes
The peptides GSAWFSF was chosen for MDS studies as it gave

the best XP and E-model scores (Table 2). GQYYFV has been

reported to be a well known activator of HtrA2 [19] and hence

used as another representative peptide for simulation studies.

Moreover, the two peptides were chosen such that one is

a designed peptide (GQYYFV) while the other is a part of

a well-known HtrA2 binding protein Pea-15 (GSAWFSF). In

addition to this, GQYYFV with docking score lesser than

GSAWFSF was chosen for MDS analysis to understand whether

different affinity for the substrate results in similar movements in

the protease. MDS analyses of HtrA2-GQYYFV and HtrA2-

GSAWFSF complexes demonstrated significant difference in

conformation as well as dynamics when compared with unbound

HtrA2. Visual inspection of the domain wise movements in

peptide bound HtrA2 indicated large fluctuations in hinge/linker

region (211–226) as shown in Figures 3a and b. Although these

Allosteric Regulation of HtrA2
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movements were larger for GSAWFSF than GQYYFV bound

complex, the movement pattern remained similar in these two

peptides. Enhanced dynamic movement in the former complex

could be attributed to the peptide length (heptameric as compared

to hexameric in the latter). Domain wise RMSD analysis of these

trajectories provided quantitative output of deviations with respect

to time. The trajectory graphs (Figures 3c–e) show that along the

entire sequence, hinge region (211 2226) has RMSD of 2.5 Å for

Figure 1. Ribbon model of HtrA2 structures (PDB ID: 1LCY). a. Domain organization of HtrA2 protease which comprises N-terminal region
(blue), protease domain denoted as PD (yellow) and PDZ domain (red) at C-terminal end. b. Structural alignment of loop refined (light magenta) and
unrefined (light green) structures of HtrA2 protein with modelled N-terminal AVPS, loop L3 (residues 142–162) and hinge region (residues 211–225)
built with Prime (Schrödinger 2011). On refinement, loop L3 and hinge region are reorganized so as to define new regions at the protease and PDZ
domain interface. c. Selective binding pocket (SBP) on HtrA2. The energy minimised structure of HtrA2 after modelling flexible regions in the protein
is represented as a ribbon model. The binding site designated as SBP, selected on the basis of the Sitemap score and residue analyses, is located at
the interface of PDZ and protease domain and shown as a multi-coloured mesh.
doi:10.1371/journal.pone.0055416.g001

Table 1. Putative binding sites in HtrA2 identified by SiteMap tool.

Site Number from
SiteMap Residues present in the site Site score

Site 2 K214, K215, N216,S217,S219, R226, R227, Y228, I229, G230,V231,M232,M233, L234, T235, L236,
S237, S239, I240, E243, H256, K262, I264,Q289, N290, A291,E292, Y295,E 296, R299, S302

1.092716

Site 1 H65, D69, R71, A89, V90, P92, D95,T324 0.957142

Site 3 N48, H65, D169, S173,K191, M232, H261,L265 0.936056

Site 4 V192, F251 0.807891

Site 5 I33,L34,D35,R36,V73,R74 0.673032

doi:10.1371/journal.pone.0055416.t001
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the peptide GSAWFSF and 1.5 Å for GQYYFV from the starting

unbound form.

The RMSF of these trajectories were comparable with rmsd

values showing higher relative fluctuations in and around the

hinge region. Representative RMSF plots for GQYYFV and

GSAWFSF bound HtrA2 complexes depict these large fluctua-

tions for residues 190–225 as shown in Figures 4b and C

respectively. All structural alignment comparisons and relative

fluctuation analyses post MDS emphasize distinct significant

conformational change in the hinge (211–226) region upon

peptide binding. In addition to this, binding of peptides led to

dynamic movements in many functionally important regions distal

to SBP such as helices a5 and a7 in PDZ domain.

Conformational Transitions in Flexible Regions and at the
Active Site
Further detailed analyses of the effect that local subtle structural

changes at SBP had on distal regions of the protease especially at

the active site and its vicinity revealed the possibility of SBP being

a putative allosteric site. Functional active site formation and its

accessibility along with a well formed oxyanion hole are important

prerequisites for the activity of an enzyme.

Structural comparison of the MD simulated peptide bound

structure of HtrA2 with the unbound form show movements in

different domains and linker regions. The PDZ-protease linker

that covers the peptide binding groove in the PDZ domain moves

away from it thus increasing it accessibility. The peptide bound

HtrA2 complex show relative movements in the active site triad

residues compared to the unbound form. Atomic distance analysis

of both the forms revealed that distances between nitrogen (e)
atom of H65 and oxygen (c) atom of S173 increased in peptide

bound complexes while that between nitrogen (d) atom of H65 and

oxygen (d) of D95 decreased when compared with the unbound

HtrA2 structure (Table 3). This pattern being consistent with both

the peptides suggests that interaction of peptide activator with SBP

leads to opening up of the active site cleft.

Apart from active site triad, changes were also observed in the

orientation of mechanistically important L1, LD and LA loops in

the peptide bound complex (Figures 4d–e). Their orientations with

respect to the active site determine proper oxyanion hole

formation, accessibility of the active site, formation of catalytic

triad and hence enzyme activity. MDS analyses for these regions

showed significant deviations upon peptide binding. Structural

alignment of GSAWFSF bound HtrA2 complex with the unbound

form demonstrated breaking of Van der Waals contacts between

loop LD and b2 strand of protease domain which facilitates LD

movement towards a1 of protease domain and bringing P130 of

the former in proximity to A25 of the latter. Similarly, S50 in b2 of
protease domain establishes interactions with G171 of L1

(oxyanion hole residue) while breaking contacts with A132 of

LD loop due to movement or tilt in the L1 loop. As a result of this

reorganization, LD which was closer to L1 in the unbound HtrA2

moves sharply away from it upon peptide binding. These

positional rearrangements also lead to disruption of interaction

between D165 of L1 and G195 of L2 loops. All these movements

coordinate to bring LD closer to the proximal region of protease

domain thereby opening up the catalytic site. For GQYYFV

peptide, movements of all these loops were subtle as compared to

that for GSAWFSF except for the LA loop which exhibited larger

deviation in the former. The other significant flexible region

movement is in loop L3 which, in concert with linker region, assists

in accommodating the peptide at SBP.

The relative reorientation of these loops along with catalytic

triad residues seems to be assisting formation of a more open

structure near the active site. However, loop L2 that harbors the

specificity pocket remains mostly unchanged suggesting presence

of a well formed binding pocket in the unbound form whose

accessibility is limited compared to the substrate bound form. In

context with trimeric HtrA2, more open conformation might be

Figure 2. Representative surface structures of peptide activator docked HtrA2. a. Peptide GSAWFSF -HtrA2 complex and b. Peptide
GQYYFV-HtrA2 complex. The former peptide represents putative SBP binding peptide in Pea-15 and the latter is a peptide obtained from the
literature. The common interacting residues from SBP for both the peptides are labelled and are shown as blue sticks. PD denotes serine protease
domain in both the Figures.
doi:10.1371/journal.pone.0055416.g002

Allosteric Regulation of HtrA2

PLOS ONE | www.plosone.org 4 February 2013 | Volume 8 | Issue 2 | e55416



significant as it enhances the accessibility of the substrate and

thereby might contribute positively toward the rate of enzyme

catalysis.

Influence of SBP on HtrA2 Activity and Role of PDZ
Domain
To determine whether critical SBP residues (N216, S219, E292

and E296) are important for mediating allosteric propagation in

HtrA2, site directed mutagenesis to alanine were done. Mutation

of a conserved YIGV residue (G230A) was also done to

understand the role of canonical YIGV groove in this complex

signal propagation pathway. Moreover, since the protein is found

to be active in its trimeric form [4] and also that SBP encompasses

a major part of PDZ, we used trimeric and monomeric HtrA2

variants, N-SPD and F16D respectively to understand the role of

PDZ in intra and inter-molecular cross-talk.

To negate the role of overall conformational changes if any due

to these mutations, MDS and secondary structural analyses were

done on the mutant proteins. Similar active site conformations

were observed in both the wildtype and mutants. Moreover, the

overall secondary structure and thermal stability remained un-

perturbed due to the mutations (data not shown). Enzymology

studies with different SBP mutants were done using b-casein,
a well-established generic substrate of serine proteases [23]. b-
casein has a putative SBP binding site (GPFPIIV) which has been

found to interact with the similar residues at SBP by our docking

studies (Table 2) and hence expected to mimic the allosteric

modulation mediated by SBP binding if any. The kinetic

parameters for wild type, N-SPD domain, F16D and other

mutants were determined using fluorescent b-casein (Figure 5).

The catalytic efficiency (kcat/Km) for the double mutant N216A/

S219A and single mutant E292A showed ,2.4 fold decrease in

enzyme activity as compared to wild type whereas enzymatic

parameters remained mostly unchanged for E296A. Km values for

the mutants were not significantly higher compared to the wild

type, suggesting that the specificity pocket might be mostly intact

with some subtle alterations. However, there was a marked

decrease in Vmax and in substrate turnover (kcat) rates for N216A/

S219A and E292A suggesting presence of a malformed oxyanion

hole in the SBP mutants. These results demonstrate that N216/

S219 and E292 of SBP are important for mediating allosteric

activation of HtrA2 upon activator binding. This is strengthened

by the observation that SBP mutants did not interact with the

activating peptides as seen by isothermal calorimetric studies and

a representative figure is shown in the supplementary material

(Figure S3). In addition, the ligplot of the peptide showing the

detailed interaction with HtrA2 is also depicted in figure S1.

In our in silico studies, YIGV has been found to be a part of the

greater SBP mesh (Table 1) and since docking with small

molecular fragments (,35–100 Da) showed direct binding with

YIGV residues (Table S1), we wanted to understand the effect of

YIGV mutation on HtrA2 activity as well. Enzymology studies

with G230A demonstrated increase in Km value compared to the

wild type highlighting the involvement of YIGV in this intricate

allosteric mechanism. Protein turnover rate was also much lower

in G230A as compared to the wild type reiterating the importance

of oxyanion hole formation upon activator binding at SBP. Thus,

Table 2. Peptide docking of HtrA2 and identification of interacting residues.

Peptides Used in Our study Interacting Residues
Glide score in
Kcal.mole21

H bond Interactions Vdw Interactions

PEA 15 (GSAWFSF) Glu 292, Glu 296, Asp 293, Ile 283, Met 287 Gln 286, Ala 297, Ser 222 210.564

Designed (VKSDSG) Asn 216, Leu 152,Glu 296, Glu 292 Ala 89, Ile 221, ser 218, 210.394

Designed (GRTDSV) Glu 296, Glu 292, Asn 216, Ser 217 Asp 293 210.037

Designed (GRDTSV) Ser 219, Glu 292 Ser 239,Gln 286 29.57

Designed (GRDTYV) Asp 293, Asn 216, Ser 217, Ser 219 Glu 296, Arg 299, 29.54

Phosphatase (PAEWTRY) Asp 117, Ala 149, Arg 150, Lys 215,
Gln 146

Pro 148, Leu 152, Lys 214, Gln 156,
Val 159, Ser 239

29.481

HAX-1 (TKPDIGV) Glu 292, Glu 296, Ser 219, Ile 221, Arg 299 Asn 216, Ser 222 28.486

Connexin (ARKSEWV) Asp 293/426, Asn 290/423, Gln 156/289 Glu 292, Pro 155, Gln 289, Met 287, His 256,
Glu 255, pro 238

28.165

Presenilin (AFHQFYI) Leu 152, Asn 216, Ser 217, Glu 292,
Glu 296

Pro 155, Arg 211, ser 218, Ser 219 28.063

IL-EBF (AGYTGFV) Asn 216, Ser 217, Glu 292, Arg 150/, Leu 152 Ser 219, Gly 153, pro 155 27.903

Yes Protein (ESFLTWL) Asn 216, Leu 152, Glu 296, Asp 293,
Gln 289, Ser 237

Gln 156, Pro 238, Pro 155, Ser 218,
Glu 292, Gln 286

27.722

Cathepsin SVSSIFV Glu 296, Asn 216, Ile 283/416, Glu 292, Leu 152,Gly 153,Ala 297 27.524

Warts Protein Kinase (NRDLVYV) Lys 214, Lys215, Ala 149,Glu 207,
Arg150, Gln 146

Leu 152, Gln 156, Val 159 27.321

GQYYFV6 Glu 292, Glu 296, Asn 216, Ile 221,Leu 152 Ser 219,Gly 153, Arg 299 27.163

GGIRRV6 Glu 292, Glu 296, Asn 216,Ser 217, Ser 219 Arg 211, Gly 153 26.785

Tuberin (EDFTEFV) Arg 211, Asn 216, Ser 219 Ala 89, Ile 221, ser 218, Arg 299,
Glu 296, Glu 292, Gly 153

21.883

Control Peptide (KNNPNNAHQN) Did not dock with HtrA2

The possible residues which are involved in hydrogen bonding and Vander Waal’s interactions along with Glide scores are mentioned.
doi:10.1371/journal.pone.0055416.t002
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inaccessibility of the canonical PDZ binding pocket YIGV, in the

trimeric protease structure might have adjured presence of

exposed SBP which is dynamically coupled to YIGV groove for

efficient allosteric signal propagation to the distal active site. Direct

binding of small molecules at YIGV supports this hypothesis as

they could be accommodated in the classical binding groove

without requirement of any initial conformational change as it

might be with the larger peptide activators.

Interestingly, although catalytic efficiency for N-SPD has been

found to be 3.4 fold less as compared to the wildtype, its Km value

suggests slight increase in substrate affinity for the enzyme

(Table 4). This increase in substrate affinity might be due to

Figure 3. Domain wise conformational changes induced on peptide binding at SBP. a. The structural alignment of minimum energy
structure of the peptide bound GQYYFV-HtrA2 complex (light pink) and unbound structure (green) displays orientation of the movement of the
hinge region and the a-helices of PDZ. b. The structural alignment of GSAWFSF-HtrA2 complex (light pink) and unbound structure (green). Graphical
representations of the RMSD for the 30 ns MDS trajectory of the following: c. HtrA2–GQYYFV complex. d. unbound HtrA2 (negative control). e. HtrA2–
GSAWFSF complex. The stretch of residues selected for each set of RMSD calculations are shown on the right of panel c.
doi:10.1371/journal.pone.0055416.g003
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absence of PDZ surrounding the active site region resulting in

greater substrate accessibility. However in N-SPD, kcat was found

to be 5 fold less than that of wild type highlighting the role of PDZ

in initiating conformational changes near the active site pocket as

well as in the oxyanion hole so as to increase overall enzyme

stability. However, in the full length monomeric mutant of HtrA2

(F16D), there is a two fold increase in Km with significant decrease

in turnover rate and hence catalytic efficiency (Table 4) which

emphasizes importance of intermolecular crosstalk between PDZ

and protease domains in trimeric HtrA2 structure.

The importance of intermolecular interaction between PDZ*

and SPD has also been manifested in our MD studies where

structural analyses show binding of peptide activator (GQYYFV)

at the SBP alters PDZ orientation and brings a5 helix of PDZ

from one subunit in close proximity to the protease domain of the

adjacent subunit. The helix moves towards LD loop of the

protease domain, thereby shifting the orientation of the phenyl

ring of F170 which is a part of oxyanion hole towards H65 of the

catalytic triad (Figure 6a) so as to accommodate the loop. These

rearrangements result in a more stable and catalytically competent

HtrA2 formation with a proper oxyanion hole. Thus the full length

trimeric HtrA2 is more active than trimeric N-SPD, where the

activation pocket is not stable in absence of PDZ.

Discussion

Our aim was to understand the structural dynamics that

regulates activation and specificity of HtrA2. This multidomain

trimeric protease has unique proapoptotic properties as it is

associated with both caspase-dependent and independent cell

Figure 4. Graphical representation of root mean square fluctuation (RMSF) and loop movements upon peptide binding. a. MD
simulation trajectory for unbound HtrA2. b. RMSF graph for GQYYFV bound HtrA2. c. RMSF graph for GSAWFSF bound HtrA2. d. Comparison of
fluctuations in loops LA, L1, L2 and LD in the GQYYFV peptide bound (pink) and unbound structure (green). The loops in the bound and unbound
forms are displayed in red and yellow respectively. e. Comparison of fluctuations in loops LA, L1, L2 and LD in the GSAWFSF peptide bound (pink) and
unbound structure (green). The loops in the bound and unbound forms are displayed in red and yellow respectively. The catalytic triad residues are
shown in both panels d. and e.
doi:10.1371/journal.pone.0055416.g004

Table 3. Comparison of distances between atoms of the
catalytic triad in the peptide bound and unbound forms of
HtrA2.

Protein
Complex NE2 (His) – OG (Ser) ND1 (His) – OD1(Asp)

Bound Unbound Bound Unbound

HtrA2 (GSAWFSF)5.2 4.1 2.6 2.9

HtrA2 (GQYYFV) 5.5 4.1 2.7 2.9

doi:10.1371/journal.pone.0055416.t003
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death pathways through its serine protease activity [5,12].

Association of HtrA2 with cancer and neurodegenerative disorders

makes it a promising therapeutic target. For example, over-

expression of HtrA2 substrates such as IAPs and the Wilms’s

tumor suppressor protein WT1 in several cancers suggests

modulation of HtrA2 protease activity can effectively regulate

their relative levels in the cells [24,25,26,27]. Out of several

approaches that can be used to regulate HtrA2 activity, allosteric

modulation is one of the simplest and most efficient ways.

However, modulating HtrA2 functions with desired characteristics

for disease intervention will require a detailed understanding of its

mode of activation and the underlying conformational plasticity

that controls it.

Peptide design using site complementarity followed by MDS of

the docked peptide-macromolecular complex is an extremely

useful tool to study subtle conformational changes and protein

dynamics. HtrA2 has a complex network of flexible loops

surrounding the active site pocket and a linker at the PDZ-

protease interface whose relative orientations and crosstalk with

different domains might be critical in defining HtrA2 functions.

With partially missing loops and the flexible linker region, the

solved structure of HtrA2 [4] could not fully explain the dynamics

and allostery that regulate its activity and specificity. Here, with an

in silico and biochemical approach, we have shown that like few

other HtrA family proteins, allosteric propagation does regulate

HtrA2 activity.

In this study, peptide binding to SBP showed conformational

changes in the distal flexible regions of HtrA2 such as the PDZ-

protease interface, loops L1, LD and LA that rearrange to form

a more catalytically efficient active site thus establishing the role of

SBP as an allosteric site in HtrA2. A close look at and around the

active site pocket shows that in the bound form, the N atom of Gly

(22 position) faces the oxyanion hole to form an H-bond whereas

in the unbound form it flips in the opposite direction to form

a malformed oxyanion hole [12,28]. Moreover, keeping in trend

with other HtrA proteases, the phenylalanine ring of 23 position

moves closer to the imidazole ring of His65 while in the unbound

form, it moves outward as observed from Figures 6b–c and Movie

S1. All these subtle structural rearrangements along with making

and breaking of bonds at sites away from the active site might

stabilize the peptide bound form such that it shifts the equilibrium

toward catalysis.

Enzymology studies with b-casein that has a putative SBP

binding sequence (GPFPIIV) as shown in Table 4 show significant

Figure 5. Steady state kinetic parameters of HtrA2. Graph representing relative activity of wild type HtrA2 and its mutants and variants with
FITC labelled b-casein as the substrate. The graph for two mutants (F16D and G230A) is shown in inset.
doi:10.1371/journal.pone.0055416.g005

Table 4. Steady state kinetic parameters for HtrA2 wild type,
variants and mutants with b-casein as the substrate.

HtrA2
Proteins Km (mM) Vmax (M/s) kcat (1/s)

kcat/Km
(1/M.s)

Wild type 4.59 4.08361029 0.02041 4.4526103

N216A,
S219A

5.43 1.93761029 0.00968 1.7886103

E292A 5.15 1.90361029 0.00951 1.8496103

E296A 4.68 3.73461029 0.01868 3.9956103

N-SPD 3.02 0.785161029 0.0039 1.296103

F16D 9.3 4.08610212 0.000025 0.00266103

G230A 9.32 1.0361029 0.0051 0.546103

doi:10.1371/journal.pone.0055416.t004
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decrease in catalytic efficiency in SBP mutants. This observation

suggests interaction of substrate protein with SBP brings about

rearrangement around the active site of the enzyme by positively

influencing its activity thus behaving as an allosteric regulator. The

SBP mutants (N216A/S219A and E292A) show apparent decrease

in Vmax without significantly altering the apparent Km (with L2

specificity pocket mostly unaltered) and hence follow the ‘V

system’ of allosteric modulation [29]. In this system, both the

relaxed (R) and the tensed (T) states bind the substrate at the active

site with similar affinity while the peptide (activator) at SBP binds

the R and T states with different affinity. This differential affinity

of the peptide towards SBP along with R state stabilization shifts

the equilibrium towards R state thus positively influencing its

turnover rate and hence catalytic efficiency which has been

observed in case of HtrA2.

In N-SPD, where the PDZ domain is absent, apparent decrease

in Km can be attributed to greater accessibility of the substrate to

the active site. However, since the change in binding affinity is not

large, the specificity pocket might be mostly unaltered compared

to the wild type which is confirmed through our MD studies where

the loop L2 remains mostly unaltered. Interestingly, kcat value in

N-SPD has been found to decrease significantly which is suggestive

of either a malformed oxyanion hole and/or decrease in overall

protein stability which might be due to absence of supporting PDZ

domain. However, similar studies with F16D (monomeric full

length HtrA2 mutant) also show significant decrease in turnover

rate and catalytic efficiency which accentuates the importance of

intermolecular and not intramolecular PDZ-protease crosstalk in

trimeric HtrA2. Our MDS supports this observation by demon-

strating that in the peptide bound form of HtrA2, a5* of PDZ*

moves towards LD loop of protease domain of adjacent subunit

thus pushing phenyl ring of F170 of the oxyanion hole towards

H65 of the catalytic triad (Figure 6a). This reorientation in the

oxyanion hole makes the protease poised for catalysis as seen in

other HtrA family members as well [12] thus significantly

enhancing the turnover rate. Therefore, intermolecular crosstalk

Figure 6. Structural changes at the oxyanion hole and YIGV groove upon peptide binding. a. Overlay of the oxyanion hole and catalytic
triad residues represented as sticks for peptide GQYYFV bound (magenta) and unbound (green) structures. PD denotes serine protease domain of
HtrA2. b. Overlay of the oxyanion hole and catalytic triad residues represented as sticks for peptide GSAWFSF bound (red) and unbound (limon green)
structures. c. Role of PDZ in the formation of proper active site formation. The structural superposition of GQYYFV bound (pink) and unbound (green)
structures shows a5 helix of PDZ of one subunit moves towards the LD loop and oxyanion hole of the adjacent subunit. The positions of the residues
in the oxyanion hole are denoted as 0, 21, 22 and 23.
doi:10.1371/journal.pone.0055416.g006
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stabilizes the active site and makes it catalytically competent

establishing the requirement of complex trimeric architecture of

the protease.

The GLGF motif (YIGV in HtrA2) is the canonical peptide

binding site [2,4] in PDZ domains. However, in HtrA2, it is deeply

embedded within a hydrophobic groove where the residues are

intertwined with each other through several intramolecular

interactions making the site highly inaccessible to the binding of

peptide [4]. Thus, peptide binding to YIGV is only possible upon

certain structural rearrangements at that site. Given the property

of PDZ domains of having multiple docking sites and the fact that

HtrA2 requires huge conformational changes for proper active site

formation, we hypothesized presence of a relatively exposed

pocket where peptide binding occurs prior to interaction with the

buried YIGV groove. In our studies, we have found a novel

surface exposed region (SBP) around PDZ domain which is easily

accessible to the peptide. With an aim at understanding the

allosteric mechanism in HtrA2 and whether the binding site is

structurally conserved, we did a side-by-side comparison with the

peptide-bound PDZ structure of its bacterial counterpart DegS

that is known to exhibit allostery [30]. The structural overlay of

peptide bound forms of these two proteins show striking structural

similarity in the regions of binding (Figure 7a) with the GLGF

groove (YIGV in HtrA2 and YIGI in DegS) oriented differently.

Since the YIGV motif is buried in HtrA2 structure, its in-

accessibility might be the reason for the peptide to initially bind to

another relatively accessible region with similar hydrophobic

milieu. However, in DegS, the YIGI groove is already exposed to

accommodate the peptide easily and hence this kind of initial

interaction is not required.

Our MDS studies show that peptide binding at SBP leads to

subtle structural changes in the region adjoining YIGV leading to

opening up of the pocket. The last b strand of PDZ domain which

lies on one side of YIGV groove moves away from it. The YIGV

and the loop spanning residues 67–73 move away from each other

while the loop comprising residues 263–277 of the b-a-b motif also

drifts at an angle away from the YIGV making it more solvent

exposed (Figure 7b). Therefore, upon SBP binding, the relative

movements of the loops in vicinity of the hydrophobic YIGV

pocket might confer it with the kind of exposure that is required

for interaction with peptides. These observations along with our

enzymology studies with SBP and YIGV mutants, led to defining

a model (Figure 8) for allosteric propagation in HtrA2. The model

suggests that initial binding of the peptide activator at SBP leads to

structural fluctuations which result in subtle rearrangement at and

around the YIGV groove (a part of greater SBP mesh as identified

by Sitemap) thus exposing it. Opening up of the deeply embedded

YIGV pocket makes it accessible to the substrate molecule which

consequently leads to allosteric signal propagation at the active site

in the serine protease domain.

This alternative non-canonical PDZ binding site though novel

in HtrA family of proteins, is not unprecedented in literature. It

has been observed that PDZ7 of the scaffold protein Glutamate

receptor interacting protein 1 (GRIP1) has an alternative exposed

hydrophobic pocket that binds its substrate GRASP-1 since the

canonical binding site is deeply embedded within the protein [31].

Overlay of the PDZ from HtrA2 and PDZ7 of GRIP1 show

striking structural similarity including the classical peptide binding

groove and the novel non-canonical pocket (Figure S2). Thus, in

these two proteins, perturbations at the alternative distal binding

sites might be coupled dynamically to the classical binding groove

by a complex mechanism that includes fast (ps–ns) timescale

dynamics which consequently leads to allosteric signal propagation

to the active site.

In the recent past, allosteric modulators have evolved into

important drug targets due to several advantages they have over

Figure 7. Structural comparison of PDZ domain orientation. a. Structural alignment of E.coli DegS (PDB ID: 1SOZ) and the peptide bound
HtrA2 showing PDZ domains for both the proteins (represented in blue and yellow respectively) are oriented differently but the peptides, P1 (blue)
and P2 (pink) represented as sticks for the respective proteins seem to bind to a structurally similar region. The GLGF substrate binding motif is
exposed for DegS while buried for HtrA2 as shown in pink and blue respectively. b. Alignment of the peptide bound (pink) and unbound (green)
structures at the region around the YIGV groove shows outward movement of the loops spanning residues 67–73 and 263–277 shown in red for the
bound structures which leads to opening up of the YIGV groove.
doi:10.1371/journal.pone.0055416.g007
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orthosteric ligands that include more diversity, less toxicity and

absolute subtype selectivity [32,33]. Therefore, designing suitable

SBP binding peptides or peptidomimetics of HtrA2 might be an

excellent approach to modulate HtrA2 functions for devising

therapeutic strategies against various diseases it is associated with.

Materials and Methods

Loop Modeling and Site Prediction
Crystal structure of HtrA2 (PDB ID: 1LCY) [4] obtained from

Protein Data Bank [34] has missing N-terminal residues (AVPSP)

and two flexible regions (211RGEKKNSSSGISGSQ 225 and
149ARDLGLPQT 157). These missing structures were modelled

and loops were refined using Prime 3.0 (Schrödinger, LLC, New

York, 2011). which was later subjected to molecular dynamics

simulation for 5 ns with GROMACS, version 4.5.1 [17] to obtain

the lowest energy structure of HtrA2. The binding sites were then

predicted using SiteMap 2.5 (Schrödinger, LLC, New York, 2011).

Out of 5 pockets predicted, the site that scored the best based on

its size, hydrophobic and hydrophilic characters, degree to which

ligand might donate or accept hydrogen bonds and exposure to

solvent was selected for further analysis. This site selective binding

pocket (SBP) encompasses PDZ-protease interface with the

involvement of hinge region and a part of PDZ domain (Table 1).

Peptide Designing and Molecular Docking
Based on properties of amino acids lining the binding site,

fragment docking (Glide XP, Schrödinger, LLC, New York, 2011)

[35] approach was used to dock 20 amino acids and 8 functional

group replicas (N-methylacetamide, methanol, phenol, benzene,

propane, acetate ion, methylammonium, methylguanidinium) at

SBP [36]. Based on properties of the amino acids that form SBP,

replicas were chosen and were used for generating fragments in

combinations of four as shown in Table S1. Combine Fragment

tool (Schrödinger, LLC, New York, 2011) was used to join the

Figure 8. Allosteric model for HtrA2 protease activity. The substrate protein binds to relatively exposed part of SBP due to inaccessibility of
the YIGV groove which triggers opening up of the PDZ domain. This reorientation makes the YIGV groove accessible for substrate interaction and the
PDZ of a subunit moves closer to the protease domain of the adjacent subunit leading to formation of a proper active site and oxyanion hole. This
complex allosteric signal propagation leads to subsequent substrate binding and catalysis at the active site pocket. Thus structural perturbations at
these two distant sites (SBP and catalytic pocket) might be dynamically coupled to the canonical peptide binding groove through a complex
allosteric mechanism.
doi:10.1371/journal.pone.0055416.g008
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fragments which were docked at SBP with three major filtering

options (bond angle deviation 5 degrees, atom-atom distance 1 Å

and fragment centroid distance 2.0). The set of replica functional

groups that displayed the best docking scores were used to build

the peptide. The amino acids Arg, Ser, Gln, Glu, Asp, Asn, Thr,

Lys and their positions in tetrapeptide combination were chosen

based on the functional groups they resembled. Subsequently all

possible peptide combination of these amino acids with respect to

their relative positions were generated. The predicted tetrameric

peptides (Table S2) were selected and docked again with SBP.

In parallel, another mode of designing was used by identifying

signature peptides from literature which bind HtrA2 [19]. Initially

two peptides were chosen (GQYYFV and GGIRRV) and based

on the sequence similarity and hydrophobicity, stretches of

putative binding residues from two known binding partners of

HtrA2 were identified (GPFPIIV from C-terminal region of b-
casein and GSAWFSF, an internal motif of antiapoptotic Pea-15)

[37]. A putative HtrA2 binding pattern was designed based on

phage display library [21] which along with the earlier four

sequences was used to generate all possible peptide combinations.
Considering structural complementarity and three dimensional

arrangements of amino acids at SBP, Gly and Val residues were

added at N- and C-termini of some peptides to increase the

stability of the docked complex. A 10 mer peptide having the

sequence KNNPNNAHQN that does not match the consensus

SBP binding peptide pattern was used as a negative control. These

combinations were used for searching all possible sequences of

known and potential HtrA2 binding partners [38].

All designed peptides were built in silico using BREED

(Schrödinger, LLC, New York, 2011) and Combine Fragments

tools which were then prepared for docking using LigPrep 2.5

(Schrödinger, LLC, New York, 2011). After ligand preparation,

Confgen 2.3 (Schrödinger, LLC, New York, 2011) was used to

generate all possible energetically minimum conformers of the

designed peptides which were then docked using Glide [39,40].

In the modeled HtrA2 structure, energy minimization was done

using Protein Preparation Wizard 2.2 (Epik Version 2.2,

Schrödinger, LLC, New York, 2011) after addition of H-atoms.

Molecular Docking was initiated by preparing Grid file (input file)

which contains receptor (protein structure) and binding site

information (Prime output). All three precision methods which

include high throughput virtual screening (HTVS), standard

precision (SP) and extra precision (XP) [35] of Glide [39,40] were

used for docking these peptides on SBP. This series of docking

methods were used to filter out energetically less favorable peptide

conformers and get a subset of best possible peptides for further

studies.

MD Simulation (MDS) and Analysis
After analyzing the docking results, best HtrA2-peptide

complexes based on Glide XP score and E-model value were

used for Molecular Dynamic Simulation which was performed

using Desmond 2010 [22] software package. Optimized Potentials

for Liquid Simulations (OPLS) [41] all-atom force field was used

to analyze model stability. The protein structures were solvated

with Monte Carlo simulated TIP3P [42] water model with a 10 Å

buffer space from the protein edges in an orthorhombic box and

the system was then neutralized by replacing water molecules with

sodium and chloride counter ions. Similarly, unbound HtrA2

system was also developed as a control. Neutralization of systems

was done by adding 2 Na+ ions in unbound HtrA2 and 4 Na+ ions

for peptide bound complexes. The particle-mesh Ewald method

(PME) [43] was used to calculate long-range electrostatic

interactions with a grid spacing of 0.8 Å. Van der Waals and

short range electrostatic interactions were smoothly truncated at

9.0 Å. Nose–Hoover thermostats were utilized to maintain the

constant simulation temperature and the Martina–Tobias–Klein

method was used to control the pressure [44]. The equations of

motion were integrated using the multistep RESPA integrator [45]

with an inner time step of 2.0 fs for bonded interactions and non-

bonded interactions within the short range cut-off. An outer time

step of 6.0 fs was used for non-bonded interactions beyond the cut-

off. These periodic boundary conditions were applied throughout

the system.

These prepared systems were equilibrated with the default

Desmond protocol that comprises a series of restrained minimiza-

tions and MDS. Two rounds of steepest descent minimization

were performed with a maximum of 2000 steps and a harmonic

restraint of 50 kcal/mol/per Å2 on all solute atoms followed by

a series of four MDS. The first simulation was run for 12 ps at

a temperature of 10 K in the NVT (constant number of particles,

volume, and temperature) ensemble with solute heavy atoms

restrained with force constant of 50 kcal/mol/Å 2. The second

simulation was similar to the first except it was run in the NPT

(constant number of particles, pressure, and temperature) ensem-

ble. A 24 ps simulation followed with the temperature raised to

300 K in the NPT ensemble and with the force constant retained.

The last one was a 24 ps simulation at 300 K in the NPT

ensemble with all restraints removed. This default equilibration

was followed by a 5000 ps NPT simulation to equilibrate the

system. A 30 ns NPT production simulation was then run and

coordinates were saved in every 2 ps of time intervals.

The total trajectory of MD simulation was 30 ns. MD

Simulation was analyzed using the analytical tools in the Desmond

package. In MD quality analysis, potential energy of the protein as

well as total energy of the entire system was calculated. The lowest

potential energy conformations were then used for comparative

analysis of peptide bound and unbound structures. Trajectories of

peptide bound complexes and unbound HtrA2 were then

compared based on their overall calculated RMSD (root mean

square deviation), domain wise RMSD and RMSF (root mean

square fluctuation) values and were plotted using GraphPad Prism

5.0 (GraphPad Software, San Diego, CA, USA).

Production of Recombinant HtrA2 Wild Type, its Mutants
and Domains
Mature (D133 HtrA2) with C-terminal his6-tag in pET-20b

(Addgene, Cambridge, MA) was expressed in E. coli strain BL21

(DE3) pLysS. N-SPD, comprising N-terminal and serine protease

domains (residues 1–210) of HtrA2 was sub cloned into

pMALc5E-TEV using appropriate primers. Point mutations were

introduced into pET-20b D133 HtrA2 by PCR using primer sets

that included mutations for residues N216A, S219A, E292A,

E296A and F16D. N-SPD clone and these mutants were

confirmed by DNA sequencing. Protein expression was induced

by culturing cells at 18uC for 20 h in presence of 0.2 mM

isopropyl-1-thio-D-galactopyranoside. Cells were lysed by sonica-

tion and the centrifuged supernatants for HtrA2 and its mutants

were incubated with pre-equilibrated nickel-IDA beads for 1 h at

room temperature. Protein purification was done using Ni-affinity

chromatography as described earlier [19]. Eluted protein was

further purified using gel permeation chromatography. N-SPD

was purified using amylose resin where the bound protein was

eluted using 10 mM maltose and was subjected to TEV protease

cleavage [46] to remove maltose binding protein (MBP). N-SPD

was further separated from MBP by gel filtration using Superdex

75 column. All purified proteins were analyzed by SDS-PAGE for
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purity. The fractions with .95% purity were stored in aliquots at

280uC until use.

FITC-b-Casein Cleavage Assay
The proteolytic activity of wild type and the mutants were

determined using FITC-labelled b-casein cleavage assay [47].

Fluorescent substrate cleavage was determined by incubating

200 nM of enzymes with increasing concentration (0–25 mM) of b-
casein at 37uC in cleavage buffer (20 mM Na2HPO4/NaH2PO4,

pH 8.0, 100 mM NaCl, 0.1 mM DTT). Fluorescence was

monitored in a multi-well plate reader (Berthold Technologies)

using excitation wavelength of 485 nm and emission at 545 nm.

Reaction rates v0 (mM/min) were determined by linear regression

analysis corresponding to the maximum reaction rates for

individual assay condition. Assays are representative of at least

three independent experiments done in triplicate. The steady-state

kinetic parameters were obtained from the reaction rates by fitting

data to Michaelis-Menten equation using nonlinear least squares

subroutine in KaleidaGraph program (Synergy software).

Supporting Information

Figure S1 Interaction of peptides with HtrA2. a. Ligplot
for GSAWFSF with HtrA2 which represents residues involved and

the nature of interactions. b. Ligplot for GQYYFV interaction

pattern with HtrA2. c. Ligplot for GPFPIIV with HtrA2 which

represents residues involved and the nature of interactions. d.

Ligplot for SEHRRHFPNCFFV peptide with HtrA2 which

represents residues involved and the nature of interactions. The

residues of peptides and HtrA2 involved in interaction are shown

in blue and red respectively.

(TIF)

Figure S2 Comparison of SBP and allosteric pocket of
GRIP-1 protein. Structural overlay of the protein GRIP-

1(green) bearing PDB ID 1M5Z and GQYYFV bound HtrA2

(pink) shows striking resemblance of the orientation of buried

GLGF motif shown in yellow and blue respectively. The a helix

denoted as aB (green) for GRIP-1, known to be involved in

formation of allosteric pocket overlays very well with the one

involved in SBP formation (orange) in GQYYFV (red sticks) -

HtrA2 complex.

(TIF)

Figure S3 ITC studies for activating peptide with HtrA2
and the SBP double mutant. The peptide used was 13mer

SEHRRHFPNCFFV, which has similar consensus sequence as

defined for PDZ peptide groove binding substrate. The peptide

was better in terms of solubility as compared to other activating

peptides and binding studies were done using Isothermal titration

calorimetry. The titrations were carried out using Micro Cal

ITC200 (GE Healthcare) with the calorimetry cell containing

200 ml of wild type or N216A/S219A mutant HtrA2 in 20 mM

Na2HPO4/NaH2PO4 buffer, 100 mM NaCl, pH 7.8. The

concentration of protein was in range from 20 to 50 mM and

was titrated with 1.5 ml injections of a solution containing 0.4 mM

activator peptide reconstituted in the same buffer. To correct the

effect of heat of dilution, a blank injection was made under

identical conditions. All experiments were performed at 25uC and

the data was analyzed using the manufacture provided MicroCal

software with the integrated heat peaks fitted to a one site-binding

model. Simulated ITC raw data for the protein with the activating

peptide is represented in the upper panel and the integrated data

in the lower panel. The dissociation constant was calculated to be

7.5 mM for wild type (left panel) and no significant heat change

was observed for the SBP double mutant (right panel).

(TIF)

Table S1 Docking analysis of replica fragments with
HtrA2. The fragments have been arranged according to their

docking scores.

(DOC)

Table S2 Designed peptide fragments. Fragments of

peptide combinations generated based on functional group studies

have been enlisted.

(DOC)

Movie S1 Orientation of active site triad and oxyanion
hole formation during MD simulation of HtrA2-peptide
complex. From this visual representation of HtrA2 peptide

(GSAWFSF) complex during MD simulation it can be seen that

the catalytic triad residues H65, D95, S173 reorient to form an

active conformation along with oxyanion hole residues (N172,

G171 and F170). All the residues involved are represented as

sticks. This movie shows proper active site and oxyanion hole

formation.

(AVI)
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a b s t r a c t

HtrA (High temperature requirement protease A) proteins that are primarily involved in protein quality
control belong to a family of serine proteases conserved from bacteria to humans. HtrAs are oligomeric
proteins that share a common trimeric pyramidal architecture where each monomer comprises a serine
protease domain and one or two PDZ domains. Although the overall structural integrity is well main-
tained and they exhibit similar mechanism of activation, subtle conformational changes and structural
plasticity especially in the flexible loop regions and domain interfaces lead to differences in their active
site conformation and hence in their specificity and functions.

� 2011 Elsevier Inc. All rights reserved.
Introduction

HtrA1 proteins belong to a unique family of oligomeric serine
proteases (S1, chymotrypsin family) that are conserved from pro-
karyotes to humans. DegP or HtrA is the first one in the family to
be identified in Escherichia coli [1] which has a dual temperature
dependent chaperone-protease activity and is active in the peri-
plasm of the bacterium. Later on its homologs have been identified
and studied in wide spectrum of organisms that include bacteria,
fungi, plants, frogs, fish and mammals [2]. HtrA proteases are well-
known for their structural complexity which is reflected in their
multi-tasking ability. The structure of the protease comprises a ser-
ine protease domain and one or more C-terminal PDZ or protein-pro-
tein interaction domains [2]. They usually form higher order
oligomers extending from �100 kDa trimer (as in human HtrA2) to
24-mers of 1.2 MDa as in DegP [3–9]. The chief role of E. coli DegP
is to degrade misfolded proteins in the periplasm [2]. However,
fine-tuning of the structural organization leads to functional diver-
sity amongst the family members although their overall structural
integrity is well maintained. All the HtrA proteases share a common
trimeric pyramidal architecture where each monomer comprises
two or three major domains [10] and exhibit similar mechanism of
activation. However, subtle conformational changes and variations
lead to differences in their active site conformation and hence in
ll rights reserved.

nced Centre for Treatment,
morial Centre, KS-138, Sector
2 27405080.

ment protease A; IGF, Insulin-
their specificity and functions. For example, HtrA proteins are in-
volved in a variety of biological functions and pathogenicity such
as protein quality control including photosystem II, in plants and
cyanobacteria [11], unfolded protein response (UPR), cell growth,
apoptosis, arthritis, cancer and metabolism of amyloid precursor
proteins [12–15]. Here, in this review we look into this intriguing as-
pect with the focus on all HtrA proteins whose structures are cur-
rently available in the literature.

Representative HtrA family of serine proteases: structural and
functional perspectives

Given their unique structural conservation despite overall low
sequence identity (Fig. 1A) and involvement in critical cellular
functions, plethora of research has been carried out on HtrA family
of serine proteases in the past decade leading to identification and
characterization of HtrA proteins in different organisms. Several
members of the HtrA family belong to the same organism although
they might reside in different cellular compartments as shown in
Table 1. Out of these several proteins, structures of some of them
have been solved which provide an in-depth understanding of
their overall domain organization (Fig. 1B), structural architecture
and correlation between conformational dynamics and functional
diversity.
Prokaryotic HtrAs

DegP: dual chaperone-protease activity

E. coli DegP (also called HtrA or protease Do), a periplasmic heat
shock protease, maintains protein homeostasis in the bacterial

http://dx.doi.org/10.1016/j.abb.2011.10.007
mailto:kbose@actrec.gov.in
http://dx.doi.org/10.1016/j.abb.2011.10.007
http://www.sciencedirect.com/science/journal/00039861
http://www.elsevier.com/locate/yabbi


Fig. 1. (A) Multiple sequence alignment of the HtrA family of serine proteases. Identical residues across the protein family are marked in yellow and similar residues in
magenta. The loops LA, L1, L2, and L3 are indicated above the respective regions. (B) Schematic representation of the domain organization of HtrA protein family. The protease
domain is in green, PDZ1 and PDZ2 domains in yellow and red respectively, SS (signal sequence) is shown as blue triangles, Tm (transmembrane domain) as brown squares,
IGFBP (Insulin-like growth factor binding) in orange, and KI (Kazal protease inhibitor domain) as purple pentagon. In the figure, Ec represents Escherichia coli, Lf: Legionella
fallonii, Tm: Thermotoga maritima, h: Homo sapiens, Mt: Mycobacterium tuberculosis and At: Arabidopsis thaliana.

86 N. Singh et al. / Archives of Biochemistry and Biophysics 516 (2011) 85–96
periplasm by combining chaperone and protease activity in an
ATP-independent, temperature dependent manner [1,16]. DegP de-
grades or refolds misfolded and aggregated proteins, thereby pro-
tecting the bacterial envelope from their detrimental effects and



Table 1
Representative HtrA family of serine proteases.

Organism Representative proteases No. of amino acids PDB ID Sub cellular localization

Escherichia coli DegP 355 1KY9 Cell envelope
DegS 448 1TE0 Periplasmic space
DegQ 428 3STI Periplasmic space

Cyanobacteria (Synechocystis sp6803) HtrA (slr1204) 452 NA Cell outer membrane
HhoA (hhoA, sll1679) 394 NA Periplasm
HhoB (hhoB, sll1427) 416 NA Predicted to target the periplasm

Thermotoga maritima HtrA 459 1L1J Periplasmic space
Legionella fallonii DegQ 451 3PV2 Periplasmic space
Mycobacterium tuberculosis HtrA1 (RV1223) 528 2Z9I Intermembrane space

HtrA2 (RV0983) 464 NA Periplasm
HtrA3 (RV0125) 355 NA Periplasm

Arabidopsis thaliana Deg1 (At3g27925) 439 3QO6 Attached to the luminal side of thylakoid membrane
Deg5 (At4g18370) 323 NA
Deg8 (At5g39830) 434 NA
Deg2 (At2g47940) 606 NA Attached to the stromal side

Homosapiens HtrA1 480 3NUM Secreted
HtrA2 458 1LCY Mitochondrion intermembrane space
HtrA3 453 NA Secreted
HtrA4 445 NA Unknown

NA – Not available.

Fig. 2. Ribbon plot of the active site loop orientation in inactive DegP6 (PDB ID: 1KY9) and active DegP24 (PDB ID: 3CS0). (A) In hexameric DegP, the loops L1 (yellow), L2 (red)
and neighboring subunit LA⁄ (blue) together hinder the substrate accessibility to the catalytic triad (represented in stick mode). (B) In DegP24, L1 and L2 reorient to form an
active conformation with LA loop positioned away from active triad. (C) Schematic model of DegP activation. Substrate binding induces an oligomeric switch from inactive
hexamer to an active state 24-mer.
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plays an essential role in bacterial survival under stressful condi-
tions [17]. While the protease activity ensures that unfolded peri-
plasmic proteins are degraded, recent evidence suggests that the
outer membrane proteins are protected in the periplasm via its
chaperoning activity [15].
Architecture of DegP
The DegP monomer contains an N-terminal chymotrypsin like

serine protease domain (residues 1–259) and two PDZ domains
(PDZ1, residues 260–358; PDZ2, residues 359–448). The X-ray
structure revealed that DegP oligomerizes into a hexameric cage



Fig. 3. (A) Comparison of the protease domain in inactive trimer versus active
dodecamer of E. coli DegQ. Structural alignment of inactive (light blue) and active
(green) protease domains highlights the conformational changes occurring in
mechanistically important loops L1 (yellow), L2 (orange) in inactive versus L1
(purple) and L2 (magenta) of active protease. In dodecameric form, loops L1 and L2
adopt ordered conformations as opposed to disordered L1 and L2 in the trimeric
form (PDB ID. DegQ3: 3STI and 3STJ for DegQ12). (B) Activation model of E. coli DegQ.
An equilibrium shift from a trimer to dodecamer on substrate binding renders the
protease active.
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with a central chamber containing the sequestered proteolytic
sites [4]. Both the top and bottom of the cage are constructed by
six protease domains, whereas 12 PDZ domains generate the mo-
bile side-walls. Three spacing pillars, each made up of two inter-
twined LA loops extending from opposite monomers connect this
loosely bound dimer of tight trimers. The PDZ domains extend out-
ward from the ends of the cage and interact with each other thus
acting as the main gatekeepers of the inner chamber [18]. In addi-
tion, each LA loop extends beyond the pillar it is forming and pro-
trudes into the active site of the opposite trimer where it interacts
with its active site loops L1 and L2. The resulting loop triad LA⁄-L1-
L2 completely blocks the entrance to the catalytic site forcing it
into a twisted inactive conformation (Fig. 2A). Therefore, the hex-
americ form of DegP constitutes an inactive state of the protein
where substrate binding and catalysis is prevented [4].

Structural basis of functional oligomeric forms: DegP12 and DegP24

In 2008, two independent groups, Krojer et al. and Jiang et al.
presented the structures of novel forms of DegP that oligomerize
into 12-mer (DegP12) and 24-mer (DegP24) globular cages in the
presence of substrates. In DegP24, the trimers are located at the
vertices of an octahedron forming a porous shell that encloses a
large inner cavity with a diameter of 110 Å. Interaction between
neighboring trimeric units is mediated through pairwise inter-tri-
mer PDZ1-PDZ2 interactions. In the DegP12, the four trimeric units
arrange in a tetrahedral shell also enclosing a central cavity.

The cascade of events that follows when substrate binding in-
duces change in the oligomeric state of DegP include conforma-
tional rearrangement of the linker between PDZ1 and PDZ2,
destabilization of hexamer, its dissociation and finally formation
of functional 12-mer or 24-mer cages (Fig. 2B). In this new confor-
mation, the otherwise flexible PDZ domains become immobilized
as PDZ1 interacts with protease loop L3. This interaction stabilizes
the active site through inter-molecular interaction thus re-model-
ling the proteolytic site into an active state [19]. Inter-trimeric
interactions in these larger oligomers are further facilitated be-
cause substrate binding induces displacement of a polar surface
in PDZ1 leading to the exposure of a hydrophobic cleft in this do-
main. This enables it to now interact with a complementary hydro-
phobic patch on the surface of PDZ2 of an adjacent trimer [20].

In DegP12 and DegP24, the catalytic sites are in an active confor-
mation. This is due to higher order oligomerization of the hexamer
that leads to movement of loop LA away from the active site of the
neighboring subunit. This consequently releases loops L1 and L2 to
set up a functional proteolytic site as shown in Fig. 2C [3,5]. Once
the substrate is cleaved, DegP12 and DegP24 cages either revert to
their inactive hexameric forms or undergo auto-proteolysis stimu-
lated by peptides resulting from substrate hydrolysis. This show-
cases a self-regulatory mechanism of DegP to eliminate excess of
HtrA produced under stress conditions once its enzymatic activi-
ties are no longer needed by the cell [21,22].

Functional implications – antagonistic functions of inner chamber
DegP hexamer functions as a substrate filter by allowing only

unfolded proteins to enter its inner cavity. These unfolded protein
substrates assemble the chaperone-protease machine into a final
higher order oligomeric complex of 12 or 24-mers [23]. The inner
cavity has dual antagonistic functions of folding as well as proteol-
ysis. The fate of an encapsulated substrate depends on its initial
folding state as well as its propensity to adopt native conformation
fast enough to escape the proteolytic machinery of DegP [5].

DegP cleaves its substrate processively by employing hold-and-
cut mechanism. For this, a molecular scale is set up by the peptide
binding site of PDZ1 and protease domain which exhibit strikingly
similar substrate specificities. Both these sites anchor small hydro-
phobic residues at the C-terminus of the ligand by b-sheet aug-
mentation. This synchronization between substrate binding and
anchoring enables the PDZ domains to capture peptide fragments
released from the proteolytic sites via their newly generated C ter-
mini and to prepare them for the next cleavage cycle. Thus DegP
undergoes allosteric activation by a ligand which also acts as its
potential substrate [24].

DegQ: functional complement of DegP

Another periplasmic protease DegQ of E. coli also known as
HhoA [25,26] shows considerable sequence similarity to and
exhibits functional overlap with its homolog DegP. DegQ is about
455 amino acids long and shares 60% sequence homology with
DegP. It is capable of rescuing temperature sensitive DegP� strain
[25]. Like DegP�, it has two PDZ domains and cleaves its misfolded
protein substrates and thereby, is capable of functionally comple-
menting DegP under certain conditions.

Oligomeric assembly
The catalytically active DegQ forms a higher order oligomer

comprising 12 monomeric subunits [2]. It has been observed that
substrate binding leads to formation of higher order oligomers in
a concentration dependent manner. Lower substrate concentration
leads to formation of a dodecamer, while 24-mer DegQ structure is
formed with increasing substrate concentration. PDZ2 is mainly
responsible for inter-trimeric contacts but is not essential for main-
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taining protease activity. This is due to the observation that upon
PDZ2 deletion, oligomerization of DegQ is limited to a dodecamer
although the substrate cleavage activity remains unaffected [2].

Structural architecture of DegQ
Structurally DegQ is very similar to DegP. Crystal structure of

DegQ(PDZ2) shows a tetrahedral hollow cage-like 400 kDa dodeca-
meric structure where each trimeric ensemble is arranged at the
four corners of the tetrahedron [2]. The planar triangular trimeric
structures are connected to each other through an interaction
clamp mediated by the peripheral PDZ1 domains. Structure of
the DegQ variant comprising solely the protease domain reflects
the inactive state of the protein which lacks the interaction clamp
and hence is trimeric in nature. The greater flexibility of the loops
surrounding the active site in the trimeric protein leads to impro-
per formation of the active site pocket. However, in the dodeca-
meric protein, the loops are held more tightly in place leading to
a different conformation of the active site where the catalytic triad
(His82, Asp112 and Ser187) is poised for catalysis (Fig. 3A). The
loop L3 interacts with PDZ1 and orients the catalytic site for sub-
strate binding and catalysis. Substrate binding at PDZ1 leads to
the shifting of the trimer-dodecamer equilibrium towards the lat-
ter by stabilizing the higher order oligomeric structure (Fig. 3B).
This leads to formation of a proper active site and enhancement
of the protease activity by several folds. Thus, a disorder to order
transition regulates DegQ activity [2].

Functional implications
DegQ is most active at acidic pH the maximum being around pH

5.5 suggesting it functions as a pH-sensitive protease in the bacte-
Fig. 4. (A) Structural alignment of inactive and active DegS protease domain. In inac
(represented by stick) is unavailable for nucleophilic attack and the loop L2 (blue) that
1SOZ) (green) shows properly positioned triad and substrate specificity loop L2 (red). (B)
and the PDZ domain of peptide free DegS (1TE0). R178 of protease domain (green) pair
conformation. (C) Inter subunit interaction in peptide bound DegS (PDB ID: 1SOZ). Residu
establish an interaction with loop LD⁄ (red) of neighboring protease domain (light blu
activation. Allosteric reversible activation of homotrimer is achieved by binding of the OM
protease domains, which then induce a conformational rearrangement to form a catalyt
rial cell envelope. This property is required by E. coli to provide ini-
tial proteolytic response to pH-mediated protein misfolding [27].

DegS: tightly regulated sensory protease

DegS, periplasmic stress sensor, is a highly specific and tightly
regulated sensory protease of E. coli. Binding of unfolded outer
membrane porin (OMP) peptides to DegS initiates a proteolytic
cascade that cleaves transmembrane protein (RseA) thereby acti-
vating rE-envelope stress response pathway [28–30].

Structural assembly
Like other members of HtrA family, DegS is a highly stable trimer

having an extensive hydrophobic interaction network mediated by
serine protease domains of different monomers. The protease do-
main consists of two perpendicular b-barrel lobes with the catalytic
triad (His96, Asp126, and Ser201) located in the crevice between
these lobes. This particular arrangement allows forming a fairly ex-
posed active site assembly that is freely accessible to the periplas-
mic space. In contrast to the other HtrA proteases, where rigid
protease domain is joined to a highly mobile PDZ domain, the rela-
tive position of the PDZ and protease domains in DegS is fixed by an
extended C-terminus. This precise orientation of PDZ appears to be
crucial for the regulation of its activity [9].

The crystal structure of the unliganded form of DegS shows that
the proteolytic site exists in an inactive state, in which substrate
binding as well as catalysis is prevented. This loss of activity is
due to interaction of Ser201 with Asn94 as opposed to classical
Ser201, His96 interaction for nucleophilic attack leading to a mal-
formed oxyanion hole as shown in Fig. 4A.
tive DegS (PDB ID: 1TE0) (light pink), the active site serine in the catalytic triad
forms the specificity pocket is highly disordered. However, an active DegS (PDB ID:

Ribbon diagram representing the intra molecular interaction between the protease
s with E317 and D320 of PDZ domain (light orange) to stabilize the inactive DegS
e R178 of loop L3 (represented by stick) on peptide binding, reorients itself so as to
e) ultimately forming an active site conformation. (D) Schematic model of DegS
P peptides to the PDZ domain thus, relieving inhibitory contacts between PDZ and

ically active protease.
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Mechanism of activation and functional implications
The earlier model of DegS activation proposed by Clausen and

co-workers [19] suggested that in absence of protein folding stress,
the PDZ domain plays an inhibitory role by directly capturing loop
L3 thus preventing its interaction with activation loop LD⁄ of the
neighboring subunit. Upon peptide binding, loop L3 re-orients it-
self to interact with LD⁄ thereby remodelling the activation domain
with a functional catalytic triad, oxyanion hole and substrate spec-
ificity pocket. It has been shown that the penultimate residue of
the peptide contacts the protease domain to trigger formation of
the functional active site. Therefore, in DegS, PDZ is not a simple
protein-protein interaction domain but rather performs a novel
regulatory function by sensing the misfolded OMPs in the peri-
plasm and transferring an activation signal to the protease domain.

Recent data from Sauer’s group, however, contradicted this
model stating that the penultimate residue of the peptide is not
the principal determinant of DegS activation but rather plays a role
in defining affinity for DegS. Accordingly, they proposed that the
non-functional DegS conformation in the unbound form is stabi-
lized by the interaction between the regulatory PDZ and protease
Fig. 5. (A) Ribbon diagram of Tm HtrA protease domain (PDB ID: 1L1J). A short helical lid
(represented by stick model) thus rendering it inactive. (B) Temperature dependent activ
of substrate to the active site while at high temperature, helical lid flips off exposing the
DegQ. Ribbon diagram of the superimposed protease domain of inactive (light pink) and
loops L1 and LD. The catalytic triad is shown in stick model (yellow in active and mage
trimeric Lf DegQDPDZ2 (PDB ID: 3PV4) and active dodecameric DegQ (PDB ID: 3PV3).
protease domain of the dodecamer (green). The PDZ2 domain of Lf DegQ12 is not shown.
might lead to re-association of the trimers to form a 12-mer structure thereby tra
preassembled dodecamer.
domains [28]. The OMP peptide binding then shifts the equilibrium
from an inactive/disordered state to an active/ordered state which
involves Arg178 of loop L3 mediating this allosteric switch. In unli-
ganded DegS, Arg178 of protease domain forms ion pairs with
Glu317 and Asp320 of PDZ domain (Fig. 4B), but in liganded DegS,
it makes necessary contacts with LD⁄ and Gln191 forming a stable
active site conformation as shown in Fig. 4C [31,32].

Thus, DegS resembles a classical allosteric enzyme where pep-
tide binding to PDZ domain causes proteolytic activation that is
reversible (Fig. 4D), allowing cells to rapidly respond to various
stress in a flexible manner.

Thermotoga maritima HtrA: a DegQ homolog

Protein quality control in Thermotoga maritima (Tm), a hyper-
thermophilic bacterium, is undertaken alone by a DegQ homolog,
HtrA that performs dual roles of a molecular chaperone and a pro-
tease in temperature dependent manner [33]. This activity of Tm
HtrA seems to be essential for bacterial thermotolerance and for
cell survival at extreme temperatures [1].
(red) formed by loop LA in the protease domain (green) blocks the catalytic residues
ation model of Tm HtrA. At low temperature, the short helix hinders the accessibility

active site for catalysis. (C) Structural plasticity of the active site in dodecameric Lf
active (green) DegQ12 highlighting the difference in the orientation of the activation
nta in inactive) in the two protease forms. (D) Superimposed structure of inactive
The PDZ1 of the trimer (purple) is rotated by approximately 180� relative to the
(E) Schematic model of Lf DegQ activation. The rearrangement of the PDZ1 domain

pping the substrate either during re-association or through its interaction with
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Structural architecture and mechanism of activation
The crystal structure of Tm N-terminal protease domain (PD) re-

vealed that it retains both the proteolytic and chaperoning activity
[33]. The resting state of Tm HtrA PD is a trimer as compared to the
hexameric E. coli HtrA. The main difference lies in the size and con-
formation of loop LA which in E. coli HtrA, interacts with the oppo-
site subunit to form a dimer of loosely attached trimers while in Tm
HtrA, the loop LA is very short and forms a helical lid that covers
the active site rendering it inactive (Fig. 5A).

Compared to other HtrA and DegQ homologs, Tm HtrA has a
higher sensitivity towards temperature dependent changes. At ele-
vated temperature, movement of the helical lid exposes the active
site (Fig. 5B) resulting in enhanced proteolytic activity [34]. How-
ever, little or no information is available on how the resting state of
Tm HtrA mediates chaperone activity. Structure determination in
presence of PDZ domain might shed more light on the interplay
of the dual mechanism of this DegQ homolog.

Legionella fallonii, DegQ: functional complement of E. coli DegP

Many bacterial genome encodes only DegQ (an analog of E. coli
HtrA-DegP) to maintain protein homeostasis in the periplasm. Like
DegP, it consists of an N-terminal protease domain and two C-ter-
minal PDZ domains (PDZ1 and PDZ2). This structural similarity
puts forth a question whether DegQ could replace the resting hex-
americ DegP to deal with the protein folding stress in periplasmic
space of the cell. Hansen and co-workers, for the first time, re-
ported the oligomeric structure of DegQ and its variants from
Legionella fallonii (Lf) and proposed the mechanistic model of acti-
vation and regulation of this homolog [35].

Structural determinants of Lf DegQ3 and DegQ12

The structures of the dodecameric form of Lf DegQ in the unli-
ganded and liganded forms have been solved [35]. The dodecamer
represents the protease-active form of Lf DegQ, while the chaper-
one-like activity is independent of DegQ12 formation. Loop LA (crit-
ical for formation of higher order oligomer in E. coli DegP) deletion
does not affect formation of the dodecamer in solution. However, a
variant with deleted PDZ2 forms an inactive trimer, pinpointing
the importance of PDZ2 in oligomerization. PDZ2 simultaneously
interacts with three adjacent trimers via contacts to two PDZ2,
one PDZ1, and one protease domain establishing a tightly intercon-
nected stable network to form a dodecameric structure. In the unli-
ganded dodecamer, the S1 specificity pocket is distorted with
malformed oxyanion hole. However, upon ligand binding, it forms
a distinctively arranged catalytic triad (S193, H84, and D114) and
well-formed oxyanion hole representing the active conformation
of the protease (Fig. 5C).

A small fraction of Lf DegQ is present as DegQ3, the active site of
which is freely accessible to the substrates for proteolysis. This
could have led to uncontrolled degradation of the periplasmic pro-
teins. However, crystal structure of DegQDPDZ2, a trimer, reveals
that PDZ1 is rotated 180� relative to protease domain placing it
opposite to active site as shown in Fig. 5D and thereby restricting
the access to the active site and its proteolytic activity [35].

Working model of activation and regulation

Hansen and co-workers presented the activation model of Lf
DegQ based upon their crystallographic, biochemical and muta-
genic data [35] which corroborated with the activation mechanism
described earlier in this review for E. coli DegS [32] and DegP24 [5].
Briefly, in the absence of the substrates, the protease is in an inac-
tive conformation. Upon substrate binding, disorder-to-order tran-
sition of the loops L3, LD, L2 and L1 triggers the activation cascade
forming proteolytically active protease. However, there are still
several unanswered ends to this chaperone-protease complex that
need further investigation. Firstly, how do DegQ3 acts as a chaper-
one although it does not form a higher order oligomer as normally
observed in HtrA proteins (such as DegP) with chaperoning func-
tions? Secondly, the details of the allosteric control in activation
of DegQ and the factors that determine the fate of the substrates
need to be elucidated.

Mycobacterium HtrAs

Apart from Gram negative bacteria, HtrA homologs are also
present in Gram positive mycobacterium where they have been
shown to be important for virulence [36–38]. In M. tuberculosis
(Mtb), three genes encode HtrA serine proteases: RV1223 (HtrA1),
RV0983 (HtrA2), and RV0125 (HtrA3). Mtb HtrA1 forms integral
part of the transmembrane [39] while the localization of other
two proteases is still unclear.

Mtb HtrA2: a constitutively active protease
Although three HtrA proteins have been identified in Mtb, struc-

ture of only HtrA2 at 2.0 Å resolution has been determined while
the other two are not very well characterized. Uniqueness of Mtb
HtrA2 lies in the fact that it is constitutively active with a well
formed active-site and oxyanion hole. Like E. coli DegP, it can act
both as a chaperone and a protease [7].

Structural architecture and functional implications
Recently, the crystal structure of Mtb HtrA2 has been solved by

Sacchettini and co-workers [7], providing the first evidence of
structural and physiological significance of the protease. Like other
HtrAs, the N-terminus consists of a protease domain followed by a
single PDZ domain at the C-terminal end. The catalytic triad com-
prises Ser317-His197-Asp236 that is situated at the center of the
protease domain and is freely accessible to the solvent. The struc-
tural data shows presence of two auto-proteolyzed products, one
bound to the substrate binding pocket and the other to the peptide
binding groove in PDZ. The latter establishes a network of non-
bonded interactions with loop L3 and reorients it so as to make
contacts with loop LD⁄ of the neighboring subunit, which conse-
quently leads to formation of proper active site (Fig. 5E). Hence,
this might be one of the plausible causes of Mtb HtrA2 being natu-
rally active [7]. Thus, unlike E. coli DegP and DegS, Mtb HtrA2 is a
constitutively active protease [5,9].

Despite the absence of higher oligomeric forms as seen in E. coli
DegP, Mtb HtrA2 has the ability to act as a chaperone protein. This
might be due to the presence of a shorter LA loop as compared to
that in E. coli DegP. It has also been observed that the deletion of
HtrA2 gene leads to attenuated virulence in a mouse model of TB
[7]. Hence, extensive analysis needs to be carried out to understand
the auto regulatory mechanism that controls the protease and
chaperone activities required for HtrA-associated virulence of Mtb.
Eukaryotic HtrAs

Plant protease Deg1: pH sensor protease

Plant HtrA homologs of Arabidopsis thaliana (Deg1, Deg2, Deg5,
Deg7 and Deg8) are localized in the chloroplast and play important
roles in maintenance of the photosynthetic machinery [11,40].
These HtrAs sense photodamage caused to D1 subunit of photosys-
tem II (PS II) by reactive oxygen species generated across the thy-
lakoid membrane during the solar energy driven electron transfer
[41–43]. Thus these plant proteases form a part of the protein qual-
ity control system in the thylakoid membrane by acting as chaper-



Fig. 6. (A) Hexameric structure of Deg1 (PDB ID: 3QO6). Ribbon structure of active
hexameric Deg1 formed by immobilized PDZ domains through multiple inter-
subunit contacts between loop LA and interaction clamps (IC) 1 and 2. The protease
domain is shown in pink and PDZ domains from the same and opposite monomers
are shown in light blue and green respectively, loop LA in red, IC1 and 2 in blue and
yellow respectively. (B) Schematic model of Deg1 activation. pH dependent
oligomeric switch converts the inactive trimer into an active hexameric form for
subsequent proteolysis.
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ones during assembly of PS II and as proteases during degradation
of damaged photosystem centers [44,45]. Of these HtrAs, Deg1 is
the best characterized member of this plant protease family. Re-
cently Clausen and co-workers [46] solved the crystal structure
of Deg1 in its hexameric form providing insights into mechanistic
and physiological characteristics of this sensor protease.
Structural details and activation model
Deg1, like other HtrAs, is made up of a protease and a C-termi-

nal PDZ domains connected by a short linker segment. The cata-
lytic triad, which comprises His173, Asp203 and Ser282, is
situated between the two perpendicular b-barrel lobes of the pro-
tease domain. The unique feature of Deg1 PDZ domain is presence
of additional loop segments and interaction clamps (IC) 1 & 2 that
are critical for mediating the hexameric assembly. The hexamer is
stabilized through multiple interactions between protease (loop
LA) and PDZ domains (IC1 and IC2) that originate from neighboring
subunits of the opposing trimers thereby leading to immobilization
of the otherwise flexible PDZ domain (Fig. 6A).

The activation of protease Deg1 relies on proper positioning of
the PDZ domain that can further establish the intricate PDZ-L3-
LD⁄ interaction network and activate protease function. This is at-
tained by a pH-dependent switch in the oligomeric state of Deg1
(Fig. 6B). At a lower pH (pH 6.0), the protein is more predisposed
towards hexamer formation compared to when it is in pH 8.0
[46]. Hexameric form leads to subsequent enhancement of its pro-
teolytic activity [47] thereby signifying the importance of this olig-
omeric state.
Functional implications
The pH-dependent studies and extensive mutational analysis

along with the structural data envisioned the physiological rele-
vance of Deg1 in photosynthetic pathway. During daylight, the
photosynthetic proteins get damaged and the thylakoid membrane
acidifies leading to monomer-hexamer transition of Deg1. This
subsequently leads to the enhancement of Deg1 proteolytic activ-
ity which is required to maintain a quality check on the damaged
proteins. On the other hand, at night, the membrane is neutral thus
converting Deg1 back to its resting trimeric form [46]. Thus, Deg1
protease represents a novel pH-sensor involved in a functionally
diverse role in plant photosynthetic system.

Human HtrAs

Till date four human HtrAs have been identified, HtrA1 (L56,
PRSS11), [48,49], HtrA2 (Omi) [50,51], HtrA3 (PRSP) [52] and HtrA4
[53]. Among the HtrA homologs, structures of HtrA1 and HtrA2
have been solved. It has been observed that the N-terminus of all
human HtrAs comprise signal peptides as well as sections that
are identified as Insulin-like growth factor (IGF) binding and prote-
ase inhibitor domains [53]. While HtrA2 is the most well studied
member of the protease family, which is a mitochondrial protein
with proapoptotic property, lesser information is available on
HtrA1 that has been found to be associated with several diseases
such as arthritis, cancer, and Alzheimer’s disease [54–58]. How-
ever, very little information on HtrA3 and no information on HtrA4
are currently available [59]. HtrA3 is the closest homolog of human
HtrA1 and is found to be down regulated in ovarian cancer impli-
cating its possible role as a tumor suppressor [60]. However, fur-
ther studies are needed to identify its substrates and to
understand the role played by its PDZ domain.

Human HtrA1: PDZ-independent protease activation
HtrA1 is the first human homolog of DegP identified [48] that

shares highly similar trypsin-like serine protease domain and a
C-terminal PDZ domain with its other three human counterparts
(HtrA2, HtrA3 and HtrA4). It is ubiquitously expressed in normal
human adult tissues with an upregulation during pregnancy sug-
gesting its important role in placenta formation and embryogene-
sis [61,62].

Structural details and mechanism of action. Despite high structural
conservation in protease and PDZ domains, certain additional N-
terminal regulatory domains render specificity to HtrA1 functions
[63]. The N-terminal region of HtrA1 comprises a sequence for
secretion and two homology domains. The first domain is homolo-
gous to mac25, a gene product related to insulin-like growth fac-
tor-binding protein [64], and to follistatin, an activin-binding
protein [65], while the second one is similar to bacterial serine pro-
tease domain. Along with them a Kazal-type inhibitor motif is ob-
served as well [49].

Erhmann and co-workers solved the crystal structure of HtrA1
in both active and inactive forms so as to understand the underly-
ing mechanism of its mode of activation and the structural changes
and dynamics involved in the process [63]. HtrA1 is a trimeric pro-
tein which resembles a flat disk. The protease domain is made up
of two b-barrel lobes (b1–b6 and b7–b12) in which the active site
with the catalytic triad comprising His220, Asp250 and Ser328 is
embedded. Absence of activity in the inactive variant (S328A) of
HtrA1 can be attributed to the disordered arrangement of the acti-
vation loops (L1, L2 and LD) (Fig. 7A) which might have negated
proper formation of the active site pocket. The structure of the ac-
tive variant of HtrA1 (residues 158–480) comprising the serine
protease and PDZ domains has been solved with a covalently
bound synthetic inhibitor peptide DPMFKLboroV to the active site



Fig. 7. (A) Structural overlay of inhibitor bound active (PDB ID: 3NZI) and unbound
inactive (PDB ID: 3NUM) human HtrA1 protein. The unliganded protease domain
(light pink) shows disordered activation domain loops L1 (red) and L2 (magenta) as
compared to the ordered loops L1 (yellow) and L2 (blue) in the liganded protease
domain (green). The inhibitor is shown as blue stick. (B) Induced fit model for HtrA1
activation. Substrate binding to protease domain re-orients the loop L3 favoring the
formation of a catalytically active conformation. (C) Model for HtrA2 activation.
Substrate binding or increased temperature displaces the PDZ domain relieving its
inhibitory effect on the protease domain and thus leads to its activation.
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serine residue via its boronic acid group. The binding of the inhib-
itor molecule led to the stabilization of the active site and proper
positioning of the catalytic triad. The activation and sensor loops
showed significant conformational changes thus allowing forma-
tion of a well-defined activation pocket for efficient substrate bind-
ing and catalysis. Interestingly, the PDZ domain has been found to
be dispensable for substrate binding and catalysis which might be
due to the fact that unlike other HtrA proteins substrate directly
interacts with loop L3 and rearranges the active site (Fig. 7B). Here,
substrate-induced higher order oligomerization (up to 600 kDa)
has also been observed. However, the functional relevance of high-
er order oligomerization and autoactivation of the protein needs
further functional and structural analysis.

Functional implications. HtrA1 is a secreted serine protease with a
variety of targets most of which are extracellular matrix proteins
such as type III collagen, fibronectin and certain components of
cartilage [66–68] suggesting its role in promoting degeneration
of extracellular matrix components. Recent studies have identified
an intracellular substrate of HtrA1 (Tuberous Schlerosis Complex 2
Protein or TSC2) that is involved in cell growth and division [69].
Decrease in HtrA1 expression in melanomas, ovarian, and lung
cancers and the observation that its overexpression leads to de-
crease in cell proliferation suggests its probable role as a tumor
suppressor [70–73]. Thus, HtrA1 plays important physiological
roles and is also associated with diseases such as arthritis, cancer,
familial ischemic cerebral small-vessel disease, age-related macu-
lar degeneration and Alzheimer’s disease [54–58].

HtrA2: unique mitochondrial proapoptotic protease
HtrA2 (High temperature requirement protease A2) is the un-

ique mitochondrial human protease of the HtrA family with multi-
tasking ability. It shows significant sequence homology and
structural similarity to its bacterial counterparts DegP and DegQ.
HtrA2 has been first identified as an Inhibitor of Apoptosis (IAP)
binding protein as it has an IAP recognizing tetrapeptide AVPS mo-
tif similar to human Smac/DIABLO and Drosophila death proteins
Reaper, Grim, Hid and Sickle [74–76]. Later on however, Shi and
co-workers [77] found that it retains its proapoptotic property
even in absence of the N-terminal AVPS suggesting IAP binding is
not its primary function and the tetrapeptide motif is dispensable
for its proapoptotic activity. Proapoptotic property of HtrA2 is
manifested through its serine protease activity in both caspase
dependent and independent manner [78]. However, understanding
of its protease-cum-proapoptotic properties is limited to the few
numbers of substrates that have been identified so far including
Pea-15, Hax-1 and WARTS kinase [79–81]. A novel substrate bind-
ing process, domain plasticity, intricate interdomain networking
and complex trimeric structure are together responsible for its reg-
ulated protease activity and specificity, the mechanism of which is
yet to be fully elucidated.

Structural details and mechanism of action. HtrA2/Omi is expressed
as a 49-kDa proenzyme that is targeted primarily to the mitochon-
drial inner membrane space (IMS), [82,83] where it is attached
through its N-terminal transmembrane anchor. During maturation,
the first 133 amino acids from the N-terminus get cleaved, expos-
ing the tetrapeptide IAP binding motif (AVPS) [78,82–85]. The ma-
ture HtrA2 has a short N-terminal domain (19 residues) and well
defined serine protease and PDZ domains. The AVPS motif binds
to IAPs and relieves its inhibitory effect on caspase 9 [86]. Shi
and co-workers solved the crystal structure of mature form of inac-
tive HtrA2 at 2 Å resolution [77]. The protein is crystallized as a
pyramidal trimer (110 kDa) where each monomer comprises 7 a-
helices and 19 b-strands. The catalytic triad in HtrA2 includes
Ser306, His198 and Asp228 that creates a well-formed catalytic
pocket which is partially reflected in the inactive mutant of the
crystallized protein (Ser306 ? Ala). Unlike many other homologs
of HtrA2, it has a single PDZ domain which is required for initial
substrate binding at the hydrophobic YIGV groove. Based on the
mechanisms of activation of HtrA2 homologs and information from
its high resolution structure, a model has been developed by Li
et al. that suggest that substrate binding at YIGV leads to a huge
conformational change at the PDZ-protease interface. This confor-
mational change removes the inhibitory effect of PDZ from the ac-
tive site thus enhancing its activity (Fig. 7C). Unfortunately, the
flexible linker between the PDZ and protease domain has not been
observed in the structure and therefore further studies on its
dynamics are required to unambiguously prove the roles of the lin-
ker and PDZ in HtrA2 activation and specificity.

Although the crystal structure gives an overview of HtrA2’s do-
main architecture and overall mechanism of action, some impor-
tant questions still remain unanswered. It has been observed that
HtrA2 is proteolytically active only in its trimeric form and the
N-terminal aromatic residues are important for mediating the
intermolecular oligomerization network but how the structural
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rearrangement occurs in the active form upon trimerization is yet
to be elucidated. Moreover, PDZ binding and trimerization alone
are not the only ways of HtrA2 activation since N-terminal IAP
binding leads to HtrA2 activation and IAP cleavage as well
[78,87]. Thus, the structural rearrangements upon trimerization
and substrate binding at the protease domain that involves the
loops and the active site pocket need to be characterized. High res-
olution structures of the substrate-bound form of the trimeric pro-
tein as well as monomeric variant of HtrA2 need to be solved to
understand the role of trimerization and PDZ domain better. More-
over, further characterization of its mode of activation upon N-ter-
minal substrate binding will help establish a unified model of its
mode of activation and specificity.

Functional implications. HtrA2 has been found to be involved in
both caspase-dependent and independent apoptosis. Upon receiv-
ing apoptotic signal, HtrA2 is released in the cytosol, where it inter-
acts with IAPs through its N-terminal tetrapeptide (AVPS) motif
and relieves inhibition on upstream caspase-9. Furthermore, it
cleaves several anti-apoptotic proteins such as Pea-15 and Hax-1
in a caspase-independent manner [79,80]. Apart from its proapop-
totic functions, HtrA2 has been implicated in neurodegenerative
disorders such as Parkinsons and Alzheimers [88]. Although, liter-
ature suggests that HtrA2 might be upregulated during unfolded
protein response [89] further studies are needed to confirm its role
as a mitochondrial chaperone.
Fig. 8. (A) Structural alignment of the protease domains of HtrA proteases. The
overall structure of the protease domain in the HtrA proteins is similar with an
average r.m.s.d of 0.61 Å for Ca atoms. (B) Comparison between the oxyanion-hole
residues of the inactive (DegP6, HtrA2, HtrA1, and Deg1) and active forms (DegP24,
DegS, E. coli DegQ, HtrA1, and Deg1) of the HtrA proteases. The positions of residues
in the oxyanion hole are denoted as 0 for active site Ser, �1,�2, and �3 for the
preceding residues. Distortion of the oxyanion hole could be observed in the
inactive form especially in the amide nitrogen of the Gly at �2.
HtrA: structures at a glance
Crystal structures of prokaryotic and eukaryotic HtrA family of

proteins [3–5,7,9,27,28,33,35,46,63,77] have contributed tremen-
dously toward providing molecular cues and understanding the
global functioning of these PDZ containing serine proteases. Pro-
teins of this family share 50–60% sequence similarity and have un-
ique structural organization. However, their resting states and
active forms appear to be quite different, plausibly due to the dif-
ferences in their cellular localization, functions and behavior under
different stress conditions.

Overall structures of the protease domains of HtrA turn out to
be similar with an average r.m.s.d. of 0.611 Å (Fig. 8A). The
r.m.s.d. among HtrAs mainly arise due to structural differences
near the activation domain loops L1, L2, L3 and LA which are in-
volved in the activation cascade. The basic unit of these proteases
is a trimeric structure formed due to close hydrophobic packing
between protease domains of different monomers [53]. However,
loop LA-LA⁄ and PDZ-PDZ⁄ interactions result in the formation of
higher multimers/oligomers.
Oligomeric property. The difference in the multimeric state of the
HtrAs arises due to varied length and conformation of the loop
LA. E. coli HtrA DegP has a long LA loop (residues 36–81) reaching
the active site of the opposite trimer that forms a hexamer [9]
while the other members excluding Lf DegQ form a stable trimer
due to a short LA loop [3–5,7,9,27,28,33,35,46,63,77]. The PDZ-
PDZ⁄ interactions among the members with two PDZ domains
(DegP and DegQ) determine the oligomeric nature of the proteins.
Lf DegQ is dodecamer in solution due to PDZ2 mediated oligomer-
ization with adjacent trimers [35], whereas the E. coli DegQ is a tri-
mer that undergoes conversion to 12-mer or 24-mer complexes by
peripheral PDZ1 domain-mediated contacts on either substrate
binding or under acidic pH conditions [27]. E. coli DegP12 and
DegP24 are formed only transiently, in presence of misfolded pro-
teins [5], whereas Lf DegQ12 assembles irrespective of substrate
binding and represents the major oligomeric species over a broad
range of conditions [35].
PDZ domain: initiator or regulator?

PDZ domains are the protein-protein interaction modules acting
via the conserved GLGF carboxylate-binding motif [90–92]. HtrA
family of serine proteases contain one or two C-terminal PDZ do-
mains. Recent structural insights into HtrA proteases have revealed
that PDZ domains perform a variety of functions. For example, PDZ
domain of E. coli DegS interacts with the C-terminal signal peptides
of OMP and controls the allosteric switch of cellular stress response
pathway [31,32]. In DegP, two PDZ domains function as proteolytic
regulators, acting as gatekeepers of the inner proteolytic-chaper-
one chamber [4,5]. However, in DegQ, PDZ1 and PDZ2 are not re-
Table 2
Distances between the atoms of the catalytic triad of HtrA proteins (in Å).

Protein Ne2(His)–Oc (Ser) ND1(His)–OD1(Asp)

Active Inactive Active Inactive

Ec DegP 3.5 5.7 3.6 3.4
Ec DegS 3.1 4.4 3.5 2.6
Ec DegQ 2.8 3.7 3.2 3.1
Lf DegQ 3.4 3.5 3.3 3.0
Tm DegQ � 3.5 � 3.8
h HtrA1 2.9 9.6 2.4 2.6
At Deg1 3.2 � 3.8 �

Å: Angstrom, Ec: Escherichia coli, Lf: Legionella fallonii, Tm: Thermotoga maritima, h:
Homo sapiens, At: Arabidopsis thaliana.
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lated to the regulatory activity, but are involved in forming higher
order oligomers as described earlier in this review [27,35].

Till date, all well characterized eukaryotic HtrAs have been
found to contain a single PDZ domain. PDZ domain of Deg1 shows
the presence of an additional interaction clamp that mediates mul-
tiple interactions between protease and PDZ domains thus, result-
ing in the formation of a stable hexameric structure. In human
HtrA1, the PDZ domain has been found to be dispensable for its
proteolytic activity [63], whereas in HtrA2, the highly flexible
PDZ domain might act as a regulator of proteolytic activity by
blocking the active site of the trimer [77]. Overall, PDZ domains
are essential modulators of this widely conserved family of HtrA
serine proteases.
Active site conformation: active versus inactive proteases
catalytic triad

Catalytic triad

In serine proteases, hydrolytic cleavage of the peptide bonds oc-
curs when the catalytic triad residues are aligned in a position
close enough for electron transfer from Asp to Ser through His.
The serine –OH group acts as a nucleophile, attacking the carbonyl
carbon of the scissile peptide bond of the substrate subsequently
leading to its cleavage [93].

With the information from the structural database, we aligned
the catalytic triad residues of inactive and active forms of the HtrA
proteases to measure the distances between the Ne2 atom of His
and the Oc atom of Ser for each molecule in the asymmetric unit
and are shown in Table 2 It has been observed that the distance be-
tween the Ne2 atom of His and the Oc atom of Ser in active prote-
ases is <3.5 Å whereas in the inactive form it is >3.5 Å. This might
be crucial in preventing the His to function as a general base to re-
move the proton from active site Ser residue. Therefore, the orien-
tation of the loops that harbor the catalytic triad might render the
protease active or inactive.
Oxyanion hole

Another key factor for proteolysis by chymotrypsin like serine
proteases is the stabilization of a negative charge of carbonyl oxy-
gen in the reaction intermediate (oxyanion hole). This is achieved
by hydrogen bond formation by the amide nitrogen atoms of two
peptide bonds with the protease backbone [93].

The alignment of the residues forming the oxyanion hole in the
active and the inactive forms of the protease is shown in Fig. 8B. In
the active form, the nitrogen atom of the Gly (-2 position) acts a
hydrogen donor to the putative oxyanion hole whereas in the inac-
tive form, it faces out in the opposite direction creating a mal-
formed oxyanion hole.
Activation mechanism

HtrA group of serine proteases form a large family with unique
structural organization and overall low sequence conservation. The
C-terminal PDZ domain of HtrAs is responsible for mediating its
important cellular functions. The resting state of the protease has
a basal activity that is subsequently triggered on activation by mul-
tiple mechanisms. Interestingly, in most of the cases, PDZ domains
act as modulators of HtrA activity by binding to their substrates
which subsequently lead to protease activation. This is performed
either by transforming the inactive resting state to higher order
oligomeric active state (Figs. 2C, 3B, 5B, E and 6B) or by allosterical-
ly transferring the signal from PDZ domain to the mechanistically
important loops (Figs. 4D, 7B and C), thus further re-orienting
the activation loops to form the catalytically active protease.
Concluding remarks

HtrA family of serine proteases has evolved to play a critical role
in protein quality control. In bacterial system, these proteins have
dual chaperone-protease activity whereas in humans they are in-
volved in a variety of physiological functions as well as implicated
in several diseases. In this review, we have carried out an overall
comparison of HtrA proteins from different organisms whose
structures have been solved with an aim at highlighting the impor-
tance of their unique structural signatures and conformational
dynamics in functional diversity.

Although, a lot of studies have been done on bacterial DegP and
DegS and some work on human HtrA2 proteins, a lot more needs to
be done to elucidate their mechanism of action and mode of regu-
lation in the cell. Understanding of the physiological roles of HtrAs
has been limited by the number of substrates that have been iden-
tified till date. Therefore, extensive proteomics and biochemical
studies need to be done to identify and characterize HtrA sub-
strates and binding partners. Moreover, structures of other HtrA
proteins need to be solved to develop an understanding of the
structure-function relationship of the serine protease in general.

Given their involvement in various physiological and patho-
physiological pathways, HtrA proteins have the potential to be
valuable targets for novel therapeutic drugs.

Therefore, high resolution structures of substrate bound HtrA
proteins along with functional studies will be a step forward to-
ward structure-based design of novel molecules with desired char-
acteristics to modulate HtrA activity.
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